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Preface to ”Meiofauna Biodiversity and Ecology”
Meiofauna are small organisms ranging 30–500 μm in body size, inhabiting marine sediments 
and other substrata all over the world, even the most extreme ones. We can find many different 
meiofaunal species in a very small handful of sediment, with the most varied and curious shapes, 
that share peculiar lifestyles, ecological relationships, and evolutionary traits. They contribute 
significantly to the processes and functioning of marine ecosystems, thanks to their high abundance 
and taxonomical diversity, fast turnover and metabolic rates. Some meiofaunal taxa have also 
revealed their considerable utility in the evaluation of the ecological quality of coastal marine 
sediments in accordance with European Directives. Therefore, understanding the distribution 
patterns of their biodiversity and identifying the factors that control it at a global level and in 
different types of habitats is of great importance. Due to their very small morphological characteristics 
utilized for the taxonomical identification of these taxa, the suite of necessary skills in taxonomy, 
and the general taxonomic crisis, many young scientists have been discouraged to tackle meiofauna 
systematics. The papers collected in this book, however, bring together important themes on the 
biology, taxonomy, systematics, and ecology of meiofauna, thanks to the contribution of researchers 
from around the world from the USA, Brazil, Costa Rica, Mexico, Cuba, Italy, Belgium, France, 
Denmark, Russia, Kuwait, Vietnam, and South Korea. This was certainly an additional opportunity 
to build a more solid network among experts in this field and contribute to increasing the visibility of 
these tiny organisms.
A special thanks to Prof. Wonchoel Lee for the wonderful taxonomic drawings of the species 
described in this volume that contribute to make our cover unique.






Editorial for Special Issue “Meiofauna Biodiversity
and Ecology”
Federica Semprucci 1,2,* and Roberto Sandulli 3,4
1 Department of Biomolecular Sciences (DiSB), University of Urbino “Carlo Bo”, 61029 loc. Crocicchia, Italy
2 Fano Marine Center, The Inter-Institute Center for Research on Marine Biodiversity,
Resources and Biotechnologies, 61032 Fano, Italy
3 Department of Sciences and Technologies (DiST), Parthenope University, 80143 Naples, Italy;
roberto.sandulli@uniparthenope.it
4 Consorzio Nazionale, Interuniversitario per le Scienze del Mare (CoNISMa), 00196 Rome, Italy
* Correspondence: federica.semprucci@uniurb.it
Received: 15 June 2020; Accepted: 17 June 2020; Published: 19 June 2020
Abstract: Meiofauna are a component of aquatic environments from polar to tropical regions.
They may colonize all types of habitats and include very enigmatic and exclusive taxa. The biodiversity
of this component in marine ecosystems is far from being accurately estimated, but this would be
a new challenge given the importance that meiofaunal components may play in marine ecosystem
functioning and processes. This Special Issue collects many interesting topics in research on meiofauna
contributing to plugging a gap on several key issues in their biodiversity, distribution, and ecology,
from numerous regions that include the USA, Brazil, French Guiana, Costa Rica, Mexico, Cuba, Italy,
Kuwait, Vietnam, Madagascar, the Maldives, and South Korea.
Keywords: biodiversity; ecology; taxonomy; DNA barcoding; new species; epibiosis; β-diversity;
biological traits; bioindicators; meiofauna paradox
Meiofauna are small organisms (body size range: 30–500 μm) that inhabit seabeds all over
the world, even the most extreme ones [1–3]. They live in and on all types of marine substrata as
well as on other living organisms from invertebrates to vertebrates. Twenty-four of the 35 animal
phyla have at least one representative within meiofauna. In a handful of sediment or in a few square
centimeters, we can find many different meiofaunal species, with the most varied and curious forms,
that share peculiar lifestyles, ecological relationships, and evolutionary traits [1]. Thanks to their
remarkable abundance and biodiversity, their rapid life cycle, and their metabolic rate, they contribute
significantly to the processes and functioning of marine ecosystems [4]. Some taxa have also revealed
considerable utility in the evaluation of the ecological quality of coastal marine sediments in accordance
with European Directives 2000/60/CE and MSFD 2008/56/CE, e.g. [5,6]. Therefore, understanding the
distribution patterns of their biodiversity and identifying the factors that control it at a global level is
of great importance.
Current estimates of the meiofaunal biodiversity level are significantly lacking. There are authors
who even hypothesize that some meiobenthic phyla could have the same level of biodiversity magnitude
as insects in terrestrial habitats [7]. Unfortunately, the minute morphological characterizations utilized
for the taxonomical identification of these taxa, the suite of necessary classification skills, and the
general increase in taxonomic crisis that still discourages many young researchers from field taxonomy
have notably hampered advances in this field of interest. This Special Issue also assumes additional
considerable importance if we consider the crucial role that the terrestrial nematode Caenorhabditis elegans
has held in the history of biology in the last few decades. In fact, this benthic species could represent an
important tool not only for the monitoring and conservation of marine ecosystems, but also as a hidden
treasure trove of new natural products that could represent an advance in the biomedical sector.
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Accordingly, the purpose of this Special Issue was to bring together researchers from around the
world to share their most recent studies on some important themes in meiofaunal biodiversity and
ecology. Many people replied to the Special Issue call from the USA, Brazil, Costa Rica, Mexico, Cuba,
Italy, Belgium, France, Denmark, Russia, Kuwait, Vietnam, and South Korea. This was certainly an
additional opportunity to build a more solid network among experts in this field and contribute to
increasing the visibility of these tiny organisms.
The manuscripts published in this Special Issue cover not only topics in the traditional
morphological taxonomy of meiofaunal groups (Gastrotricha: [8]; Nematoda: [9]; Copepoda: [10,11]),
but also studies combining both morphological and molecular approaches (Gastrotricha: [12];
Nematoda: [13]).
The occurrence of meiofaunal taxa in a wide spatial range is often a mystery because they do
not have pelagic larvae. Some hypotheses have been formulated in the past see [1] and references
therein, but Ingels and co-authors raise some new and interesting insights to explain the so-called
“meiofauna paradox” thanks to a study on the meiofaunal epibionts of loggerhead sea turtles [14].
However, meiofaunal organisms may be themselves a substratum for other smaller benthic groups
(i.e., bacteria or ciliates); in simple terms, biodiversity within biodiversity! In this respect, an extensive
review is included on the ciliate and nematode epibiosis phenomenon with a description of three new
epibiont species and an updated distribution of all the records of nematode-suctoria association around
the world [15]. As reported above, it is fundamental to identify the factors that control meiofaunal
distribution patterns in marine ecosystems under both natural and anthropogenic gradients. Indeed,
the relationship between organic matter, prokaryotes, and meiofauna across a river-lagoon-sea gradient
is investigated in [16]. The role of habitat on the diversity patterns of nematodes in the Cuban
archipelago is also evaluated, taking into consideration not only β-diversity but also biological
traits [17]. Biological traits, if adequately addressed, could represent an additional approach for the
detection of environmental changes [18]. Hard substrata may host a highly diversified meiobenthic
community, but overall, a limited number of papers are present on this habitat type see [19] and
references therein. Gallucci et al [20] further demonstrate, based on work in south-eastern Brazil, that
substrate identity and the surrounding environment are important in structuring smaller meiofauna,
particularly the nematodes. In the Mekong delta system (Vietnam), biochemical component changes
due to dam construction have been investigated revealing a nematode assemblage that has adapted
well to organic enrichment, heavy metal accumulation, and oxygen depletion, but the dam located in
the Ba Lai estuary may potentially continue to drive this ecosystem to its tipping point, underlining
the need for further investigations [21]. Foraminifera may become a consistent part of meiobenthic
communities in marine and transitional environments [22]. Al-Enezi et al [23] document for the first
time the biodiversity pattern of benthic foraminifera from Kuwait Bay and the northern islands in
this area.
Acknowledgments: As guest editors for this Special Issue, we would like to express our gratitude to all the
authors and anonymous reviewers who have contributed new ideas and modern perspectives to meiofauna
research. We also would like to warmly thank the staffmembers at the MDPI editorial office for their support
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Abstract: Epibiosis is a common phenomenon in marine systems. In marine environments, ciliates are
among the most common organisms adopting an epibiotic habitus and nematodes have been
frequently reported as their basibionts. In the present study, we report several new records of peritrich
and suctorian ciliates-nematode association worldwide: from a deep-sea pockmark field in the NW
Madagascar margin (Indian Ocean), from a shallow vent area in the Gulf of Naples (Mediterranean,
Tyrrhenian Sea), in a MPA area in the Gulf of Trieste (Mediterranean, Adriatic Sea), from a mangrove
system in French Guiana (South America, Atlantic Ocean), and from the Maldivian Archipelago.
In addition, three new species of Suctorea from the Secca delle Fumose shallow vent area (Gulf
of Naples) were described: Loricophrya susannae n. sp., Thecacineta fumosae n. sp. and Acinetopsis
lynni n. sp. In the light of these new records and data from the existing literature, we discuss the
suctorian–nematode epibiosis relationship as a lever to biodiversity.
Keywords: epibiosis; ciliophora; suctorea; nematoda; meiofauna; biodiversity
1. Introduction
Epibiosis (greek epi “on top” and bios “life”) is a facultative spatial association between two
organisms: the epibiont and the basibiont [1]. Epibionts are organisms that, during their sessile phase,
remain attached to the surface of a living substratum, while the basibiont provides the support for
the epibiont. Both concepts suggest ecological functions [2,3]. Epibiosis is a common phenomenon
in marine systems and can be considered a direct consequence of surface limitation and/or a wave
Diversity 2020, 12, 224; doi:10.3390/d12060224 www.mdpi.com/journal/diversity5
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turbulence effect that obliges many lightweight organisms to evolve attachment systems to adhere to
hard and relatively stable surfaces (e.g., of other living organisms; [4]). Epibiosis is the evolutionary
result of an interaction between environmental factors and benthic life forms; it is a dynamic process
and the ecological consequences for the basibiont and the colonizer (e.g., bacteria, fungi, algae and
protozoans) can be of different nature (i.e., positive, negative or without effects for the host) depending
on the environmental conditions and on the epibiotic assemblage composition and density [1,3,5].
Direct and indirect interactions among epibionts and with the host, and changing environmental
conditions drive the dynamics of the epibiotic community [1]. Epibiosis can be temporary, i.e., linked to
the seasonal presence of the basibiont and /or epibiont or it can represent a temporary colonization due
to a decrease in basibiont defenses or to its fitness. Epibiosis may modify a number of interactions
between the basibiont and the biotic and abiotic components of the environment [3,5,6]. This is the
reason why epibiosis may act as an ecological lever by modifying and greatly amplifying or buffering
biotic and abiotic stresses [5]. In some cases, epibionts are considered as commensals (e.g., [7]) because
they are not harmful to the hosts; however, some of them can indirectly influence growth, survival rate
and reproductive capability of basibionts, showing a negative impact on their fitness [5,8].
Epibiotic assemblages are rarely species-specific [2], and many colonizers are substratum
generalists. Different basibiont species may also host different epibiotic communities (e.g., [9,10]).
In most investigations, less than 20% of epibionts were reported as restricted to this mode of life,
and less than 5% occur exclusively on one basibiont species [11,12]. Nevertheless, some exceptions were
documented in previous studies (e.g., [7,13,14]) indicating species-specific host-epibiont relationships.
In general, the epibiont must be able to cope with the basibiont lifestyle and its surface properties.
The properties of the basibiont surface, i.e., its consistency, surface ornamentation, the presence of
previous settlers (e.g., biofilms) and the deployment of defenses, determine which of the available
potential epibionts will successfully settle and grow when a suitable substratum becomes available.
Indeed, many basibionts have developed a variety of defense mechanisms to prevent epibiosis or to
remove epibionts: these span from mechanical defenses (e.g., mucus secretion, burrowing behavior,
movement in narrow caves for abrasion and epibiont elimination) to chemical methods (e.g., secretion of
secondary metabolites such as antibacterial or antifungal compounds), if the nature of the relation is
disadvantageous [3,15].
An important component of epibiont communities are ciliated protozoans. These organisms
also constitute a significant component of the overall marine and freshwater ecosystems, and play
an important role in the food chain [16]. Suctorian ciliates, together with peritrichs, are the most
species-rich groups of Ciliophora. They live in all types of water bodies and they are epibionts on
a wide diversity of hosts and substrates. Some species are ectoparasitic or endoparasitic species,
but many of these ciliates are commensals of aquatic invertebrates or vertebrates [17]. Suctorian ciliates
are quite selective by feeding principally on small ciliates, flagellates and amoebae that are captured by
tentacles [17,18].
Many meiofaunal organisms such as Copepoda Harpacticoida, Ostracoda, Halacarida, Tanaidacea,
Kinorhyncha and free-living Nematoda were found to be common basibionts for suctorian and peritrich
ciliates and prevalent across estuarine to marine ecosystems [14,19–21]. However, many aspects of this
relationship need to be clarified: the criteria for the host selection; adhesion mechanisms; the role of
environmental variables in influencing the distribution and diversity of ciliates adhered to meiofauna,
and the ecological significance of epibiont–basibiont interactions across different habitats [21,22].
Nematoda is the most abundant, ubiquitous and diverse meiofaunal marine phylum [23]
and they cover a key ecological role in the ecosystem processes [24]. Thanks to their cuticle
characteristics, often made by a thick and multi-layered collagenous covering, they are ideal basibionts
for many suctorian ciliates (e.g., [22,25]). In particular, nematodes of the families Desmodoridae and
Desmoscolecidae have found to be largely colonized due to the well-developed cuticular ornamentation
that favors the adhesion of epibionts (e.g., [26]).
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In a recent study based on published records, Chatterjee et al. [27] provided a checklist of suctorian
epibionts on meiobenthic marine nematodes. Despite the amount of data presented from different
geographical zones and types of environments, this phenomenon is still largely underestimated and
the nematode-ciliate association might be more common than it actually appears to be. This is mainly
due to three reasons: (i) in papers concerning nematode taxonomy and/or ecology the presence of
epibionts was often overlooked or simply reported without a description of the ciliate(s), their number
and distribution on the basibiont body surface; (ii) the methodology used for nematode extraction
from the sediment (i.e., centrifugation) may induce the loss of some epibionts; (iii) specialists of ciliate
or nematode taxonomy work separately and their focus of research is usually on the taxonomy and
ecology of only one of the two groups. All these aspects have largely hampered a clear comprehension
of this phenomenon.
In the present paper, we reported some new finds of Suctorea from the Secca delle Fumose
shallow vent area (Naples, Italy) and we described three new species. Secca delle Fumose belongs
to the degassing structure offshore of the Campi Flegrei caldera and its biology and ecology has
been investigated only recently [28,29]. We reported also several new records of peritrich and
suctorian ciliates-nematode association worldwide, providing an update of the check-list presented
by Chatterjee et al. [27]. In the light of these new records and the literature data, we discussed the
suctorian–nematode epibiosis relationship as a lever to biodiversity.
2. Material and Methods
2.1. Research Areas and Sampling Strategy
Sediment samples were collected from five different areas located worldwide: a deep-sea pockmark
field in the northwestern Madagascar margin (Indian Ocean), a shallow vent area in the Gulf of Naples
(Tyrrhenian Sea), a MPA area in the Gulf of Trieste (Adriatic Sea), a mangrove system in French Guiana
(South America, Atlantic Ocean), and a coral reef system in the Maldivian Archipelago (Figure 1).
Samples were collected either by a multi-corer (MUC), a manual corer or by SCUBA divers with the help
of manual cylindrical corers (Table 1 for details). Hereafter, we briefly report the main characteristics
of each study area.
 
Figure 1. Sampling locations in the present study (blue dots) and locations in which nematode–ciliate
associations were reported from the available literature (red dots).
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2.1.1. Deep-Sea Pockmark: Madagascar Margin
This study was conducted on the northwestern part of the Madagascar along the Mahavavy slope
to collect samples within a pockmark area (Site 1) and along the Betsiboka slope to collect samples
outside the pockmark (Site 2) (PAMELA-MOZ01 cruise; [32]).
Nematodes with epibiont ciliates were found only at Site 1, which exhibited higher total sulfur
concentrations (up to 4.7%), a lower dissolved oxygen penetration and the presence of CH4 (<1 μM) [33]
compared to Site 2 outside the pockmark. Overall, higher sedimentation rates were observed at Site 1,
with two or three main input events over the last 60 years [34], a period also characterized by a very
high accumulation of total sulfur.
2.1.2. Secca delle Fumose Shallow Vent: Gulf of Naples
The study area of Secca delle Fumose (SdF) is located in the northwestern side of the Gulf of
Naples. SdF is a submarine relief consisting of a network of ancient Roman pillars, among which
thermal vents releasing hot gas-rich hydrothermal fluids (9–14 m water depth range) occurred. In this
study, we selected four sampling sites: one diffusive emission site (H) characterized by the presence of
white microbial mats covering the soft bottom; one geyser site (G) at 65 m distance from the H site,
with surrounding rocky substrate covered by yellow sulphur deposits and with hot water emissions
reaching 80 ◦C at the sediment surface; two inactive sites (CN and CS) located at distance of 100 m
from the active sites H and G. From site H we reported the highest sediment temperature (37.5 ◦C) and
lowest pH value (7.56); site G was characterized by the presence of sulphur ion S2−, a pH of 8 and a
temperature of 29.1 ◦C. From the inactive sites, CN and CS, we detected temperature (21.8 ◦C) and pH
(8.1) values comparable to the background. Nematode with ciliates were only found at sites G, CN and
CS [29].
2.1.3. Marine Protected Area: Gulf of Trieste
The study was carried out at the station C1, which is located ca. 200 m offshore nearby the
outer border of the Marine Protected Area (MPA) of Miramare in the Gulf of Trieste (North Adriatic
Sea). The Gulf is characterized by annual fluctuations of temperature (from 5 ◦C to ≥24 ◦C at the
surface and from 6 ◦C to ≥20 ◦C at the bottom) and in summer the water column is usually stratified.
Sedimentation is mainly controlled by river inputs rather than by marine currents [30]. Only one
individual of nematode with ciliates was found from the sampling station C1.
2.1.4. Mangrove Forests: French Guiana
The study area was located in the vicinity of the Cayenne estuary, French Guiana (South America).
Sediment samples were taken from three stations characterized by the presence of mangrove forests
and situated on river edges in the polyhaline zone at an increasing distance from the Cayenne city.
Station 1 was located near to a wastewater treatment plant which drained the waters from industrial,
commercial and urban areas. Station 2 was located at the intersection between two rivers Cayenne
and Montsinnery and Station 3 was 10 km from the estuary mouth and from the agricultural and
urban environments. 4. Overall, Station 3 in downstream of the Cayenne estuary appeared to be more
preserved from anthropogenic effects than the other two stations. Basibiont nematodes were found at
St. 1 and St. 2 [Michelet et al., under review].
2.1.5. Coral Reefs: Archipelago of Maldives
The archipelago of Maldives is in the Indian Ocean, in the central part of the
Chagos-Maldives-Laccadive Ridge [35]. The archipelago is formed by a single atoll chain in the
northern and southern areas, and by a double atoll chain in the central area. All the Maldivian
sediments are of coralline origin with a range of grain size very heterogeneous and poorly correlated to
the level of hydrodynamic conditions [31]. This is mainly due to the short transport underwent by the
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sediments that are deposited almost immediately after their erosion by the reefs [36]. The archipelago is
dominated by monsoons with southwest to northwestern winds (~225◦–315◦) from April to November
(namely westerly monsoon); and northeast–eastern winds (~45◦–90◦) prevailing from November to
March (e.g., northeastern monsoon) [35]. The samples were collected in the South and North Malé,
and Felidhoo atolls (see [37] for details). A total of 20 sites were investigated: 10 outer (ocean-facing
sides situated on the atoll rim) and 10 inner (lagoon sides of the atoll rim) reefs. Suctorians were found
in the nematodes of the following locations: North Malé atoll, stations M1 and M4 located in two inner
reefs at depths of 40 and 19 m, respectively; South Malé atoll, stations M8 and M9 located in two outer
reefs at depths of 21 and 63 m of depths, respectively.
2.2. Samples Processing
Meiofauna organisms were extracted from the sediments by centrifugation with Ludox colloidal
silica HS-40 [38]. From each sample, the first 100–110 nematodes encountered in the cuvette were
hand-picked, transferred from fixative to glycerol through a series of ethanol-glycerol solutions and
finally mounted on slides in anhydrous glycerin [39]. All nematodes on permanent slides were
identified at the genus level using the pictorial keys of Platt and Warwick [40,41] and Warwick et al. [42],
as well as the original species descriptions and identification keys available through NeMys [43].
An estimation of the percentage of nematode basibionts colonized was calculated based on the total
nematode density in each sample.
The specimens showing epibionts attached to the body wall were isolated for an in-depth
identification of the ciliate species. Measurements of ciliates were made using the program Toup View
3.7 for digital camera.
The terminology and systematic position of suctorian ciliates follow Dovgal [17,44].
A Permanent microscopic slide of the nematode specimen with the new suctorian species is
deposited at REM/EEP/LEP of Ifremer Centre Brest, Brittany, France.
3. Results
3.1. New Records of Associations between Nematodes and Ciliates from Deep-Sea and Shallow Water Systems
The list of new records found in the present study is presented in Table 2; we also reported an
estimated percentage of colonized nematodes at each sampling site, aware that the values may be
underestimated in reality. A total of six genera and twelve species of epibiont ciliates were found
on fifteen nematode genera and four families from five different habitats (Table 2 and Figure 1).
Three ciliate species were recognized as new: Loricophrya susannae n. sp., Thecacineta fumosae n. sp.,
and Acinetopsis lynni n. sp.
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3.1.1. Deep-Sea Pockmark: Madagascar Margin
The highest percentage (15%) of colonized nematodes were reported from the deep-sea pockmark
and only from the station inside the pockmark. All basibiont nematodes belonged to the genus
Desmodora, the most abundant genus found at that station [Sanchez et al., unpublished data] and most
of them were females (35 on a total of 48 specimens). Trematosoma rotunda and Paracineta homari were
the two epibiont suctorian species on Desmodora sp., they were found attached to the middle and
tail/cloaca region (P. homari) and in the head region (T. rotunda) from 1 to 4 individuals. T. rotunda
was already reported as epibiont on Desmodora scaldensis (Supplementary Material, Table S1A; [45])
inhabiting a mangrove system in India, while the suctorian species Paracineta homari (Supplementary
Material, Figure S1A) was reported for the first time as ciliate epibiont on nematodes [27].
3.1.2. Secca delle Fumose Shallow Vent: Gulf of Naples
We found from 2% (inactive sites CN and CS) to 5% (active site G) of nematodes with epibionts from
the shallow vent area Secca delle Fumose (Table 2). Both females and males were found to be basibionts
for ciliates and a minor number of juveniles (16 on a total of 90 nematodes). Basibionts belonged
to ten different nematode genera and three families (i.e., Desmodoridae, Draconematidae and
Epsilonematidae). Desmodoridae was the most represented family accounting for eight genera
(Chromaspirina, Desmodora, Paradesmodora, Perspiria, Polysigma, Pseudochromadora, Pseudodesmodora and
Sygmophoranema), followed by Draconematidae (Prochaetosoma) and Epsilonematidae (Perepsilonema)
with only one genus. Seven species of suctorian ciliates were identified, and three of them are new
species, Loricophrya susannae n. sp., Thecacineta fumosae n. sp., and Acinetopsis lynni sp. n. (Table 2,
see below for taxonomic descriptions). From Secca delle Fumose we also found new associations
between nematodes and suctorians, indeed we reported for the first time Thecacineta calix epibiont on
four nematode genera Polysigma, Pseudodesmodora, Sygmophoranema and Prochaetosoma (Supplementary
Material, Figure S1B–E) and Thecacineta fumosae n. sp. on Perepsilonema. The number of epibionts on
the basibiont varied from a minimum of 1 to a maximum of 12 and they were usually attached along
the entire body length of the nematodes or in the middle–posterior part of the body. Interestingly,
we found nematodes with ciliates from all investigated sediment layers from the top 1 cm until 10 cm
depth and in particular at site G the highest number of basibiont nematodes from the deepest layer
were reported.
3.1.3. Marine Protected Area: Gulf of Trieste
In the Gulf of Trieste, only one nematode (0.2%) showed epibionts along its body (Supplementary
Material, Figure S1F). The specimen belonged to the genus Pseudochromadora (Desmodoridae) and a
total of 19 putative phoronts of Apostomatia (Oligohymenophorea, Ciliophora) were attached to the
nematode along the entire length of its body. This was the first finding of phoronts of Apostomatia
as epibionts on nematode and neither in the recent review by Chatterjee et al. [27] mentioned the
representative of Apostomatia was as a nematode epibiont.
3.1.4. Mangrove Forests: French Guiana
In the mangrove forests of French Guiana, nematodes as basibionts of ciliates ranged from 0.5%
(polluted area) to 2.7% (medium polluted area) of total abundance. Two suctorian (Paracineta homari
and Loricophrya bosporica) and one peritrich (Cothurnia sp.) ciliates were found on specimens of three
nematode genera: Desmodora, Spirinia (Desmodoridae) and Desmoscolex (Desmoscolecidae) (Table 2;
Supplementary Material, Figure S2A) in a number of 1 to 6 along the entire body length or on the tail
region. The associations Desmoscolex–L. bosporica and Spirinia–Cothurnia were not new (Supplementary
Material Table S1; [27]). Differently, the associations Desmodora–L. bosporica (Supplementary Material,
Figure S2B) and Desmodora–P. homari (see above) were reported for the first time in the present study.
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3.1.5. Coral Reefs: Archipelago of Maldives
Five nematode specimens (1%) belonging to four different genera (Paradesmodora, Croconema,
Desmodorella and Echinodesmodora) and one family (Desmodoridae) were found as basibionts for
suctorian ciliates (five different species) inhabiting the coral reefs of Maldives (Table 2). Also in this
study case, the majority of basibiont–epibiont associations were new and never reported before in the
literature (Supplementary Material Table S1; [20,27]): Loricophrya sivertseni [46] and L. stresemanni [46]
were found as epibionts on the same specimen of Paradesmodora (Supplementary Material, Figure S2C);
Paradesmodora/Echinodesmodora–Thecacineta cothurnioides (Supplementary Material, Figure S2D) and
Desmodorella–Paracineta sp. The number of epibionts hosted varied from 1 to 5 and they were mainly
attached to the posterior part of the body of adults.
3.2. Taxonomic Account of Ciliates: Systematic Position
Class SUCTOREA Claparède et Lachmann, 1859
Subclass EXOGENIA Collin, 1912
Order METACINETIDA Jankowski, 1978
Family PARACINETIDAE Jankowski, 1975
Genus Loricophrya Matthes, 1956
Loricophrya susannae n. sp. (Figure 2A,B)
Figure 2. (A) Bright field microscopy image of Loricophrya susannae n. sp. on Chromaspirina from the
shallow vent area of Secca delle Fumose (Gulf of Naples, Italy); (B) drawing of Loricophrya susannae n.
sp. (present study). The black arrows indicating the thin, striated pseudostyle (below) and conical,
bent stylotheca (above).
Etymology: The specific name is in memoriam of Prof Susanna De Zio for her basic contribution
to the taxonomy of marine meiobenthic Tardigrada.
Diagnosis: Suctorian ciliate covered with conical, smooth, transparent, weakly bent, stylotheca.
Pseudostyle short, thin, curved, longitudinally striated (Figure 2A). The cell body entirely covered
by stylotheca, attached to the lorica in the mouth area. There are about 15 thin, flexile tentacles.
Macronucleus ovoid, centrally located.
Morphological description: Suctorian ciliate covered with conical, smooth, transparent,
weakly bent, lorica (stylotheca 70 × 44 μm). The stalk-like protuberance of lorica (pseudostyle 10 μm in
length) is shorter than the lorica itself, thin, curved, provided with longitudinally striae, expanded in
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plate in zone of contact with substrate (Figure 2A,B). The cell body unflattened, entirely covered by
stylotheca, attached to the lorica in the area of aperture. The cytoplasm colorless, contains some dark
inclusions (Figure 2A). There are about 15 thin, flexile tentacles (22–57 μm in length) with characteristic
terminal knobs. Tentacles are evenly distributed at the apical body surface. Macronucleus relatively
large, spherical (18 × 15 μm), centrally located. Reproduction not observed.
Measurements, based on two individuals (in μm): Stylotheca length 70, maximal stylotheca
width 44, pseudostyle length 10, pseudostyle diameter 1, epicone length 6, width 6, body length 52,
body width 36, macronucleus length 18, width 15, tentacle length 22–57.
Differential diagnosis: Genus Loricophrya Matthes, 1956 include 11 species (12, [47]), however the
new species is relative to L. parva (Schulz, 1932), from which differs by presence of thin,
striated pseudostyle and conical (nor urn-like), bent, stylotheca. In addition, in all known representatives
of the genus the cell body is not entirely covered by stylotheca.
Type material: Permanent microscopic slides of nematodes with the new suctorian species were
deposited at REM/EEP/LEP of Ifremer Centre Brest, Brittany, France.
Type locality: Secca delle Fumose, Gulf of Naples, Italy.
Type host: Chromaspirina sp. and Perspiria sp.
Order VERMIGEMMIDA Jankowski, 1973
Family THECACINETIDAE Matthes, 1956
Genus Thecacineta Collin, 1909
Thecacineta fumosae n. sp. (Figure 3A,B)
 
Figure 3. (A) Bright field microscopy image of Thecacineta fumosae n. sp. on Perepsilonema from the
shallow vent area of Secca delle Fumose (Gulf of Naples, Italy); (B) drawing of Thecacineta fumosae n. sp.
(present study). The black arrow indicating the transparent lorica.
Etymology: The species name refers to the locality name, Secca delle Fumose.
Diagnosis: Marine loricate suctorian. Cell body attached to the bottom of lorica. The apical part
of body narrowed, not protruded from lorica aperture. Up to 12 capitate tentacles placed at apical
body surface. Macronucleus spherical, located in the middle of body. Lorica slightly curved, smooth,
transparent, without any ribs. The mouth of lorica is some wider than the rest. Stalk short, curved,
with good developed, conical epicone, which have the same width as bottom of lorica (Figure 3A).
Reproduction not observed.
14
Diversity 2020, 12, 224
Morphological description: Marine. Cell body granulated, colorless, attached to the bottom of
lorica. The basal part of two thirds of the cell body flared, then body to become narrow, but with
weakly enlarged apical part, bearing tentacles. The cell body not protruded from lorica aperture. Up to
12 capitate tentacles (23–33μm in length) evenly distributed at apical body surface. Macronucleus ovoid,
located in the middle of body (Figure 3B). Lorica (82 μm in length and 27 μm in width) slightly curved,
smooth, transparent, without any ribs or striae (Figure 3A). The aperture of lorica (29 μm in diameter)
is some wider than the rest, with somewhat arched annular edge. The stalk (14 μm in length) is
clearly delimited from lorica, short, weakly curved, without any folds or striae, with good developed,
conical epicone, which have the same width as bottom of lorica in the area of contact with them
(Figure 3B).
Measurements, based on one individual (inμm): Lorica length 82, lorica width 27, lorica aperture
diameter 29, body length 78, body width 20, stalk length with epicone 14, diameter 11, maximal epicone
diameter 33, length of tentacles 23–33.
Differential diagnosis: The new suctorian species differs from the relative species as
Thecacineta cothurnioides (Collin, 1909) recorded on harpacticoid copepod Cletodes longicaudatus from
Banyuls-sur-Mer at Mediterranean coast of France [48] and nematode Tricoma sp. from Ratnagiri,
west coast of India, Indian Ocean [49] and Thecacineta urceolata [26] found on nematode Desmodora
pontica from Ludao, Taiwan by its curved lorica, stalk with wide, conical epicone. From other species
of the genus the new species differs by its transparent lorica.
Type material: Permanent slide of the nematode with the new suctorian species was deposited
stored at REM/EEP/LEP of Ifremer Centre Brest, Brittany, France.
Type locality: Secca delle Fumose, Gulf of Naples, Italy.
Type host: Perepsilonema sp.
Subclass ENDOGENIA Collin, 1912
Order ACINETIDA Raabe, 1964
Family ACINETOPSIDAE Jankowski, 1978
Genus Acinetopsis Robin, 1879
Acinetid ciliates with tentacles of two types: hypertrophied, agile, prehensile ones, and regular
feeding (sucking) ones [50]. The body is trapezium-like, laterally flattened, loricate and stalked.
The macronucleus is spherical or ovoid.
In accordance with Dovgal [17], there are three species of the genus: Acinetopsis rara [51] (type
species), A. tentaculata [52] and A. elegans [53].
However, the species found of Swarczewsky [53] on gills of amphipod crustacean Carinurus solskii
from Baikal Lake were not provided with lorica and thus must be excluded from the genus Acinetopsis.
It is Jankowski’s opinion [54] that the species is representative of genus Tokophrya Bütschli, 1899. A.
rara (Figure 4(1)) was found [51] on hydroids from genus Sertularia collected near Concarneau (France).
The ciliate is from 70 to 90 μm (in accordance with [51]), covered with stalked lorica, the height of
which is one third less than its width. The stalk is very thin, 100 μm long. The body is uniformly
granular, greyish, with a small contractile vacuole, a flat apical surface, from the centre of which one
contractible tentacle extends. The body does not reach the bottom of the lorica. As observed by Grell
and Meister [55] the A. rara feeds on representatives of genus Ephelota that is often far greater than
the predator. The sucking tentacles of A. rara are much smaller and bear knobs devoid of haptocysts.
The prehensile tentacles are ordinary in structure but, on the contrary, gigantic, very lively and enriched
with haptocysts [55]. The original figure of Batisse [56] illustrates that, in addition to the central
trapping tentacle, there are two groups of 12–13 thin, short sucking tentacles.
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Figure 4. Acinetopsis rara (1) (modified from Robin, 1879) and Acinetopsis tentaculata (2) (modified from
Root, 1922).
Acinetopsis tentaculata [52] (Figure 4(2)) has a body enclosed in a flattened, cup-shaped lorica,
borne on a slender stalk, of which some are longer than the lorica. The body is irregularly flattened-ovoid
in shape, bearing one or two agile prehensile tentacles and two groups of small sucking tentacles on its
apical surface. The macronucleus is ovoid; there are also one or more micronuclei. A single contractile
vacuole is located near base of the body. Reproduction occurs by endogenous budding.
Measurement (in μm, in accordance with Root, [52]): Lorica length 187, width 105, body length
138, width 100, thick 73, length of stalk 287, extended prehensile tentacle length 500.
Locality: Woods Hole, USA.
Host: Ephelota coronata Wright, 1858 found on hydroids Obelia commissuralis and O. geniculata.
Jankowski [54] believed that the A. tentaculata is a younger synonym of A. rara.
Acinetopsis lynni n. sp. (Figure 5A–D).
Etymology: The specific name is in honor of outstanding protistologist Denis Lynn (1947–2018).
Diagnosis: Suctorian ciliate enclosed in a flattened, narrow, elongate, smooth lorica with short
extended upward stalk. Body attached to the bottom of lorica and fills about two thirds or three fourths
of it. There are two agile hunting tentacles and from three to four short, contractile sucking tentacles.
The macronucleus is ovoid, positioned near foot of the body. Reproduction occurs by endogenous
budding with formation of single protomite (Figure 5A,B).
Morphological description: Marine suctorian ciliate enclosed in stalked lorica. The cell
body is attached to the bottom of lorica, which fills about two thirds or three fours of it.
Cytoplasm colorless and faintly granulated, with numerous inclusions (Figure 5B,C). The apical
body surface, which bearstentacles, is noticeably concave downward. Lorica elongate (49–62 μm
× 17–19 μm), somewhat expanded, slightly flattened, smooth, but with two or three annular striae
on the inside of walls in the top. Stalk short (5–7 μm × 2–4 μm), straight, some extended upward,
very weakly longitudinally striated, with adhesive disc. There are two extremely long (about the same
length as body), agile hunting tentacles (27–46 μm) and from three to four short, contractile sucking
tentacles (5–10 μm × 1–2 μm). Macronucleus ovoid, positioned near foot of the body. Reproduction by
endogenous budding with the formation of single protomite. Protomite relatively large (24 μm × 11
μm), its length makes up more than half of the body length (Figure 5B–D).
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Measurement, based on four individuals (in μm): Lorica length 49–62, lorica width 17–19,
lorica aperture diameter 12–20, body length 36–41, body width 14–18, macronucleus diameter 7–9,
stalk length 5–7, stalk diameter 2–4, prehensile tentacle length 27–46, sucking tentacle length 5–10,
sucking tentacle diameter 1–2, protomite length 24, width 11.
Differential diagnosis: The new species differs from other representatives of the genus by narrow,
elongated lorica, short stalks, and the presence of only three to four contractile sucking tentacles.
In addition, the cell body of the new species does not fill all lorica.
Type material: Permanent slide of the nematode with the new suctorian species was deposited
and stored at REM/EEP/LEP of Ifremer Centre Brest, Brittany, France
Type locality: Secca delle Fumose, Gulf of Naples, Italy.
Type host: Desmodora sp.
 
Figure 5. (A–C) Bright field microscopy images of Acinetopsis lynni n. sp. on Desmodora from the
shallow vent area of Secca delle Fumose (Gulf of Naples, Italy); (D) drawing of Acinetopsis lynni n.
sp (present study). The black arrows indicating the narrow, elongated lorica (B), the short stalk (C) and
presence only a three to four contractile sucking tentacles (D).
3.3. Nematode-Ciliate Association: An Analysis
A total of 22 species of epibionts—among these 20 suctorian ciliates, 1 peritrich ciliate and
1 apostome ciliate—have been reported until now to infest different species of nematodes inhabiting
deep-sea and shallow systems worldwide (Figure 1; Supplementary Material, Tables S1 and S2).
Figure 6 documents the number of nematode basibionts (n. Genus and n. Species) that each epibiont
is able to infest along with the number of habitats (e.g., mangrove forests, coral reef, meadows,
open slope systems, sandy beach, etc.) where those associations were recorded. The graph was built
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up considering all the available literature and the new records from the present study. Thecacineta
calix was the suctorian ciliate with the wider distribution both in term of basibiont genera/species and
kind of habitats, followed by Trematosoma rotunda, Thecacineta cothurnioides, Loricophrya bosporica and
Paracineta homari. All the other ciliates were characteristic of 1 to 2 nematode species or genera and
recovered from 1 to 2 habitats at most maximum.
Figure 6. Number of nematode basibionts (n. Genera and n. Species) for each epibiont ciliate and
number of habitats (n. Habitat) from where these associations have been reported (data from the
literature and present study).
A total of 33 identified species, 23 genera and 5 families of nematodes, have been reported to
be ideal basibionts for ciliates (Supplementary Material, Tables S1 and S3). The family with the
highest number of nematode basibionts was that of Desmodoridae, accounting for 27 identified species,
followed by Epsilonematidae (3), Desmoscolecidae (2), Comesomatidae (1) and Draconematidae (1).
Figure 7 analyzes the nematode–ciliates association, considering the number of epibiont species per
basibiont and the number of habitats where the association was recorded. There were some nematode
genera/species that clearly constituted a more attractive alive substrate for the epibionts (i.e., they can
be colonized by different ciliate species), such as Desmodora sp., Paradesmodora sp., Spirinia parasitifera,
Chromaspirina sp., Pseudochromadora sp., and Tricoma sp. All the other nematodes were found to
be colonized by 1 to 2 ciliate species. The nematode genera that could be basibiont for the higher
number of epibiont species, were reported also from a wide range of habitat types. Moreover, if we
grouped all the habitats in which these associations have been reported in three main categories:
deep-sea/extreme environments, polluted/impacted and pristine environments (see also Table 2 and
Table S1 for details), most of the records were found in pristine areas (e.g., sandy beaches, coastal waters,
seagrass meadows, coral reefs) and deep-sea/extreme environments (e.g., hypoxic/anoxic sediments,
seamounts, open slopes, pockmark areas, hydrothermal vents, deep sediments from Antarctica). Only a
minority of cases were reported from polluted systems (e.g., mangrove forests, sandy beaches near
domestic sewage). The graphs presented in Figures 6 and 7 were realized according to the available
literature and our new records.
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Figure 7. Number of epibiont species for each basibiont and the habitat distribution (n. Habitat) from
where these associations were reported (data from the literature and present study).
4. Discussion
4.1. Nematodes as ‘Promoters’ of Biodiversity
In the present study, we reported three new suctorian species—i.e., Acinetopsis lynni n. sp.,
Loricophrya susannae sp. n. and Thecacineta fumosae sp. n.—as epibionts of four different basibiont
nematode genera (i.e., Desmodora, Perspiria, Chromaspirina and Perepsilonema). Moreover, we also
reported many new interactions between nematodes and ciliates never documented before [27].
In detail, we found the suctorian ciliates Paracineta homari and Paracineta sp. as epibionts of nematodes
from different environments. Until now, P. homari and species of the genus Paracineta were reported as
epibionts of crustaceans such as pagurid crabs [50] and copepods [57]. The same for the representative
of subclass Apostomatia, reported here for the first time as epibiont of Pseudochromadora from the Gulf
of Trieste, but until now found mainly on crustaceans [58].
We also documented the presence of well-known ciliate epibionts of some nematode genera and/or
species colonizing new nematode basibionts. This was the case of the widespread suctorian Thecacineta
calix [20], found here as epibiont on four new nematode basibionts, i.e., Polysigma, Pseudodesmodora,
Sygmophoranema and Prochaetosoma inhabiting the shallow vent area in the Gulf of Naples. This finding
confirmed the ubiquitous nature of this ciliate adapted to different environments and its ability to
colonize many hosts. Loricophrya bosporica, previously reported on the nematodes Desmoscolex cf.
minutus and Metachromadoroides remanei [59,60] inhabiting the polluted anoxic Black Sea sediments
and methane seeps, was reported here on Desmodora from the polluted mangrove forests in French
Guiana. Loricophrya bosporica defined as extremophile [27], showed a wider range of distribution and
number of suitable nematode basibionts. The same consideration could be made for two other species
of Loricophrya: L. sivertseni and L. stresemanni. We found both species sharing the same micro-niche
on the tail of one specimen of Paradesmodora from the Maldivian coral reef. These two ciliates were
reported from Norwegian fjords on Spirinia parasitifera (L. stresemanni) and on other nematodes that
were not identified (L. sivertseni) [25,27].
Thecacineta cothurnioides was previously reported on Chromaspirina sp., C. parapontica and Tricoma
sp. nematodes [21,22,53] from shallow continental shelf and polluted mangrove systems and on
copepods from the Mediterranean coast of France [20]. In the present study, T. cothurnioides was found
as epibiont on Paradesmodora and Echinodesmodora inhabiting the Maldivian coral reef broadening the
geographical range of distribution of this ciliate and their suitable hosts.
Previous findings from the existing literature and new records from the present study,
showed evidences that nematodes are ‘promoters’ of biodiversity for ciliates, a biodiversity of
which we have only a small perception since it remains largely underestimated. Sartini et al. [61]
suggested that freshwater snails could be regarded as a source of biodiversity in limnic environments,
since with their shells they offer a range of microhabitats that peritrich ciliates can occupy. Moreover,
freshwater gastropods show tolerance to a wide range of environmental conditions and they are
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commonly found inhabiting many freshwater systems. Similarly, nematodes constitute a suitable
substratum colonized by new ciliates species and in addition to that, they support new nematode–ciliate
associations in different habitats worldwide. Nematodes are good basibiont candidates, being among
the most abundant, diversified, and ubiquitous meiofauna groups, able to colonize many environments,
from shallow to deep-sea waters and survived in adverse and extreme conditions [23].
It is known that the basibiont highly enhances epibiont dispersal, being a motile living substratum
for sessile marine organisms, and that an epibiont actively selects the colonized species and the
attachment site on the basibiont [62]. Indeed, epibiotic associations represent an excellent framework
with which to examine diversity patterns among geographical regions on a variety of scales [1].
4.2. Advantages and Disadvantages of Nematode–Ciliate Association
The debate is still open on whether for nematodes to be promoters of biodiversity is more of
a cost than a benefit. Previous studies conducted mainly on crustaceans as basibionts for various
epibionts (e.g., [1,3,15,63]), analyzed in detail costs and benefits for both the actors involved in this
association (Table 3).
Epibiosis has a number of effects on both the epibiont and the basibiont, and these include
advantages for the epibiont such as: (i) new available surface to colonize; (ii) dispersal and geographical
expansion; (iii) increase in the supply of nutrients; (iv) protection against predation [3]. In general,
the epibiont must be able to cope with all aspects of the basibiont lifestyle and surface properties,
and, frequently, older individuals or older parts of an individual tend to be more heavily covered by
epibionts [1].
On the other hand, epibiosis can be disadvantageous for the epibiont since the basibiont is a
biologically unstable, variable, and non-durable living organism [1]. Epibionts can be: (i) removed
from the basibiont by abrasion or molt, (ii) exposed to some detrimental host defense, (iii) exposed to
inadequate environmental conditions, and (iv) captured by some basibiont predator [1,3,15].
The nature of epibiont impact on the basibiont is variable and strong context-specific [15]. In some
way, epibiosis can be beneficial for the basibiont by providing: (i) both mimetic protection and
cleansing, (ii) defense mechanisms against predators, and (iii) nutrient flow [3]. On the other hand,
epibiosis disadvantages for the basibiont are numerous (Table 3). Epibionts may: (i) restrict the mobility
of the basibiont, (ii) affect growth and molting, (iii) affect the functions of several organs (e.g., eyes,
gills), (iv) cause an increase in predation risk, (v) compete for nutrients with basibiont, and (vi) mask
the chemical identity of the host [1,3,15]. Wahl [5] sustained that epibiosis acts as an ecological lever by
amplifying or buffering the basibiont–environment interactions (i.e., amplifying or buffering biotic
and abiotic stress). The way the epibiosis influences an interaction may be of two dissimilar kinds:
one called exploitative (i.e., epibiont exerts a stress on the basibiont) and the other called interference
mediation (i.e., the susceptibility of a basibiont may be increased or decreased according to the identity
or quantity of epibionts) [5]. Harder [15], reporting some examples among basibionts such as algae,
molluscs, cnidaria or echinoderms, stated that any potential basibiont must either tolerate epibiosis or
employ some sort of defense against this phenomenon.
Could all these costs vs. benefits listed above be applicable to nematode–ciliate association? If we
consider the costs for the basibiont, they can be all potentially valid for nematodes particularly when
epibiont ciliates exceed a certain number (e.g., Supplementary Material Figure S1F) and/or the size
of a single epibiont is almost equal to the size of the nematode (e.g., Supplementary Material Figure
S2A). Under those conditions, every vital activity of the basibiont may became difficult, for instance:
motility, mating, gas exchange and perception of the external environment, reduction in defense and
competition capacities. This is the case of the exploitative nature of the epibiosis [5].
Harder [15] suggested a variety of beneficial effects for the basibiont induced by the presence of
epibionts (Table 3); however, we think they are hardly applicable in the case of nematodes. The positive
effects of camouflage, or of epibiont mechanisms against predators and associational resistance may
be effective in the presence of a certain number of epibionts covering the basibiont surface; however,
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in the case of nematodes (organisms usually smaller than 0.5 mm) higher is the number of epibionts
greater is the negative effect for the host (= interference mediation; [15]). Our studied case of colonized
nematodes from polluted sediments of mangrove system (French Guiana) could be an example of
ecological lever. Under an environmental stress condition, the vulnerability of the basibionts favored
the epibionts’ colonization amplifying the abiotic stress. Ansari and Bhadury [21] reported a high
number of infested nematodes inhabiting polluted mangrove systems (India). The authors explained
that in such stress conditions nematodes were easily colonized due to a defense lowering, while for
the epibionts, this association was even more advantageous for survivors. The overall feeling is that,
for nematodes, the cost of epibiosis exceeds the benefits.
Table 3. Costs vs. benefits in the epibiont–basibiont relationship of epibiosis (summarized from
Key et al., 1999; Harder, 2008; Wahl, 2009; Fernandez-Leborans, 2010).
(A) Epibiont Effects on Basibiont
Cost Benefit
Change of properties of basibiont surface Epibiont mechanisms against predators
into basibiont–epibiont–water interface that can serve concurrently for the basibiont
Increase friction with the water = decrease Associational resistance
basibiont velocity
Increase predation risk by modifying chemical signals Camouflage
and by increasing the basibiont weight =motility Nutrient flow from epibiont and vitamins
reduction
Decrease the visus of the basibiont and cause Ciliate epibionts adhere to external cuticular
wounds on the cuticle layer of the basibiont with no effect and without
causing any arm = neutral effect
A high infestation makes difficult for the host
to maintain the position into the water and sediment
Harmful energetic cost especially when energy
conditions are limited
Decreased reproduction, growth and survivorship:
epibiont can be a hindrance to mating
Starvation for food competition with epibiont
in the case of sharing of feeding source(s)
Increase basibiont vulnerability to infections
and energy cost for locomotion
Diminish gas exchanges if they colonize
gas exchange surface
Epibionts as cause for stress on basibiont by
compromising the capacity of defense and competition
(B) Basibiont Effects on Epibiont
Cost Benefit
Exposure to inadequate environmental conditions Available surface to colonize on which to live
Removing of epibiont by abrasion or by moult Shock-absorbing substratum
Capture of the basibiont by predator Dispersion of epibiont mobile life stage and gene
flow
Competition with other ciliates attached to the same Free transport for the epibiont
basibiont or with conspecific when abundant
Shared doom with basibiont Protection against predators
Exposure to detrimental host defense Favorable hydrodynamic conditions
Increasing in availability of nutrients for the epibiont
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4.3. The Cost for Biodiversity
Previous authors (e.g., [22,26,64]) suggested that the success of nematodes as basibionts was
related to some of their morphological and physiological features coupled with their lifestyle, to which
the number and type of epibiont ciliates are related.
Among their morphological features, a thick, heavily ornamented or annulated cuticle was reported
as the primary characteristic to be a suitable basibiont nematode for ciliates [27,65]. This characteristic
presents in certain nematodes body surface shows a similitude with the calcified body surface of many
crustaceans, usually reported as good habitat for epibionts [8,16].
Similarly, all nematode genera we found with ciliate epibionts presented the typical thick
ornamented cuticle. We reported nematodes usually found as basibionts for ciliates (e.g., Desmodora,
Desmoscolex, Perepsilonema) and new colonized genera (e.g., Polysigma, Pseudodesmodora, Sygmophoranema
and Prochaetosoma) increasing the number of ‘available’ nematode basibionts and the perception that
this number can be even higher.
The importance of the cuticle for the epibiont settlement was confirmed once we considered the
Secca delle Fumose (Gulf of Naples) case study. We reported colonized nematodes from all sites,
with the only exception being the active site H, dominated by Oncholaimus and followed by Daptonema.
Both these nematodes presented a thin, smooth or weakly striated cuticle. It is also true that site H
presented the highest temperature and lowest pH values, conditions that might be conducive to the
survival of ciliates. Nevertheless, is well known the existence of suctorian ciliates that can survive
under extreme conditions [27,59]. Indeed, we think that it was the absence of ‘good’ basibionts,
instead of the environmental conditions, that consequently determined the absence of the epibionts [8].
If the properties of the body surface play a crucial role in most interactions between nematodes
and ciliates, for nematodes it represents one of the highest prices to pay—particularly when the
epibionts are of a conspicuous number. In nematodes, the cuticle is involved in many vital functions:
exchange of gasses and nutrients, info-chemicals and defense metabolites, mediation of many processes
of recognition of an organism by a partner, a parasite, an epibiont or predator, transmission of
many types of biotic and abiotic stress [66]. The properties and functions of this interface may be
modified substantially by the presence and activities of epibiotic communities, with consequences
for its interaction with the environment and for the relative fitness of the host organism [5]. In our
samples, we reported a number of epibionts per nematode ranging from 1 to 19. If we consider that all
our nematodes showed a length less than 500 μm and ciliates’ length was ≥30–40 μm, it is reasonable
to think that in a number of 2–3 epibionts start being a cause of stress for the basibiont. In a number
exceeding 5–6 epibionts, we think that the condition of stress was even increased due to a significant
increase in the energetic demand of individuals for locomotion [8].
At the cuticle level, there is mucus production that characterizes many of the basibiont nematodes.
Mucus production and the release of other physiological secretions/excretions enhance the attachment
of bacteria and food particles on the basibiont body surface and ciliates may take advantage of this
available direct or indirect food source [25]. For instance, the desmoscolecid nematodes, in adults,
possess an annulated body cuticle covered with a fine granular substance (which may be a secretion)
and imbedded mineral particles and aggregations of bacteria [67]. Nevertheless, the use of bacteria
and particles as food sources for ciliates may be strictly linked to the feeding strategy of the epibiont.
Since the majority of ciliates found as epibionts on our nematodes were predator suctorian ciliates,
the theory of ciliates feeding on the nematode body surface may be hardly attributed to these
epibionts [18,27]. What is certain is that the attachment on a living mobile body surface—like that of
nematodes—highly facilitates the ciliate feeding [3,5].
The position of the epibiont may be linked to several factors, such as burrowing behavior,
locomotion, the presence of chemical inductors, bacterial exudates, pH and microtexture [5]. Moreover,
the area along the body devoted to the secretions/excretions release such as cloaca, anus and vulva
regions has been found to attract the epibionts and often their settlement occurred around those body
regions (e.g., [58]). It has been hypothesized that these attachment preferences may be connected
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with the mode of reproduction of some ciliates (i.e., vermigemmic budding) with a migratory stage
unable to swim [27,58]. We found that half of the studied basibiont nematodes were colonized on
the posterior body region (anus-cloaca) and on the vulva region; however, in all the other cases,
ciliates were attached everywhere on the body as previously reported [21,26,64]. We also noticed
that the majority of basibionts were adult nematodes, as reported from other authors (e.g., [26,68]),
which may be explained by an epibiont strategy to avoid molt and with no distinction between sex.
The role of gender and maturity stage (adult vs. juvenile) in the selection criteria by an epibiont
remains yet to be clarified [21].
As for the living mode of nematodes and their ability to penetrate into the sediment,
Chatterjee et al. [27] reported that available data on epibiont ciliates on nematodes living in the
deeper sediment layers are very few. Surprisingly, we found colonized nematodes until the deepest
layers (5–10 cm) in a number comparable with colonized nematodes inhabiting the upper sediment
layers. However, in this case, we can hypothesize a damage for the epibionts due to abrasion—a
mechanical defense [3] probably also adopted by nematodes against the epibionts.
Mikac et al. [7] defined the association between peritrich ciliates and polychaetes as
ectocommensalism—where the ciliates have the advantages of increased food availability but the
polychaetes do not have any benefits and are not harmed. Authors stated that the major advantage
which ciliates gain from being associated with a motile substratum is increased food availability,
assured by the free transport to a variety of habitats, and by increased water flow. Similarly, Key et al. [63]
defined the relationship between blue-crab and bryozoa as ‘phoretic’. Phoresis, or phoresy, it is used to
describe a non-permanent, commensalistic interaction in which one organism attaches itself to another
(the host) solely for the purpose of travel. Actually, we think that the ciliate–nematode relationship
cannot be defined, neither as ectocommensal nor phoretic, since the cost for carrying this diverse
population of ciliates appears high for the basibiont. We are aware that further investigations are
needed to analyze the effects for the basibionts in depth.
Very little is known about nematode mechanisms of defense. As mentioned above, we can
suppose that abrasion may be a strategy to remove epibionts when they move deeper into the sediment.
Only recently, new researches have started and are developing, focused on the nematode immune
defenses [69]. We know that nematodes can produce several classes of AMPs (antimicrobial peptides) as
natural response to fungal, bacteria and yeast attack [70]. Moreover, some AMPs’ gene expressions were
specifically found at the epidermis level to avoid the infection of certain spores [69]. Many nematodes
produce AMPs, but neither their activity nor relative gene expression have been investigated for
most of them. Understanding how different nematode species defend themselves against potential
pathogens in their environment(s) requires the characterization of the defense molecules from each
species [70]. The presence of AMPs involved in the defense against ciliate epibionts is quite probable,
but for now with no specific, supporting data.
4.4. Host–Epibiont Species–Specificity and the Environment
Epibiotic relationships are rarely species-specific [1], nevertheless, that is not confirmed for
polichaete–peritrich ciliate relationships since species-specific relationships were documented [7,13].
Results of the present study and of the literature highlighted that the majority of ciliates have been
reported as epibiont on only one genus and/or species of nematode and with a limited range of
distribution (Figure 6). Nevertheless, eight species of ciliates were found colonizing different nematode
species, and Thecacineta. calix confirmed its ability to colonize a wide number of hosts also among
nematodes (22 species of nematodes) and to inhabit different kind of environments [20]. Talking about
a host species-specificity may also be premature at the moment in cases of ciliates found only on one
nematode, considering the scarcity of data. However, we can confirm that most of the suctorian species
we report in this study were found only on nematodes [27], with the only exceptions being T. calix and
Paracineta homari. At the genus level, we reported two ciliates that were also found on other hosts (i.e.,
crustaceans): Acineta, and Cothurnia [8] even with different species.
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Conversely, looking at a possible epibiont species-specificity (Figure 7) for the basibiont,
we reported the same result: most nematodes were found to be basibiont only for one epibiont
species and only a few nematodes could recruit different epibionts in different environments. It has
been proved that processes of colonization are mediated by specific settlement cues (e.g., surface features)
and biogenetic signals from the basibiont [15].
Environmental conditions are also important in favoring (or not favoring) epibiotic relationships [5],
since they can determine the presence or absence of the host and/or of the epibiont, as well as enhance
the colonization process. From this research, we reported nematode–ciliate relationships from extreme
shallow-water and deep-sea environments to impacted and pristine systems, and spanning different
geographical areas: the results support the idea that this association might be highly common and
diversified in nature. Our study added three new species of suctorian ciliates epibionts on nematodes,
pointing out nematodes as a living biotic substrate source of diversity.
In conclusion, our analysis and results suggest that the nematode–ciliate relationship deserves
further investigation to elucidate all aspects of this association: diversity, costs and benefits for the
basibiont and epibiont, and the ecological meaning of this phenomenon. Subsequently, we can think to
apply the epibiosis in the environmental monitoring.
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(B) Loricophrya bosporica on Desmodora sp. from mangrove forests (French Guiana); (C) Loricophrya sivertseni and
L. stresemanni on Paradesmodora sp. from Maldivian coral reefs; (D) Thecacineta cothurnioides on Echinodesmodora
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species colonized by each ciliate and the number of habitats where these associations were documented. Table S3:
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Abstract: A new harpacticoid copepod is described from the waters off Jeju Island, Korea. This species
displays a unique set of characteristics including a rostrum that is clearly demarcated from the
cephalosome, a setular (spinular) row on the rostrum, a well-developed frill along the posterior
margins of each body segment except for the cephalosome, long and cylindrical caudal rami, four
segmented female antennules, paired genital apertures in the female, the absence of sexual dimorphism
in legs P1–P4, and highly reduced P5 and P6 in the male. This combination of characteristics allocates
the specimen to the family Nannopodidae Por, 1986, but the new species belongs to none of the extant
genera within the family. A new genus, Doolia, is proposed. Nannopus is suggested as a sister taxon
of the new genus based on shared plesiomorphic characteristics in the maxilliped, legs P1–P4, and
P5. Doolia gen. nov. is the eighth genus of Nannopodidae, and an amended key for the genus is
provided herein.
Keywords: taxonomy; huntermaniidae; cletodidae; rhizotrichidae; Nannopus; meiofauna
1. Introduction
The family Cletodidae sensu T. Scott, 1904 has been recognized in previous reports as being
potentially the most heterogenous harpacticoid family [1]. Lang [2] recognized several lineages
within the family, although he did not take any action on the subject. Por [1] revised and redefined
the family Cletodidae T. Scott, 1905, establishing four new families: Paranannopidae Por, 1986,
Huntemanniidae Por, 1986, Rhizotrichidae Por, 1986, and Argestidae Por, 1986. Among Por’s new
families, Huys [3] synonimized Huntemanniidae with Nannopodidae Brady, 1880. Consequently, two
genera, Metahuntemannia Smirnov, 1946 and Talpina Dahms & Pottek, 1982 were re-allocated to the
subfamily Hemimesochrinae Por, 1986 in the Canthocamptidae Brady, 1880 based on their affinities
with genera including Bathycamptus Huys & Thistle, 1989, Micropsammis Mielke, 1975, Isthmiocaris
George & Schminke, 2003, and Perucamptus Huys & Thistle, 1989 [4].
Currently, Nannopodidae includes about 25 valid species in seven genera: Nannopus Brady, 1880,
Pontopolites T.Scott, 1894, Huntemannia Poppe, 1884, Rosacletodes Wells, 1985, Laophontisochra George,
2002, Acuticoxa Huys & Kihara, 2010, and Talpacoxa Corgosinho, 2012.
During a study of the harpacticoid copepods in Korean Waters, a nannopodid-like copepod
was collected; however, the specimens could not be allocated to any extant genera in the family
Nannopodidae. The present study aims to describe this new taxon and establish a new genus based on
the current specimens from Korea.
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2. Materials and Methods
Specimen Collection and Morphological Examinations
Samples were collected at one site, A5 (34◦00′ N, 123◦30′ E), among 18 field sites off the coast
of Jeju Island, South Korea from 24 September to 3 October 2002 (Figure 1) by the R/V Ara (Jeju
National University) [5]. Sediments were collected with a box corer, and five replicates were taken
from each box corer. Three replicates were used for analyses of meiofauna. Organisms were extracted
from sediments by a Ludox-Am. Copepods were sorted under a dissecting microscope and stored in
70% ethanol. Dissections were applied to the specimens in lactic acid and the dissected appendages
were mounted permanently on slides in lactophenol mounting medium. Preparations were sealed
with transparent nail varnish. Each appendage was observed and drawn under an Olympus BX51
differential interference contrast microscope using a drawing tube. The descriptive terminology is
adopted from Huys et al. [6]. Abbreviations are A1, antennule; A2, antenna; ae, aesthetasc; exp, exopod;
enp, endopod; P1–P6, first to sixth thoracopod; exp(enp)-1(2, 3) to denote the proximal (middle, distal)
segment of a ramus [6]. Specimens were deposited in the National Institute of Biological Resources
(NIBR), Korea, and in the Marine Biodiversity Institute of Korea (MABIK). All scale bars in the figures
are in μm.
 
Figure 1. A map of the sampling location (reconstructed from [5]).
3. Systematic Account
Subclass Copepoda Milne Edwards, 1830
Order Harpacticoida Sars, 1903
Family Nannopodidae Por, 1986
3.1. Genus Doolia, gen. nov.
http://zoobank.org/urn:lsid:zoobank.org:act:2D8B250F-51BF-4DA8-AF59-965E25C72E0B
Diagnosis. Cylindrical body densely covered by denticles. Caudal rami cylindrical with six caudal
setae and one large pore. Anal operculum well-developed with a spinular row along distal margin.
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Rostrum defined at base, with a pair of sensilla and a row of long spinules along anterior margin.
Antennule four-segmented. Antenna three-segmented with one-segmented exopod. Mandibular
palp well-developed with one segmented exopod and endopod. Maxillary syncoxa with two endites.
Maxilliped subchelate. Swimming legs P1–P4 with three-segmented exopods and two-segmented
endopods. Female P5 fused medially, with separate exopod. P6 with two naked setae in female. Sexual
dimorphism in urosome, antennule, P5, and P6. No sexual dimorphism in swimming legs. Male
antennule eight-segmented, subchirocer. Male P5 baseoendopod fused with exopod, and represented
by several setae. Male P6 represented by a small plate without ornamentation.
Type species: Doolia ara sp. nov. by original designation and monotype.
Etymology. The new genus was named after a famous cartoon character, “Dooly,” a baby dinosaur
created in 1983 in Korea.
3.2. Doolia ara, sp. nov.
Figures 2–7
http:/zoobank.org/urn:lsid:zoobank.org:act:5CABF7A6-2762-4784-92F3-0E1182D2FCD4
Type locality. Muddy sand substratum, station A5 (34◦00′ N, 123◦30′ E), off Jeju Island, the south
west coast of Korea.
Material examined. Holotype 1♀(NIBRIV0000862381) dissected on seven slides. Paratypes:
three♀♀and two♂♂; 2♀♀(MABIK CR00246523 – 4) on five slides, 1♂(MABIK CR00246525) on seven
slides, 1♂(NIBRIV0000862382) on six slides, and 1♀(NIBRIV0000862383) in 70% ethanol, all from the
type locality, depth 66 m, collected by Y.H. Song and E.J. Nam during 24 September to 3 October 2002.
Etymology. The specific name refers to “Ara”, the research vessel of Jeju National University, in
appreciation of the crew and Prof. Joon Baek Lee (Jeju National University). Gender, feminine.
Female. Total body length: 239 μm (measured from anterior margin of rostrum to posterior margin
of caudal rami). Largest width measured at posterior margin of cephalic shield: 63 μm. Urosome
gradually tapering posteriorly (Figure 2A).
Cephalothorax with serrulated posterior margin. Pleural areas rounded without lobate
posterolateral angles. Entire surface covered with tiny denticles as illustrated [expressed as dots] in
Figure 2A,B. Sensilla and a few pores are present as illustrated in Figure 2A,B.
Rostrum triangular-shaped (Figure 2A,C), broad at base, round anterior margin, clearly separated
from cephalosome, and with a pair of sensilla and a row of long spinules along median anterior margin.
Pedigerous somites covered with minute denticles. Prosomites from P2-bearing to P4-bearing
with well-developed, comb-shaped hyaline frills.
Urosome (Figures 2A,B and 3B,D ) five-segmented, comprising P5-bearing somite, genital
double-somite and three free abdominal somites. All urosomites covered with small denticles dorsally
and ventrally and with well-developed hyaline frill along the hind margin. Genital double-somite
(Figures 2A,B and 3B) without distinct dorsal surface ridge but with a thick internal cuticle layer
indicating original segmentation; completely fused internally and externally. Genital field located near
anterior margin (Figure 3B) with a large copulatory pore located in a median depression (Figure 3B).
P6 with a small protuberance bearing two bare setae, inner seta longer than outer seta, and with a
small pore next to Inner seta. Anal somite (Figure 3D) quadrate with well-developed operculum;
opercular distal margin with a row of long spinules, and flanked by a pair of sensilla. Caudal rami
(Figure 3B,D) long, cylindrical, three times longer than it is wide; each ramus with six setae: seta I bare,
shortest; setae II bare and long; seta III absent, or presumably represented by one large pore on dorsal
distal surface; setae IV and V separated basally; seta VI bare and small; seta VII tri-articulate at base.
Each ramus with spinules on entire surface; additional spinular rows along distal margin.
Antennule (Figure 3A) four-segmented. Segment 1 with a row of long spinules on anterior surface.
Segment 2 the largest. Segment 3 with aesthetasc fused basally to one long plumose seta. Armature
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formula: 1-[1 pinnate], 2-[8 pinnate], 3-[6 pinnate + 2 bare + (1 pinnate + ae)], 4-[4 pinnate + 4 bare +
trithek]. Apical trithek consisting of small aesthetasc fused basally to two setae (1 bare, and 1 pinnate).
Figure 2. Doolia ara gen. et. sp. nov. holotype female. (A), habitus, dorsal; (B), habitus, lateral; (C),
rostrum, dorsal.
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Figure 3. Doolia ara gen. et. sp. nov. holotype female. (A), antennule; (B), urosome (excluding P5
bearing somite), ventral; (C), P5, anterior; (D), anal segment and caudal rami, dorsal.
Antenna (Figure 4A) three-segmented, comprising coxa, allobasis, free one-segmented endopod
and one-segmented exopod. Coxa small (not figured). Allobasis without distinct surface sutures
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marking original segmentation; with abexopodal pinnate seta on median inner margin and a row of
setules along outer margin. Exopod small, about twice as longer as it is wide, with four well-developed
pinnate setae and few spinules along outer margin. Endopod slightly shorter than allobasis, lateral
armature arising in distal half, consisting of two strong pinnate spines; apical armature consisting
of one strong pinnate spine, two pinnate, and two geniculate setae; with two rows of long spinules
laterally; apical outer most spine basally fused to one tiny seta.
Mandible (Figure 4B) with well-developed gnathobase bearing several multicuspidate teeth
around distal margin and one slender spine at dorsal corner. Palp well-developed. Basis with one
plumose seta. Endopod one-segmented, rectangular with one lateral plumose seta, four naked apical
setae, and one row of spinules along apical margin. Exopod one-segmented, cylindrical with one
naked apical seta.
Maxillule (Figure 4D). Arthrite strongly developed, with two naked setae on anterior surface and
eight spines/setae around distal margin and a row of spinules on posterior surface. Coxa with one
short cylindrical endite bearing one long naked seta. Endopod and exopod incorporated into the basis,
with three naked setae apically, and one plumose and four naked setae laterally.
Maxilla (Figure 4C). Syncoxa with two endites and a row of long spinules along outer margin.
Each coxal endite cylindrical; proximal endite with two pinnate spines; distal endite with one naked
and two pinnate spines. Allobasis drawn out into strong, slightly curved claw; endopod represented
by two naked setae on anterior surface.
Maxilliped (Figure 4E) with one plumose seta and one row of spinules on syncoxa. Basis with
one row of tiny spinules along palmar margin. Endopod one-segmented with long, curved, coarsely
pinnate claw, and one naked slender seta.
Legs P1–P4 (Figure 5A,B and Figure 6A,B) with well-developed intercoxal plates and praecoxae
bearing row of spinules along distal margin near borderline with each related coxa. Coxae and bases
with surface ornamentations of spinules as figured. All legs P1–P4 with three-segmented exopods, and
two-segmented endopods.
P1 (Figure 5A). Coxa moderate, with long spinular rows as figured. Basis with one strong,
bipinnate inner and one stout, unipinnate outer spines. Anterior surface covered with spinules as
figured. Exopod longer than endopod; exp-1 and exp-2 with unipinnate spine, respectively; exp-3
longest with two unipinnate spines and two plumose setae. Enp-2 about three times longer than
enp-1; enp-1 without spine or seta; enp-2 with row of long setules along outer and inner margins; two
terminal plumose setae on enp-2 fused basally, inner one more than three times longer than the outer.
P2–P4 (Figures 5B and 6A,B). Coxae and bases ornamented with spinular rows along outer or
distal margins and anterior surface. Outer margin of basis producing a setophore armed with pinnate
spine (P2) or naked seta (P3–P4) at each distal end. All segments with rows of spinules along inner and
outer margins as figured. Endopod segments of P2–P3 with long setules or spinules alonge inner and
outer margins. P4 endopod without setula ornamentations. P2 enp-2 three times longer than enp-1,
endopod reaching to proximal area of exp-3, and exp-3 longest. P3 enp-2 2.5 times longer than enp-1,
endopod reaching to middle of exp-2, and exp-1 largest. P4 endopod small, enp-2 2.3 times longer
than enp-1, endopod reaching to middle of exp-1, and exp-3 longer than exp-1.
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Figure 4. Doolia ara gen. et. sp. nov. holotype female. (A), antenna; (B), mandible; (C) maxillule; (D),
maxilla; (E), maxilliped.
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Figure 5. Doolia ara gen. et. sp. nov. holotype female. (A), P1, anterior; (B), P2, anterior.
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Figure 6. Doolia ara gen. et. sp. nov. holotype female. (A), P3, anterior; (B), P4, anterior.
37
Diversity 2020, 12, 3






P5 (Figure 3C) fused medially, and exopod and baseoendopod separate; each covered with minute
spinules as figured. Baseoendopod with a long outer setophore bearing one plumose basal seta.
Endopodal lobe only reaching to middle of exopod, with five pinnate setae; second outermost seta
longest; a row of spinules along distal margin. Exopod small, slightly longer than wide and with one
naked and three pinnate setae.
Male. Body length 243 μm. Largest width measured at about median area of cephalic shield: 61
μm. Urosome gradually tapering posteriorly (Figure 7A).
Cephalothorax with serrulated posterior margin. Pleural areas well-developed and rounded
without lobate posterolateral angles. Entire surface covered with tiny denticles as in female. Sensilla
present as illustrated in Figure 7A.
Rostrum triangular-shaped (Figure 7A,E), broader than in female, smooth anterior margin, clearly
separated from cephalosome, and with a pair of sensilla and a row of long spinules along entire anterior
margin (only along median apical margin in female).
Urosome (Figure 7A) six-segmented, comprising P5-bearing somite, genital somite and four
abdominal somites. All urosomites covered with small denticles dorsally and ventrally and with
well-developed hyaline frill along the hind margin.
Antennule (Figure 7B) eight-segmented and subchirocer with geniculation between segments 5
and 6. Segment 1 with a row of coarse and widely spaced spinules. Segment 2 the largest. Segment
4 represented by a small sclerite along anterior margin of segment 3. Segment 5 swollen with one
well-developed large aesthetasc. Segment 7 with three-dimensional process as figured in Figure 7B.
Segment 8 with triangular distal half. Armature formula: 1-[1pinnate], 2-[7 pinnate], 3-[5 pinnate], 4-[1
pinnate], 5-[1 + 6 pinnate + (1 pinnate + ae)], 6-[0], 7-[2 modified process], 8-[6 + 1 pinnate + trithek].
Apical trithek consisting of a minute aesthetasc and two naked setae.
P5 (Figure 7D) fused medially, defined at base, and whole surface covered with minute spinules.
Baseoendopod with a long, cylindrical setophore bearing one plumose outer basal seta. Exopod fused
to endopod and represented by three pinnate setae. Minute and coarse spinules on anterior surface.
P6 (Figure 7C) asymmetrical, represented on both sides by a small plate without any additional
ornamentation: fused to ventral wall of supporting somite along right side, articulating at base and
covering gonopore along left side.
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Figure 7. Doolia ara gen. et. sp. nov. paratype male. (A), habitus, dorsal; (B), antennule; (C), urosome
(excluding P5 bearing somite); (D), P5; (E), rostrum, dorsal.
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4. Discussion
The new species displays interesting characteristics: the basally-defined rostrum, the
well-developed mandibular palp with one segmented exopod and endopod, the presence of a
seta on the maxilliped syncoxa, three segmented exopods and two segmented endopods in P1–P4,
and the separate exopod of P5 in the female. The family Nannopodidae Por, 1986 could harbor the
combination of these character sets based on character comparisons (Table 1). Among the seven extant
genera of the Nannopodidae, Nannopus Brady, 1880 is the only member having the rostrum fused to
the cephalothorax, while all other genera have basally-defined rostrum, as in the new species (Table 1).
The new species, Pontopolites T. Scott, 1894, and Talpacoxa Corgosinho, 2012 have a separate exopod on
the mandibular palp, but in other genera, these are absent (Nannopus, and Huntemannia Poppe, 1884)
or represented by a single seta (Rosacletodes Wells, 1985, Laophontisochra George, 2002, and Acuticoxa
Huys & Kihara, 2010). The maxilliped syncoxa has a pinnate distal seta in the new species, as well as
in Nannopus, Huntemannia, and Rosacletodes, while it is absent in Pontopolites, Laophontisochra, Acuticoxa,
and Talpacoxa. The segmentation of P1–P4 in the new species is the most conservative state within
the family, while Rosacletodes displays the most derived state with degenerated, or simply absent
endopods in P2–P4. Finally, in the new species the P5 exopod of the female is clearly separated from the
baseoendopod as in Huntemannia, Rosacletodes, Laophontisochra, Talpacoxa, and most Nannopus species.
These five characters are suggested here as plesiomorphies of the Nannopodidae, and consequently,
the new genus forms a basal group with Nannopus and Pontopolites within the family.
Doolia ara gen. et sp. nov. is the probable sister genus to Nannopus due several common
plesiomorphic characteristics: the anterior spinular row on the apical margin of the rostrum, the
presence of a single seta on the maxilliped syncoxa, the three-segmented exopod in P1—P4, a maximum
two-segmented endopod in P1–P4, and the separate P5 exopod from baseoendopod in the female.
However D. ara also has autapomorphies separating it easily from Nannopus: the four-segmented
antennule in the female (five-segemented in Nannopus), the single abexopodal seta on the antennary
allobasis (two abexopodal setae in Nannopus), no inner seta on the exp-2 in the exopods of P1–P4
(always present in P2–P3 of Nannopus), no sexually-modified P3 endopod in the male (apophysis
present in Nannopus), and no seta on the P5 endopodal lobe in the male (3–4 setae in Nannopus) [7].
Pontopolites forms the basal group in Nannopodidae, with Doolia and Nannopus having primitive
characters: the well-developed and defined triangular rostrum, the one-segmented mandibular exopod,
the three-segmented exopods in P1–P4, and the two-segmented P1 endpod. Furthermore, this genus
has a six-segmented antennule in the female, and the most primitive two-segmented antennary exopod
(Table 1). As pointed out by Karanovic and Cho [9], Pontopolites are isolated from two other genera
by having one plated P5 in both sexes. Acuticoxa also has a similarly-shaped P5 in the female [4].
The other genera, Huntemannia, Rosacletodes, Laophontisochra, Acuticoxa, and Talpacoxa have reduced
segmentation in the legs (Table 1). Huntemannia, Rosacletodes, and Talpacoxa have sexual modifications
in the male P3 endopod. Laophontisochra is the only genus having no sexual modification in the legs,
except for Doolia. The male of Acuticoxa, and the status of modification in the legs are unknown.
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In addition, Doolia gen. nov. has superficial similarities with Rhizothrix Sars G.O., 1909, and they
share the following character sets: the presence of pinnate setae on the antennule and its segmentation,
the segmentation of exopods and endopods in P1–P4, lack of sexual dimorphism in legs P1–P4, and
lack of ornamentation on P6 in the male. Tryphoema Monard, 1926 shares similar characters with
Doolia except for the segmentation of the legs [14]. Based on previous reports [15] and the present
study, Rhizothrix has clear discrepancies from Doolia: clearly separated rostrum with anterior row of
long setules (spinules) in Doolia ara (fused to cephalosome and lacking the spinules in Rhizothrix), the
well-developed comb-shaped hyaline frill on the body somites in D. ara (all frills serrulate in Rhizothrix),
the long and cylindrical caudal rami in D. ara (short and robust, or ovoid in Rhizothrix), absence of the
brush setae in the exopod and endopod in P1 in D. ara (present in Rhizothrix), and presence of setae on
the P6 of female in D. ara (absent in Rhizothrix).
Similarities between Doolia and Rizotrichidae are probably the result of parallel evolution; however,
this hypothesis should be tested with additional molecular evidence in further studies. There are
no related studies of lineages of Nannopodidae based on molecular data, except for an intrageneric
discussion of Nannopus [16]. There are a few scattered reports of molecular data for presumably related
families, Cletodidae [17] and Laophontidae [18]. Unfortunately, I was unable to rescue any DNA
markers for the new species. However, the phylogenetic relationships among genera in Nannopodidae
could potentially be confirmed by molecular data in a future study.
Key to genera of Nannopodidae Por, 1986 amended from [4]
1. Exopods of P2–P4 three-segmented . . . 2
Exopods of P2–P4 two-segmented . . . 4
2. Rostrum bell-shaped, anterior margin with multiple rows of long setules; P1 endopod distinctly
shorter than exopod; P2 endopod two-segmented . . . 3
Rostrum triangular, without setular ornamentations; P1 endopod extending beyond distal margin
of exp-3; P2 endopod one-segmented with one apical seta . . . Pontopolites T.Scott, 1894
3. Antennule ♀five-segmented; P2 enp-2 with 2–3 setae; P3 endopod ♂with apophysis . . . Nannopus
Brady, 1880
Antennule ♀five-segmented; P2 enp-2 with one seta; P3 endopod ♂with no modification . . . Doolia
gen. nov.
4. Antennary exopod one-segmented; P1 exopod one-segmented . . . Talpacoxa Corgosinho, 2012
Antennary exopod absent, or represented by a seta; P1 exopod two- or, three-segmented . . . 5
5. Antennule ♀four-segmented; P1 endopod prehensile, distinctly longer than exopod . . . 6
Antennule ♀five-segmented; P1 endopod not prehensile, distinctly shorter than exopod . . . 7
6. P2–P4 with outer spinous projection on coxa; P5 exopod and baseoendopod fused in ♀, forming a
single plate with eight setae/spines . . . Acuticoxa Huys & Kihara, 2010
P2–P4 without coxal processes; P5 biramous in ♀ . . . Laophontisochra George, 2002
7. Rostrum with setula ornamentation around apex: antennule ♀with aesthetasc on segment three;
distal exopod segment of P1 with innermost seta much longer than inner distal spine and
penicillate apically . . . Huntemannia Poppe, 1884
Rostrum without setula ornamentation around apex: antennule ♀with aesthetasc on segment
four; distal exopod segment of P1 with innermost seta much shorter than inner distal spine and
penicillate at tip . . . Rosacletodes Wells, 1985
Funding: This research was supported by the Discovery of Korean Indigenous Species Project, NIBR (National
Institute of Biological Resources, grant no. 2020), the Marine Biotechnology Program (No. 20170431) of the Korea
Institute of Marine Science and Technology Promotion (KIMST) funded by the Ministry of Oceans and Fisheries
(MOF), and a grant (2018R1D1A1B07050117) from Korea Research Foundation.
42
Diversity 2020, 12, 3
Acknowledgments: The author would like to thank Joon Back Lee and the crew of the R/V Ara (Jeju National
University) for their help in collecting samples and support during the study period. I would also like to thank
Hee Jin Moon and Jisu Yeom (Hanyang University) for their valuable help in the drawings, and in the preparation
of the manuscript, respectively.
Conflicts of Interest: The author declares no conflicts of interest.
References
1. Por, F.D. A Re-evaluation of the family Cletodidae Sars, Lang (Copepoda, Harpacticoida). Syllogeus 1986, 58,
420–425.
2. Lang, K. Die familie der Cletodidae Sars, 1909. Zool. Jahrb. Abt. Anat. Ontog. Tiere 1936, 68, 446–480.
3. Huys, R. Unresolved cases of type fixation, synonymy and homonymy in harpacticoid copepod nomenclature
(Crustacea: Copepoda). Zootaxa 2009, 2183, 1–99. [CrossRef]
4. Huys, R.; Kihara, T.C. Systematics and phylogeny of Cristacoxidae (Copepoda, Harpacticoida): A review.
Zootaxa 2010, 2568, 1–38. [CrossRef]
5. Nam, E.-J.; Lee, W. Two new species of the genus Heteropsyllus (Crustacea, Copepoda, Harpacticoida) from
Jeju Island, Korea and Devon, England. J. Nat. Hist. 2006, 40, 1719–1745. [CrossRef]
6. Huys, R.; Gee, J.M.; Moore, C.G.; Hamond, R. Marine and Brackish Water Harpacticoid copepods. Part 1.
In Synopses of the British Fauna (New Series); Field Studies Council: Shrewsbury, UK, 1996; pp. 4–19.
7. Vakati, V.; Lee, W. Five new species of the genus Nannopus (Copepoda: Harpacticoida: Nannopodidae) from
intertidal mudflats of the Korean West Coast (Yellow Sea). Zootaxa 2017, 4360, 001–066. [CrossRef] [PubMed]
8. Song, S.J.; Rho, H.S.; Kim, W. A new species of Huntemannia (Copepoda: Harpacticoida: Huntemanniidae)
from the Yellow Sea, Korea. Zootaxa 2007, 1616, 37–48. [CrossRef]
9. Karanovic, T.; Cho, J.-L. Second members of the harpacticoid genera Pontopolites and Pseudoleptomesochra
(Crustacea, Copepoda) are new species from Korean marine interstitial. Mar. Biodivers. 2018, 48, 367–393.
[CrossRef]
10. Pallares, R.E. Copépodos harpacticoides marinos de Tierra del Fuego (Argentina). IV. Bahía Tethis.
Contrib. Cient. Centr. Investig. Biol. Mar. Buenos Aires 1982, 186, 3–39.
11. Björnberg, T. Three new species of benthonic Harpacticoida (Copepoda, Crustacea) from São Sebastião
Channel. Nauplius 2014, 22, 75–90. [CrossRef]
12. George, K.H. New phylogenetic aspects of the Cristacoxidae Huys (Copepoda, Harpacticoida), including the
description of a new genus from the Magellan region. Vie Milieu 2002, 52, 31–41.
13. Corgosinho, P.H.C. Tapacoxa brandini get. et sp. nov. a new Nannopodidae Brady, 1880 (Copepoda:
Harpacticoida) from submersed sands of Pontal do Sul (Paraná, Brazil). J. Nat. Hist. 2012, 46, 2865–2879.
[CrossRef]
14. Alper, A.; Sak, S.; Metin, O. First record of the family Rhizotrichidae (Copepoda, Harpacticoida) from Turkey
with description of a new species. Mar. Biodivers. 2018, 48, 357–365. [CrossRef]
15. Nam, E.J.; Lee, W. A new species of the genus Rhizothrix (Copepoda: Harpacticoida: Rhizotrichidae) from
Korean waters. Proc. Biol. Soc. Wash. 2005, 118, 692–705. [CrossRef]
16. Vakati, V.; Eyun, S.-I.; Lee, W. Unraveling the intricate biodiversity of the benthic harpacticoid genus Nannopus
(Copepoda, Harpacticoida, Nannopodidae) in Korean waters. Mol. Phylogenet. Evol. 2019, 130, 366–379.
[CrossRef] [PubMed]
17. Karanovic, T.; Kim, K.; Lee, W. Concordance between molecular and morphology-based phylogenies of
Korean Enhydrosoma (Copepoda: Harpacticoida: Cletodidae) highlights important synapomorphies and
homoplasies in this genus globally. Zootaxa 2015, 3990, 451–496. [CrossRef] [PubMed]
18. Yeom, J.; Nikitin, M.A.; Ivanenko, V.N.; Lee, W. A new minute ectosymbiotic harpacticoid copepod living on
the sea cucumber Eupentacta fraudatrix in the East/Japan Sea. PeerJ 2018, 6, e4979. [CrossRef] [PubMed]
© 2019 by the author. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution





A New Species of Monstrillopsis Sars, 1921
(Copepoda: Monstrilloida) with an Unusually
Reduced Urosome
Donggu Jeon 1, Wonchoel Lee 2, Ho Young Soh 3 and Seong-il Eyun 1,*
1 Department of Life Science, Chung-Ang University, 84 Heukseok-ro, Seoul 06974, Korea;
donggu84@gmail.com
2 Department of Life Science, Hanyang University, 222 Wangsimni-ro, Seoul 04763, Korea;
wlee@hanyang.ac.kr
3 Faculty of Marine Technology, Chonnam National University, 50 Daehak-ro, Yeosu,
Jeollanam-do 59626, Korea; hysoh@chonnam.ac.kr
* Correspondence: eyun@cau.ac.kr
http://zoobank.org/urn:lsid:zoobank.org:pub:36893F6D-A5D0-46C1-9D56-9FABBD6BF212
Received: 27 November 2019; Accepted: 18 December 2019; Published: 20 December 2019
Abstract: Male monstrilloid copepods, described herein as Monstrillopsis paradoxa sp. nov., were
collected from the Chuja Islands, Jeju, Korea, using a light trap. They display many of the common
features of Monstrillopsis, including large, prominent eyes, an anteriorly positioned oral papilla,
and four setae on each caudal ramus. Type-2 modification of the antennules further supports the
assignment of the new species to Monstrillopsis. However, the present specimens have an unusually
low number of urosomal somites, just three in total, compared to five in males of all congeneric species,
and from four (in Cymbasoma) to five in males of all other monstrilloid genera. Up until now, in the
Monstrilloida only females of Cymbasoma have been known to have as few as three urosomal somites.
Keywords: Monstrillidae; Monstrillopsis paradoxa sp. nov.; Monstrillopsis planifrons; morphological
taxonomy; tagmosis; male genitalia; pore pattern; male/female matching; marine invertebrate host;
semi-parasitic; Korea
1. Introduction
Monstrilloida Sars, 1901 is a small group of marine copepods that comprise approximately
170 nominal species in seven genera currently considered as valid: Monstrilla Dana, 1849; Cymbasoma
Thompson, 1888; Monstrillopsis Sars, 1921; Maemonstrilla Grygier & Ohtsuka, 2008; Australomonstrillopsis
Suárez-Morales & McKinnon, 2014; Caromiobenella Jeon, Lee & Soh, 2018; Spinomonstrilla Suárez-Morales,
2019 [1–7]. This group is distinguished from other copepods by their peculiar life cycle and strange
morphology. They have a protelean life-cycle consisting of an endoparasitic juvenile phase and
a planktonic adult stage. The juveniles are known to infect various marine invertebrates such as
polychaetes, gastropods and bivalve mollusks [8–18]. The adults, often regarded as an exclusively
reproductive stage, lack all mouth parts as well as the antennae and are non-feeding.
Most of the recent work on monstrilloids has focused on taxonomy and the morphological
description of adults, but studies on the parasitic life stages and host-parasite interactions have
been on the increase [2,17–19]. As well, research into monstrilloid diversity has been expanding
into lesser-studied regions. For example, Suárez-Morales and McKinnon [6,20] recently described
34 species of four genera from Australian waters, with a promised treatment of similar numbers of
Australian Monstrilla still to come, and such findings imply the possible occurrence of large numbers
of undescribed taxa in other such areas as well.
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East Asia is clearly a region where the monstrilloid fauna has not been yet fully revealed [16,21].
Serious research on monstrilloids in Korea began less than a decade ago with the first record of
Cymbasoma striifrons Chang, 2012. So far nine species in four genera have been reported from Korea’s
eastern and southern coastal waters [3,22–26]. The site of the present study, the Chuja Islands, is a group
of 42 small islands, four of which are inhabited. They are located between Jeju Island and the mainland
of Korea and are affected by the Tsushima Warm Current. Temperate and subtropical creatures coexist
there [27,28], leading to the expectation of high biodiversity in their surrounding waters. Here we
report a new type of monstrilloid with a novel and unusual morphological feature for the group, and
described it as a new species.
2. Materials and Methods
A plankton sample was collected by Min Ho Seo (Marine Ecology Research Center, Korea) using
a hand-made polyvinyl chloride (PVC) light trap containing an light emitting diode (LED) flashlight
as a light source. The type materials of the present new species were collected from 19:00 to 7:00 on
11–12 September 2017 alongside a wharf at the type locality (Figure 1). The captured contents were
filtered using a 63 μm mesh test sieve, and the retained material was immediately washed with 99.5%
ethanol. The sample was initially fixed with 99.5% ethanol on-site and the fixative was exchanged for
fresh 99.5% ethanol in the laboratory. Monstrilloids were sorted out from the bulk collection under a
SMZ645 stereomicroscope (Nikon, Tokyo, Japan) and kept refrigerated at 4 ◦C. The osmotic shock of
ethanol fixation caused the cephalothorax of many specimens to collapse, so monstrilloid specimens
used for morphological analysis were exposed to 0.25% trisodium phosphate dodecahydrate solution
(Na3PO4·12H2O; Daejung Chemicals and Metals, Siheung, Korea) to restore its original shape [3,12,31].
An Eclipse 80i compound microscope with a drawing tube and differential interference optics was used
for preparing illustrations. The holotype specimen was dissected into five parts, and each was mounted
on a slide separately with lactophenol for detailed examination. Body measurements were obtained by
using AxioVision LE64 software (AxioVs40x64 v 4.9.1.0; Carl Zeiss, Oberkochen, Germany) based on
the illustrations of the type material. Terminology from Grygier and Ohtsuka [2] and Jeon, et al. [32]
was used to describe body segmentation and antennular setation patterns, respectively.
Figure 1. Maps showing the investigated area and the sampling locality. (A) Location of Chuja Islands
(red dot), Korea; (B) sampling site (red dot) in Chuja Islands. The maps were prepared using QGIS [29],
a free and open-source geographic information system, with the OpenStreetMap data [30].
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3. Results
3.1. Systematics
Order Monstrilloida Sars, 1901
Family Monstrillidae Dana, 1849
Genus Monstrillopsis Sars, 1921
Monstrillopsis paradoxa sp. nov.
Figures 2–4
 
Figure 2. Monstrillopsis paradoxa sp. nov., male holotype (MABIK CR00246526) (A) Habitus with
pit-setae 1–14 of right side indicated, dorsal; (B) habitus, lateral. Scale bars are in micrometers.
47
Diversity 2020, 12, 9
Figure 3. Monstrillopsis paradoxa sp. nov., male holotype (MABIK CR00246526). (A) Antennule, left,
dorsal; (B) anterior ventral part of cephalothorax showing crumpled margin; (C) anterior part of
cephalothorax, lateral; (D) urosome showing ventral protuberance (black arrow) on first urosomal
somite and apical spinous element (white arrow) on genital lappet, lateral; (E) urosome showing ventral
protuberance (black arrow) on the first urosomal somite and apical spinous element (white arrow) on
right genital lappet. Scale bars are in micrometers.
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Figure 4. Monstrillopsis paradoxa sp. nov., male holotype (MABIK CR00246526). (A) Leg 1 with
intercoxal sclerite, right, anterior; (B) leg 2 with intercoxal sclerite, left, anterior; (C) leg 3 showing long
basal seta (arrow) and intercoxal sclerite, right, anterior; (D) leg 4 with intercoxal sclerite, left, anterior.
Scale bars are in micrometers.
3.2. Type Locality
Yeongheung-ri (33◦57.59” N, 126◦17.82” E), Chuja-myeon, Jeju-si, Jeju-do, Republic of Korea.
English equivalents of political divisions in Korea: ri = village; myeon = township; si = city;
do = province.
3.3. Type Material Examined
The male holotype (MABIK CR00246526; dissected and body parts mounted on five separate slides)
and five intact paratypes (MABIK CR00246527; in a 99.5% ethanol vial) are deposited in the National
Marine Biodiversity Institute of Korea (MABIK), Seochon, Korea.
3.4. Species Diagnosis. Male
Anterior end of cephalothorax rugose with transverse striations. Antennule 5-segmented with
geniculation between fourth and fifth segments. Fifth segment showing type-2 modification [13]:
inner proximal one-third with hyaline bump, rest of distal part thin, elongate. Two distal segments
dark brown in ethanol-preserved specimens (coloration becoming fainter with time, and immediate
partial bleaching occurring upon exposure to Na3PO4 solution and/or lactophenol): outer lateral side
of the fourth segment most strongly pigmented; the fifth segment with gradual distal weakening of
pigmentation, completely lacking pigment near the tip. Outermost natatory seta on the third exopodal
segment of all legs smooth, lacking typical serration along its outer side. Outer basal seta on third
legs extremely long, well exceeding its exopod. Anterior dorsum of first free pediger with three pairs
of pores arrayed in two rows flanking midline. Succeeding three somites, i.e. second and third free
pedigers and first urosomal somite, each with a transverse row of three pores near the anterior dorsal
margin, with middle pore on midline. Urosome consisting of three somites, viz., limbless fourth
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free pediger (= first urosomal somite) and genital somite followed directly by anal somite, with no
post-genital or penultimate (= preanal) somites. First urosomal somite lacking fifth legs, but with
small posterioventral protuberance instead. Genital somite with ventral genital apparatus consisting
of a shaft and two lappets. Shaft robust with abrupt notch at midlength in lateral view, more distal
part slightly thinner than proximal part and bearing two hand-shaped opercular flaps anteriorly
at tip. Genital lappets diverging from posterior distal part of the shaft, clavate in lateral view, rather
lamelliform in ventral view. Each lappet armed with a short, robust spinous element at the inner
distal corner. Caudal rami twice as long as wide, each with four seate. All caudal setae subequal in
length, with inner ventral seta almost always extending diagonally downwards. Measurements: total
body length ranged from 0.66–0.88 mm (mean 0.78 mm; N = 6 for all measurements reported here).
Length ratio (means, with ranges in parentheses) of cephalothorax, metasome, and urosome 49.0
(46.6–53.2):34.1 (30.2–36.6):16.9 (15.9–19.6) in lateral view. Oral papilla located 25.9% (24.3–27.4%) back
along the ventral side of cephalothorax. Length of antennules in relation to total body length 45.1%
(42.1–51.0%), and to length of cephalothorax 91.9% (86.0–97.0%). Ratio of antennular segment length
from proximal to distal 12.3 (11.8–13.8):23.8 (21.7–26.6):14.2 (11.9–16.3):19.9 (19.4–20.4):29.8 (28.9–30.4).
3.5. Description of Male Holotype (MABIK CR00246526)
Total body length 0.76 mm in dorsal view, 0.78 mm in lateral view (Figure 2A,B). Body consisting
of cephalothorax incorporating first pediger, free somites 1–3, first urosomal somite, genital somite,
and anal somite. Length of somites as percent of total body length 49:12:12:9:6:5:7 in dorsal view,
49:14:12:9:5:4:7 in lateral view. Cephalothorax cylindrical, 0.37 mm long in dorsal view, 0.38 mm long
in lateral view, accounting for almost half of total body length. Anterior margin convex, its surface
corrugated with strong transversal striations. Anterior part of the forehead with two short, thin sensilla.
Width of cephalothorax almost unvarying along its length: narrowest (= waist width; 0.11 mm)
at 76.5%, widest (= incorporated first pediger; 0.13 mm) at 91.9% of distance from anterior end.
Anterior one-fourth nearly fully occupied by one ventral and two lateral eyes (Figure 2A, Figure 3C).
Ventral eye located more anteriorly than lateral eyes, with 1.29 times greater diameter than the latter
(70.3 μm versus 54.5 μm). Dorsal surface at the level of eyes with at least four pores in the trapezoidal
array (Figure 2A). Ventral surface at the same level with pair of pores and pair of scars (Figure 3B);
pores located medially between antennular bases, and scars slightly behind of antennular bases but
still medial to them. Moderately developed oral papilla located behind scars, 26% back from anterior
margin of cephalothorax. Tergite of incorporated first pediger with five pairs of pit-setae sensu Grygier
and Ohtsuka [19]: one pair (no. 1) situated dorsally, four pairs laterally (nos. 2–5).
Body somites from first pedigerous somite to genital somite with several pores in various places
(Figure 2A,B). First free pediger with three pairs of pit-setae posteriorly (nos. 6–8: one pair dorsally,
two pairs laterally) and two longitudinal rows of four pores each, arranged in pairs across midline,
with most anterior pore pair covered by posterior cuticular extension of cephalothorax. Second free
pediger with four pairs of pit-setae posteriorly (nos. 9–12: two pairs dorsally, two pairs laterally) and
three simple pores aligned transversally across anterior midline. Third free pediger with two pairs of
pit-setae posteriorly (nos. 13, 14), aligned transversely across dorsum, and transverse row of three
simple pores on anterior dorsum. The first urosomal somite also with three simple pores on anterior
dorsum and with protuberance near the posterior end of the ventral side. Genital somite with a pair of
simple pores in anterior dorsum.
Antennules 5-segmented, with geniculation between fourth and fifth segments (Figure 3A).
Length 0.35 mm excluding apical spine 52, equal to 44.1% of total body length, 90.2% of cephalothorax
length. Length ratio of segments 12:26:12:20:30. First antennular segment with spinous element 1
on inner distal corner, arising slightly dorsally. Second segment armed with five spinous elements
(2v1–3, 2d1, 2) plus long, strap-like, biplumose seta IId. Ventral spinous elements (2v-series) well
developed, slightly longer than dorsal ones (2d-series). Third segment with three elements (3, IIId, IIIv);
spinous element 3 located distally on inner side, long IIIv and IIId setae extending ventrally and
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dorsally, respectively, from midlength of segment. Fourth segment with eight elements (4v1–3, 4d1, 2,
4a, IVv, 4aes): naked spinous element 4v1 thin, twice as long as other 4d-, 4v-elements; four spinous
elements 4v2, 3 and 4d1, 2 all robust, pinnate, curved toward bearing segment; spinous element 4a
minute, arising at inner distal one-third of segment; IVv and 4aes arising from ventral surface of segment,
4aes more proximally. Fifth antennular segment modified: inner proximal margin with semicircular
expansion, rest of distal part relatively thin, elongate, and twice as long as proximal expansion
(Figure 3A). Inner side of distal elongated part with thin, film-like hyaline edge. Segment armed with
12 setal elements. Among these, spinous element 51 short, located on outer distal margin; apical spinous
element 52 elongate, 26% as long as bearing segment; inner spinous element 53 arising from dorsal
distal part of inner expansion; minute spinous element 5a arising from proximal part of expansion;
and long, strap-like seta Vv arising from ventral surface at level of spinous element 53. Six outer setae
present at midlength of fifth segment: four branched setae (A–D) and two short, simple setae (a, b).
Branched seta C rather simple, significantly shorter than other branched setae but still longer than two
simple setae. Aesthetasc (5aes) located on the outer side of the segment’s distal quarter, longer than
spine 51. Fourth antennular segment dark brown, especially prominent along the outer lateral side.
Proximal half of fifth segment except for hyaline expansion also dark, but pigmentation fading distally,
completely absent at tip.
Genital somite rounded in dorsal view, with robust genital shaft constricted at midlength so as
to appear notched in lateral view (Figure 2A,Figure 3D,E). Distal part armed with two hand-shaped
opercular flaps. Pair of genital lappets diverging from posterior distal part of the shaft, clavate in
lateral view, relatively flat and wide in ventral view (Figure 3D,E). Each lappet armed with a short
spinous element at the inner distal corner (Figure 3D,E).
Caudal rami (Figure 3D,E) diverging from posterior margin of anal somite, 1.8 times longer
than wide. Each ramus armed with four setae: one outer lateral, two dorsal apical, one inner ventral.
All caudal setae biplumose, subequal in length.
Incorporated first pediger and three succeeding free pedigers each with pair of well-developed
swimming legs (Figure 4A–D). Protopods consisting of a large coxal portion and a relatively small basis.
Anterior articulation between coxa and basis poorly defined whereas posterior diagonal articulation
clearly expressed. Coxae of each leg pair joined by longitudinally elongate, rectangular intercoxal
sclerite 1.9 times longer than wide. Basis of legs 1, 2 and 4 with short seta proximally on outer margin,
reaching at most to middle of first exopodal segment; on leg 3 this seta coarsely plumose and distinctly
longer, extending well beyond the tip of exopod. Basis with tri-articulate endopod and exopod on
distal margin, with endopod positioned more anteriorly than exopod and reaching only to the distal
end of the second exopodal segment. First and third exopodal segments 2 times longer than the second
segment, but all three endopodal segments subequal in length. Setal patterns of legs 1–4 are shown
in Table 1.
Table 1. Setal armature patterns of legs 1–4.
Coxa Basis Exopod Endopod
Leg 1 0-0 1-0 I-1; 0-1; I, 2, 2 0-1; 0-1; 1, 2, 2
Legs 2–4 0-0 1-0 I-1; 0-1; I, 2, 3 0-1; 0-1; 1, 2, 2
Roman numerals indicate the number of spines, Arabic numerals indicate number of seate.
Outermost setae of third exopodal segments of all legs smooth, with no serration along outer
side. Natatory setae subequally long except short inner setae on first exopodal segment not extending
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3.7. Remarks
The present males are assignable to Monstrillopsis by virtue of the presence of type-2 male
antennular modification with the fifth segment modified into a gradually tapering, elongate distal
half with a slightly inner curved spine on the tip and a hyaline expansion on the inner proximal
margin [12,21]. This kind of modification is shared with seven congeners, including M. sarsi Isaac, 1974,
M. dubioides Suárez-Morales, 2004 [4] (for male), M. chilensis Suárez–Morales, Bello–Smith & Palma,
2006 [33] (for male), M. boonwurrungorum Suárez-Morales & McKinnon, 2014 [34] (correct original
spelling), M. hastata Suárez-Morales & McKinnon, 2014, M. nanus Suárez–Morales & McKinnon,
2014, and M. pontoeuxinensis Suárez–Morales & Üstün, 2018. Males of six other congeners, M.
reticulata (Davis, 1949), M. fosshageni Suárez-Morales & Dias, 2001, M. chathamensis Suárez-Morales
& Morales–Ramírez, 2009, M. cahuitae Suárez–Morales & Carrillo, 2013, M. coreensis Lee, Kim &
Chang, 2016 and M. longilobata Lee, Kim & Chang 2016 have a much less elongate distal portion
of the fifth segment, with a rather long and robust apical spinous element 52. Four species of the
former group, M. dubioides, M. sarsi, M. nanus, and M. pontoeuxinensis can be immediately excluded
from further morphological consideration because of significant differences in body size compared to
M. paradoxa sp. nov., either larger (2.1 mm for M. dubioides, 1.2 mm for M. sarsi) or smaller (0.5 mm for
M. nanus and 0.6 mm for M. pontoeuxinensis) [4,6,35,36].
Suárez-Morales and McKinnon [6] recognized mainly two types of male genitalia in Monstrillopsis:
type I with a strong, well-developed median shaft and relatively short, rounded lappets, and type II
with a relatively short median shaft and very elongate lappets arising from the posterolateral corners.
The latter is characteristic of all three congeners with type-2 male antennules that were not excluded
above on account of body size. These have long, slender, cylindrical lappets [6,26,33], however, while
the genital lappets of the new species appear lamellar in the ventral view. In addition, the lappets of
M. paradoxa sp. nov. are armed with a very short but robust inner distal spinous element, something
not previously reported in males of any species of Monstrillopsis. The most stunning morphological
character of the present males is the unusually low number of somites in the urosome. Up to now,
both sexes of Cymbasoma have been known to have the fewest urosomal somites among the known
monstrilloid genera—females with three, including post-genital somite, and males with four, including
post-genital and penultimate somites [8,20,21]. Males of the present new species have one fewer somite
than males of Cymbasoma while matching the number in females of Cymbasoma. Despite this disparity
compared to other species of Monstrillopsis, which have five urosomal somites in general, nevertheless,
we have assigned the present males to Monstrillopsis in consideration of its possession of several other
Monstrillopsis-like features: large, prominent eyes, an anteriorly-located oral papilla, and four caudal
setae (see Discussion).
3.8. Etymology
The specific epithet is derived from the Latin adjective paradoxus, -a, -um (adopted from the Greek
paradoxos), meaning strange, with a feminine ending to match the gender of the genus name. It pertains
to the contradictory morphological characteristics, a type-2 antennular modification supporting
placement in Monstrillopsis, and an unusually low number of body somites, which argues against
such placement.
4. Discussion
The number of body somites has been considered one of the most important, convenient, and
evident key features in the monstrilloid taxonomy [4,7,8,37]. The species of Cymbasoma, for instance,
have been distinguished from the other monstrilloid genera based almost on this criterion alone [38–40].
A review of the most recent 20 years of taxonomic works dealing with over 40 species of Cymbasoma
(more than half of the total species recorded in this genus) shows that authors continue to use this
feature as the primary feature for generic assignment [20,22,41–46]. In light of this history, the even
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lower number of urosomal somites in the present specimens may provide grounds for proposing a
new genus of Monstrilloida. On the other hand, the new species presents a typical type-2 antennular
modification, which may be just as important. Full expression of this feature is shared by more than half
of the hitherto known males of Monstrillopsis, and including partial expression, it has been regarded as
a diagnostic feature for the genus [12,47]. Therefore, antennular morphology unambiguously suggests
a close morphological affinity of the present specimens to Monstrillopsis, and the presence of other
Monstrillopsis-like characteristics in them further supports their assignment to this genus.
The cuticular pore pattern described above for Monstrillopsis paradoxa sp. nov. can be compared
with that reported from female M. planifrons Delaforge, Suárez-Morales, Walkusz, Campbell &
Mundy, 2017. Unlike any other congeneric species, this species has three pairs of dorsal structures,
described as “minute papilla-like processes” [48] (p. 4), flanking the midline of the first free pediger.
The present new species has six pores arrayed the same way on this somite. Perhaps the structures in
M. planifrons were also sort of pores. Be this as it may, it is worth noting that Grygier and Ohtsuka [2]
have already considered the potential utility of cuticular ornamentation patterns for differentiation and
identification. Based on a limited number of examples, they found a stereotypical pore pattern among
monstrilloids that distinguishes them from other copepod groups. In addition, based on detailed SEM
photographs of four species of Maemonstrilla, Grygier and Ohtsuka showed that these species share a
similar pore arrangement on the second free pediger [2] (fig. 29). The species of Caromiobenella provide
another example in that they share a set of four pairs of pores flanking the midline along the posterior
medio-dorsal part of the cephalothorax [3,19,23,24]. The currently available evidence thus suggests
that pore pattern may be useful in identifying monstrilloids at the genus-level; if so, the present new
species still falls into Monstrillopsis.
A distinctive pore pattern shared between individuals of different sexes can occasionally reveal
their conspecificity. The presence of a similar pore pattern in certain males and females was taken
as evidence that both belonged to Monstrillopsis longilobata, and this was corroborated by molecular
analysis [32]. With this example in mind, the possibility that M. planifrons and M. paradoxa sp. nov. are
the females and males, respectively, of one species must be considered. We think it unlikely, on account
of substantial differences in other morphological details besides the dorsal ornamentation of the first free
pediger. In particular, unlike males of M. paradoxa sp. nov., females of M. planifrons are characterized in
having (1) a produced, flat, corrugated forehead and (2) a cephalothorax entirely covered in numerous
minute papillae, that are considered as species-specific features [48]. None of those features is presented
in the present male specimens: the present males have a rounded, convex forehead with transverse striae.
The whole cephalothorax is smooth without additional ornamental structures. The outermost seta of
the third exopodal segment of legs 1–4 is also different in each species. This seta is, in general, with an
inner row of setules and an outer row of coarse spinules as so in M. planifrons. The seta of all legs in the
present new species is, however, presented without the outer serration. The significant size difference
in body length (1.92 mm for the female holotype of M. planifrons versus a range of 0.66–0.88 mm for the
present males) and considerations of biogeography and habitat–M. planifrons being from the Canadian
Arctic and M. paradoxa sp. nov. from warm-temperate or subtropical waters in East Asia–mitigate
against conspecificity [48]. On the other hand, the characteristics mentioned above of the present
males may be useful as morphological markers for finding the currently unknown female counterparts.
The distinct pigmentation pattern exhibited on the distal part of the antennules in the present males
might also be expected to appear in the unknown females.
Female monstrilloids usually have one fewer urosomal somite than the corresponding
males [4,8,12,21]. In this rule holds for M. paradoxa sp. nov., the unknown females should have
a urosome consisting of just two somites: either the first urosomal somite (= fourth free pediger) and
the genital (compound) somite, or the genital (compound) somite and anal somite. Loss of the genital
somite with retention of the other two would not be supportable, but from a functional point of view,
none of these options seems likely. Therefore, we presume that the females of M. paradoxa sp. nov. will
prove to have at least three somites in their urosome. If so, they will be similar to females of Cymbasoma
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in terms of the body plan, but distinguishable by the number of caudal setae. Most female Cymbasoma
have three caudal setae [20,21], and the number of caudal setae is the same (four) in both sexes of those
species of Monstrillopsis [47].
Our discovery of a new body plan in specimens of the greatly modified, but nonetheless highly
stereotyped group Monstrilloida is a sign that further collection and detailed examination of these
copepods will continue to turn up surprises. The difficulty in classifying the new species also shows
that a phylogenetic systematic approach to monstrilloid taxonomy is overdue. We hope to make
progress on this in upcoming works.
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Abstract: In the context of exploration of meiofauna in a sandy intertidal zone of Jeju Island (South
Korea), over 70 nematode species are identified, some which have been proven to be new for science.
Two new free-living marine nematode species of the family Selachinematidae (Chromadorida,
Selachinematidae, Choniolaiminae) are described from the intertidal sandy sediments of Jeju Island
(South Korea). Gammanema okhlopkovi sp. n. is closest to Gammanema anthostoma (Okhlopkov,
2002) and differs by having longer cephalic setae (8.5–19 μm in G. okhlopkovi versus 6–7.5 μm in
G. anthostoma) and by the presence of precloacal supplementary organs. The genus diagnosis of
Gammanema is updated. The genus includes fourteen valid species, while three species are considered
species inquirendae due to incomplete diagnoses and illustrations impeding their correct recognition.
An annotated list of valid and invalid Gammanema species is provided. A pictorial key for valid
Gammanema species is constructed, which consists of two components: (1) simplified images of
heads, and (2) a table summarizing most of the significant measured and numeric characters between
species. Latronema obscuramphis sp. n. differs from its related species Latronema aberrans (Allgén 1934),
Latronema annulatum (Gerlach, 1953), and Latronema spinosum (Andrássy, 1973) by body size, number
of supplementary organs, tail shape, length of spicules, and cuticle ornamentation.
Keywords: free-living marine nematodes; pictorial key; taxonomy
1. Introduction
Data on Jeju marine free-living nematodes have been presented by Rho and Kim [1,2], Rho et al. [3],
and Lim and Chang [4]. However, the exploration of the rich nematofauna of Jeju is still in
the early stages. In connection with our project on Jeju intertidal meiofauna, we have recorded
almost 70 nematode species at four points along a transect through the sandy intertidal zone at
Shinyang, in the eastern corner of Jeju Island. A taxonomic survey of Jeju nematodes started with
the family Thoracostomopsidae by Jeong et al. [5,6]. Now, we present a communication on the
family Selachinematidae.
The selachinematid nematodes are usually characterized by a stout cylindrical body with a
truncate anterior end. They have a complicated buccal armament of rhabdions, denticles, or heavy
mandibles, enabling them to capture nematode prey. The selachinematids have been known for a
long time as carnivores in the strict sense, ingesting other smaller nematodes [7,8]. The percentage of
selachinematids and other predator taxa in nematode assemblages are usually low in mud and silty
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sediment, but more abundant in sandy sediment with higher species diversity [9,10]. Particularly,
most species of Gammanema and Latronema are confined to sandy sediments of upper shelf zones.
2. Materials and Methods
Quantitative samples were taken in June 2018, in the intertidal zone at Shinyang, close to the
eastern corner of Jeju Island (Figure 1). Sediments were fixed in 5% neutralized formalin solution and
brought back to the laboratory. Meiofauna were extracted using the Ludox method [11], and postfixed
with 70% ethanol dyed with Rose bengal. Nematodes were counted and specimens were packed into a
Syracuse glass filled with mixture of glycerin, 95% ethanol, and distilled water (1:29:70). The glass was
placed in a drying oven set to 40 ◦C for 1–2 days until completely dehydrated, as in the glycerin-ethanol
method [12]. Specimens were mounted in a drop of anhydrous glycerin within a wax-paraffin
ring. Specimens were identified, measured, photographed, and drawn under a Leica DM5000 light
microscope equipped with Leica Application Suite Version 3.8.0 software and a Leica DFC 425 C digital
camera. All the measured sizes are given in μm. For scanning electron microscopy, specimens were
dehydrated in a series: 40% ethanol, 70% ethanol, 95% ethanol, 95% ethanol + acetone (50:50), acetone
I, and acetone II, and then critical point dried. Once dried, specimens were mounted on a stub to be
coated with platinum–palladium alloy and examined with Cam Scan S-2.
Figure 1. Map of sampling locality. This map is made with QGIS software v.2.18.14, a free and
open-source geographic information system (https://qgis.org).
Type specimens were deposited in National Institute of Biological Resources (South Korea).
3. Results—Systematics
3.1. Review of Genus Gammanema
Order Chromadorida Chitwood, 1933
Family Selachinematidae Cobb, 1915
Subfamily Choniolaiminae Schuurmans-Stekhoven and Adam, 1931
Genus Gammanema Cobb, 1920
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3.1.1. Diagnosis
Updated after Leduc 2013 and Tchesunov 2014 [13,14].
Selachinematidae, Choniolaiminae. Cuticle with homogenous annulations, without longitudinal
ridges or lateral differentiation. Six inner and six outer labial sensilla, either setose or papillose;
four cephalic setae, often slender and longer; outer labial and cephalic sensilla combined in common
circle of 10, with dorso- and ventrosublateral sensilla arranged in four pairs with cephalic sensilla.
Amphideal fovea spiral or loop-shaped, usually noticeably larger in males than in females. Somatic
setae in irregular longitudinal rows; anterior cervical setae may be as long as cephalic setae. Mouth
opening surrounded by partly fused lips shaping a circumoral membrane with fine longitudinal
striation. There are twelve projections, from small and inconspicuous to prominent and elaborate,
at the rim of the mouth opening. Buccal cavity (pharyngostome) consists of two chambers, anterior
cup-shaped and posterior cylindrical; walls of each chamber are strengthened with three cuticularized
rhabdions; the rhabdions of the anterior chamber terminate posteriorly in minute denticles. Pharynx
cylindroids, evenly muscular and devoid of a terminal bulb. Alimentary tract terminates by rectum
and anus. Precloacal midventral supplementary organs sucker-like, cup-shaped, tubular, or absent.
Tail short, conical, cuticle of its terminal cone levigated or smooth.
Type species: Gammanema ferox (Cobb, 1920).
Annotated species list (valid species in bold)
1. Gammanema agglutinans Leduc, 2013. Leduc 2013:21–25, Figures 11–13, Table 2 [13] (males,
females); SW Pacific, region to the east of New Zealand, Chatham Rise, depths 350–1238 m.
2. Gammanema anthostoma Okhlopkov, 2002. Okhlopkov 2002:42–45, Figures 2 and 3 [15] (males
and females); White Sea (Northern Russia), Kandalaksha Bay, depth 14 m.
3. Gammanema cancellatum Gerlach, 1955. Gerlach 1955:271–272, Abbildung. 6 [16] (female);
San Salvador, coastal groundwater. Remark: the species is retained here as valid, despite the
absence of males in diagnosis, since it can be distinguished sound from other congeners by
peculiar cuticle ornamentation with rods.
4. Gammanema conicauda Gerlach, 1953. Gerlach 1953:553–555, Abbildungen 17 a-f [17] (males,
females, juvenile); Tyrrhenian Sea, area of Naples, surf zone; North Sea coast.
5. Gammanema curvata Gagarin et Klerman, 2007. Gagarin and Klerman 2007:780, Figure 2,
Table 2 [18] (male, females); Mediterranean coast of Israel, depth 50 m, sandy sediment.
6. Gammanema fennicum (Gerlach, 1953) Gerlach, 1964. Gerlach 1953:22–23, Abbildung 6 [19]
(as Halichoanolaimus fennicus) (female, juvenile); east Baltic Sea. Gerlach 1964:37 [20] (as junior
synonym of Gammanema rapax). Okhlopkov 2002:45–46, Figures 4 and 5 [15] (males, females,
juvenile); White Sea (Northern Russia), Kandalaksha Bay, depth 16 m.
7. Gammanema ferox Cobb, 1920 sp. inq. Cobb 1920:291–293, Figure 74 [21] (male, female);
New Hebrides, coral sand. Though the species is described for both genders, the description lacks
some necessary measurements, such as anterior setae and spicules; amphids are not depicted
and not mentioned in the text (amphideal fovea possibly inconspicuous or reduced); the only
illustration presents a head without an indication of gender and position in slide (possibly
sublateral). Restitution of valid state is possible after redescription of new specimens from the
type area; the species can be recognized through the prominent anterior projections of rugae.
8. Gammanema kosswigi Gerlach, 1964. Gerlach 1964:38–39, Abbildungen 11 a–d [19] (male,
juvenile); Maldive Islands, coastal groundwater, intertidal zone.
9. Gammanema magnum Shi et Xu, 2018. Shi and Xu 2018, 3–9, Figures 1–4, Table 1 [22] (males,
females); East China Sea, intertidal sandy sediment.
10. Gammanema mediterraneum Vitiello, 1970. Vitiello 1970:491–493, planche XV, 30 a–e [23] (as
Gammanema mediterranea) (females, juveniles); West Mediterranean, depths 310–650 m.
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11. Gammanema menzelii (Ditlevsen, 1918) Gerlach, 1964 sp. inq. Ditlevsen 1918:172–173, Plate VI,
Figure 2; Plate VII, Figures 1 and 8 [24] (as Halichoanolaimus Menzelii) (one male); Danish Belt Sea,
depth 30 m, clean sand. Gerlach 1964:31 [19] (transfer to Gammanema).
12. Gammanema okhlopkovi Tchesunov, Jeong et Lee sp. n. Present paper.
13. Gammanema polydonta Murphy, 1965. Murphy 1965:176–179, Figures 3A–C and 4A–H [25]
(males, females); Chilean coast, depth 45 m.
14. Gammanema rapax (Ssaweljev, 1912) Gerlach 1964 sp. inq. Ssaweljev 1912:122 [26] (as
Halichoanolaimus rapax) (male, female); Barents Sea, Kolafjord, Palafjord, Mogilnojesee (lake
with an intermediate layer of sea water on the Kildin Island in the Barents Sea), sand. Murphy
(1965: 179 [25]) considered the species; dubious because the original description is not illustrated
and type specimens are evidently lacking. Gerlach (1964 [20]) synonymized Halichoanolaimus
menzeli Ditlevsen 1918, Gammanema ferox Cobb, 1920 and Gammanema fennicum (Gerlach, 1953)
with Gammanema rapax.
15. Gammanema smithi Murphy, 1964. Murphy 1964: 194–198, Figure 3A,B,D,E, Figure 4, Figure
5B [27] (male); Puget Sound (NE Pacific), intertidal sand. Remark: there are some discrepancies
in the original diagnosis. Caudal glands are described and depicted ([27], Figure 4) as incaudal
(i.e., located entirely within tail), while the glands in Figure 5A are definitely excaudal (i.e., gland
cell bodies protrude anteriorly and lie along the midgut). Supplementary organs are depicted
from a medio-ventral view in Figure 3C, while the hind body in Figure 4 is shown laterally. Taking
into account that the diagnosis is based on only one male (holotype), we consider Figures 3C and
5A as wrong and not pertaining to G. smithi.
16. Gammanema tchesunovi Gagarin et Klerman, 2007. Gagarin and Klerman 2007:782-785, Figure
3, Table 3 [18] (males, females); Mediterranean coast of Israel, depths 50–55 m, sand.
17. Gammanema uniformis (Cobb, 1920) Tchesunov et Okhlopkov, 2006. Cobb 1920:293-294,
Figure 75 [21] (as Trogolaimus uniformis) (seemingly, one male); Atlantic coast of the United
States, New Hampshire. Tchesunov and Okhlopkov 2006:40-43, Figure 12, Table 6 [28] (males,
females); Atlantic coast of the United States, Maine.
3.1.2. Remarks on the Species List and Synonymy
Murphy (1965:179 [25]) considered the species Gammanema rapax (Ssaweljev, 1912) as dubious
because the original description is not depicted, and type specimens are evidently lacking. Gerlach
(1964 [20]) synonymized Gammanema menzelii (Ditlevsen, 1918), Gammanema ferox Cobb, 1920,
and Gammanema fennicum (Gerlach, 1953) with G. rapax. We find this broad synonymization questionable.
G. rapax is a large species, measuring 5800–6100 μm in body length (Ssaweljev 1912 [26]), while all other
species and specimens are at least half the size (except G. menzelii) and found far from the type locality.
G. menzelii corresponds to G. rapax in body length (male 5900 μm) but differs in its higher number of
preanal midventral supplementary organs (35 versus 20–22). Diagnosis of G. menzelii also lacks some
important details, such as sizes of anterior sensilla, amphideal fovea, and spicules. Descriptions of
G. ferox (New Hebrides [21]), G. rapax (North Sea [20]), and G. rapax (White Sea [15]) differ from the
original diagnosis of Ssaweljev (1912 [26]) in their much smaller body size. Hence, we do not accept all
these described specimens to be conspecific. Okhlopkov [15] redescribed females of G. fennicum and
for the first time described males of G. fennicum. Though the specimens have not been sampled in the
area of the type locality (Gulf of Finland, east Baltic Sea), but instead in the White Sea, the newly found
females correspond to the original diagnosis in most details and morphometrics. Hence, G. fennicum is
restored as a valid species.
3.1.3. Identification of Species of Gammanema
Since Gammanema species show evident sexual dimorphism in size and shape of amphids and
other structures, it is highly desirable to have both sexes (or at least males) for species identification.
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Due to deficiency of material, identification based on males is more reliable than identification solely
based on females, since the males possess additional significant characteristics, such as supplementary
organs and spicules.
For species identification of Gammanema, we propose a pictorial key constructed according to the
principles of Platt [29], who first introduced pictorial keys in marine nematology. The pictorial key
consists of two components, simplified images (caricatures) of heads (Figures 2 and 3), and Tables 1
and 2, with some metric and numeric characters being most important for species differentiation.
Because of considerable sexual dimorphism, male and female head images are arranged in two separate
plates, where the species are ordered in rows of gradual decrease of amphideal fovea (males) and
cephalic setae (females), from top left to bottom right position.
Figure 2. Caricatured male heads of valid Gammanema species arranged from top left to bottom right
along decrease of amphid size and cephalic setae in relation to head diameter.
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Figure 3. Caricatured female heads of valid Gammanema species arranged from top left to bottom right
along decrease of cephalic setae in relation to head diameter.
3.2. Description of New Species of Gammanema
Gammanema okhlopkovi sp. n.
Figures 4–7, Table 3.
http://zoobank.org/urn:lsid:zoobank.org:act:3B8336E6-9F74-4861-BCD3-94B27F52697B
3.2.1. Etymology
The species is named in honor of Yuri R. Okhlopkov, a PhD student who published a few papers
on Selachinematidae, but unfortunately passed away in 2014 by mischance.
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Figure 4. Gammanema okhlopkovi sp.n., entire view and anterior body: (A) holotype, male, entire view;
(B) apical view, male, scanning electron micrograph; (C) subapical view, female, scanning electron
micrograph; (D) head, lateral view, female, scanning electron micrograph; (E) head, sublateral view,
male, scanning electron micrograph; (F) mouth opening, male, scanning electron micrograph. Scale
bars: (A) 100 μm, (B) 10 μm, (C) 10 μm, (D) 10 μm, (E) 10 μm, (F) 3 μm.
3.2.2. Material Examined
One holotype and seven paratype males were deposited in the National Institute of Biological
Resources (South Korea). Inventory numbers of the holotype and paratypes are NIBRIV0000861671
and NIBRIV000086172-NIBRIV0000861677, respectively.
Type locality: Intertidal zone at coast of Jeju Island, South Korea (33◦26′05” N, 126◦55′15” E),
sandy beach, June 2018.
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Figure 5. Gammanema okhlopkovi sp. n., head of the holotype male: (A) surface view; (B) optical section.
Scale bars: 20 μm.
3.2.3. Description
Body cylindrical, with truncate anterior end and short conical tail. Cuticle annulated and
punctuated. There are ca. 13 annules within a 20 μm area, everywhere along the body. Cuticle
punctuation homogeneous, without lateral differentiation, the dots arranged in chessboard order.
The dots are actually struts in the median zone of the cuticle; the struts are composed of two elements,
as seen in sites of damaged cuticles.
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Figure 6. Gammanema okhlopkovi sp. n., posterior body, males: (A) hind body; (B) spicule tips, precloacal
seta, and supplementary organs, lateral view, scanning electron micrograph; (C) posterior-most
supplementary organ, scanning electron micrograph; (D) cloacal opening and precloacal seta, subventral
view, scanning electron micrograph; (E) tail with sensory papillae; (F) damaged cuticle near a supplement
displays struts in the median zone, scanning electron micrograph. Scale bars: (A) 50 μm, (B) 10 μm,
(C) 3 μm, (D) 3 μm, (E) 10 μm, (F) 3 μm.
Truncate anterior end bordered by a membranous fringe with indistinct sectioning in lips.
The fringe is marked by longitudinal striations, with about 15 fine, short ribs or rugae between lateral
outer labial sensilla and cephalic seta. There are twelve prominent peg-like projections around the rim
of the anterior end.
Anterior sensilla arranged in 6 + 10 pattern. Six inner labial sensilla as pointed conical papillae
situated just outside or the peg-like projections. Six outer labial sensilla situated at the base of the
striated fringe; they are nearly equal in shape and size to the inner labial sensilla. Four cephalic setae
at the same level with latero-median outer labial sensilla in tight pairs; within pair, the cephalic seta
disposed laterally of the adjacent outer labial sensilla. Somatic sensilla represented by a few irregular
postamphideal setae and two subsequent lateral papillae further posteriad. Somatic sensilla on the
posterior body and tail region are represented by papillae sparsely arranged in latero-ventral, lateral,
and dorso-lateral rows. Amphideal fovea large, transversally oval in outer outline, spirally coiled in
three turns.
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Figure 7. Gammanema okhlopkovi sp. n., posterior body of the holotype male. Scale bar: 20 μm.
The mouth opening is situated on the bottom of a funnel-shaped depression on the truncate
anterior end. Acute teeth arranged in three radiating groups are visible, even in a semi-open mouth.
Cheilostome is narrow and indistinct. Pharyngostome consists of two chambers. Anterior chamber is
cup-shaped. Its walls are strengthened by three sclerotized rhabdions terminating posteriorly, with a
group or five small cusps or denticles projected freely into the buccal cavity. The anterior rhabdions
spread widely, thus making the anterior chamber bowl-shaped. In each group, the median tooth is
tridentate, while teeth of two lateral pairs are bidentate. Posterior chamber cylindrical and narrow;
its walls are strengthened by three sclerotized rhabdions. Pharynx cylindrical and evenly strongly
muscular along its entire length.
Reproductive system is diorchic. Anterior outstretched testis situated ventrally to the intestine;
posterior reflexed testis situated to the right of the vas deferens and intestine. Spicules paired, arcuate,
distally pointed, and proximally very slightly cephalated. Gubernaculum as paired, nearly straight
bars directed dorsally. Midventral supplementary organs, ten to thirteen in number, shaped as a
nail-head 5–6 μm in diameter; the posteriormost organ situated at a distance 39 μm from the cloacal
opening. A short conical midventral precloacal seta is present.
Tail very short; its conical tip turned left in all the specimens.
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Table 3. Morphometrics of males Gammanema okhlopkovi sp. n. (holotype and paratypes).
Character Holotype Total Number Min.–Max. Mean SD CV%
Body length 961 8 961–1150 1082 61.8 5.71
pharynx length 178 8 164–207 185 15.1 8.15
tail length 48 7 42–57.5 50.4 5.6 11.1
body diameter at level of cs 37 7 36.9–43.7 39.2 2.40 6.12
body diameter at level of nerve ring 35 8 33.1–40.0 36.8 2.32 6.30
body diameter at level of cardia 35 8 34.1–41.0 36.5 2.45 6.72
body diameter at level of midbody 37 8 37.0–42.0 38.8 2.54 6.65
body diameter at level of cloaca 36 8 36.0–42.5 38.2 2.54 6.65
a 26 8 25.6–31.1 27.8 2.17 7.80
b 5.4 8 5.40–6.56 5.88 0.41 6.97
c 20 7 18.5–24.6 21.6 2.32 10.7
c’ 1.33 7 1.01–1.53 1.31 0.16 12.2
inner labial setae length 3.5–4 6 4.0–5.0 4.27 0.39 9.13
lateral outer labial setae length 3.7 6 3.0–7.2 5.22 1.63 31.2
latero-median outer labial setae length 5 5 5.0-7.0 5.88 0.76 12.9
cephalic setae length 12 6 8.5-19.0 14.1 4.01 28.5
anterior cervical setae length 7.6 7 7.6–15.6 10.8 2.56 23.8
amphid width 16 7 11.0–18.0 14.8 2.01 9.13
amphid width/corresponding body diameter 43 8 32.5–47.7 37.7 5.22 13.9
distance amphid—cephalic apex 8.6 8 7.3–11.3 8.95 1.37 15.3
anterior pharyngostome rhabdion length 15 8 13.0-16.9 14.9 1.49 10.0
posterior pharyngostome rhabdion length 14 8 11.2-16.0 13.5 1.40 10.3
spicule length (arc) 34 6 32.0–39.0 35.2 2.86 8.12
spicule ‘length (chord) 28 6 29.0–36.0 32.9 2.4 7.29
number of supplements 12 6 10–13 11.5 1.05 9.13
tail terminal cone length 17 4 16.8–23.5 19.6 2.93 15.0
3.2.4. Diagnosis
Gammanema with short and stout body (L 961–1150 μm, a 25–31). Twelve prominent peg-like
projections protruded outward from inner side of the circumoral membranous fringe. Set of anterior
sensilla composed of six inner labial setae 4–5 μm, six outer labial setae 5–7 μm, and cephalic setae
9–19 μm long. Amphideal fovea spirally coiled in three turns, 32–48 μm wide. Rhabdion of anterior
pharyngostome chamber 13–17 μm, rhabdion of posterior pharyngostome chamber 11–16 μm long.
Spicules 32–39 μm long. Midventral preanal row of supplementary organs consists of precloacal seta
and 10–13 nail-head organs. Tail short and conical, c’ 1–1.6.
3.2.5. Differential Diagnosis
G. okhlopkovi sp. n. is closest to G. anthostoma, sharing similar body length and body proportions a,
b, and c, and similar size of amphids and spicules. The most obvious differences between the two
species are longer cephalic setae (8.5–19 μm in G. okhlopkovi versus 6–7.5 μm in G. anthostoma), as well
as a lack of precloacal supplementary organs in G. anthostoma (present in G. okhlopkovi).
3.3. Description of New Species of Latronema
Genus Latronema (Wieser 1954)
Diagnosis of the genus has been recently updated by Leduc and Zhao [30]. A detailed review
of the taxon is intended in forthcoming work on a peculiar diversity of Latronema species on an
Atlantic seamount.
Latronema obscuramphis sp. n.
http://zoobank.org/urn:lsid:zoobank.org:act:5E195F44-8FDA-48D4-9E71-00855406670D
Figures 8 and 9, Table 4.
3.3.1. Etymology
The species name reflects the indistinctness of the amphids (from Latin ”obscurus”, inconspicuous).
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3.3.2. Material Examined
One holotype male, two paratype females, and four juveniles were deposited in National
Institute of Biological Resources (South Korea). Inventory numbers of the holotype and paratypes are
NIBRIV0000861678 and NIBRIV0000861679–NIBRIV0000861680, respectively.
3.3.3. Description
Body stout cylindrical, with truncate anterior end and short conical tail. Body cuticle finely
cross-striated (16 annules in 20 μm in light microscope, 12 annules in 10 μm, from scanning electron
micrographs) in the midbody laterally. The cuticle is not punctated under light microscope but marked
with longitudinal wings. The wings number approximately five, visible on the lateral body side.
Anteriorly, short and weak extra wings are added between the main wings, close to the head.
Labial region is presented by circular labial membrane with fine longitudinal ribbing (about ten
ribs in between two adjacent setae of cephalic crown counted under light microscope, or seven to ten
in SEM). Since the edges of the labial membrane are rolled inward, it is impossible to discern whether
the membrane is divided into labial lobes. Labial region is encircled by a light cuticular ridge (collar).
 
Figure 8. Latronema obscuramphis sp. n., entire body of the holotype male and surface cuticular structure:
(A) holotype male, entire view; (B) entire view of a female, scanning electron micrograph; (C) head of a
female laterally, scanning electron micrograph; (D) amphideal fovea of a female, scanning electron
micrograph; (E) body cuticle rings and alae laterally, scanning electron micrograph. Scale bars: (A)
50 μm, (B) 30 μm, (C,E) 10 μm, (D) 3 μm.
Six slender inner labial setae are situated at the edge of the circular labial membrane. Ten equal
setae located at the edge of the collar; they are about equal in length to one another and equal to inner
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labial setae, but wider basally; all the setae of the anterior circle look delicate and nearly transparent,
and hence may be hardly visible against the labial cuticle. Fine ribs (striae) on the circumoral membrane
may be arranged in fan-like bundles at sites opposite to cheilostomatal lobes. Quite possible the circle
of ten equal setae comprises six outer labial and four cephalic setae, but all the setae are located at the
same distance between them and do not make close pairs. Somatic setae comparable in length with
anterior setae are distributed along the body in irregular longitudinal sublateral rows. Amphids in
males are scarcely discernible under light microscope but detected in SEM as a small pit with simplified
spiral structure. Amphids in females are not discernible at all under light microscope.
Figure 9. Latronema obscuramphis sp. n., male holotype structures: (A) surface view of the head;
(B) sagittal optical section of the head; (C) posterior body. Scale bars: 20 μm.
Buccal cavity consists of comparatively narrow cheilostome surrounded by labial membrane and
voluminous pharyngostome composed of two compartments, with the anterior being cup-shaped and
the posterior cylindrical. Cheilostome walls are differentiated interiorly into twelve rounded lobes
that do not continue into anterior free projections, unlike that of Gammanema. Walls of the anterior
pharyngostome are strengthened by three rhabdions—one dorsal and two lateroventral. The rhabdions
terminate posteriorly with about seven acute denticles (one median denticle and two sets of three
lateral denticles on both sides of it). Anterior pharyngostome is opened widely, and its rhabdions move
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apart at obtuse angle. Posterior pharyngostome short and wide, its rhabdions slightly sclerotized,
while intermediate cuticle between them thin and soft.
Table 4. Latronema obscuramphis sp. n., morphometry.
Character Holotype Male Paratype Female 1 Paratype Female 2
Body length 591 666 718
a 15.2 13.9 19.0
b 5.09 4.38 3.78
c 14.4 tail not measurable tail not measurable
c’ 1.60 tail not measurable tail not measurable
V, % - 57.4 70.0
body diameter at level of cephalic setae 30.0 38.0 33.1
body diameter at level of nerve ring 30.5 ? 30.6
body diameter at level of cardia 35.0 41.5 33.8
body diameter at level of midbody 39.0 48.0 37.0
body diameter at level of cloaca/anus 25.6 30.0 ?
inner labial setae length 8.7 7.7 6.0
latero-median outer labial setae length 11.6 not measurable not measurable
lateral outer labial setae length 10.0 5.5 6.3
cephalic setae length 8.8 not measurable not measurable
anterior cervical setae length 10.0 12.0 not measurable
anterior pharyngostome rhabdion length 12.0 12.0 12.4
posterior pharyngostome rhabdion length 8.0 7.5 10.7
spicules length (arc) 38.0 - -
spicules length (chord) 33.0 - -
gubernaculum length 12.0 - -
tail terminal cone length 16 not measurable not measurable
Pharynx cylindrical and strongly muscular. Nerve ring hardly discernible. Intestine is composed
of convex enterocytes bulging in the gut lumen. Gut content in the holotype male is a long, fine-granular
body, possibly a digested prey nematode in the posterior half of the intestine.
Female reproductive system is didelphic, both ovaries short and small, antidromously reflexed;
in one female, anterior ovary to the right and posterior ovary to the left of the intestine, in other female
anterior ovary to the left and posterior to the right of the intestine. Both spermathecas and uteri branch
are filled with spermatozoa. Posterior ovary contains large oocyte with coarsely granulated cytoplasm
and large nucleolated nucleus in the center. Somatic cuticle around vulva is thickened and distinctly
set off as a vulvar plate.
Male reproductive system is diorchic. Both anterior outstretched and posterior reflexed testes
situated ventrally and to the right of the intestine. Spicules equal, slightly arcuate, distally narrowed,
proximally located, with very weakly developed knobs. Gubernaculum as a pair of short bars parallel
to posterodistal edge of spicules. Preanal set of midventral supplementary organs composed of a
midventral preanal seta and a row of about eight nail-head-shaped organs. The latter are not quite
distinctly observed because of their position on the concave body side and covering by foreign particles.
Tail short and conical; its terminal cone covered with smooth cuticle and curved to the left.
3.3.4. Diagnosis
Latronema with small and stout body (L 591–718 μm, a 13.9–19). All the anterior setae (i.e., inner
labial setae, outer labial setae, and cephalic setae) are similar in length, ca 9-12 μm in males, 6–6.5 μm
in females. Amphideal fovea small and obscure. Anterior pharyngostome rhabdion 12–12.5 μm long,
posterior rhabdions 7.5–11 μm. Spicules arcuate, 38 μm long, gubernaculum 12 μm. Preanal midventral
row of supplementary organs made up of preanal conical seta and twelve sucker-like organs. Tail very
short (c 14.4, c’ 1.6), with terminal cone ca 16 μm long usually turned left.
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3.3.5. Differential Diagnosis
L. obscuramphis sp. n. differs considerably from most Latronema species by combination of body
size, anterior setae length, size and shape of amphideal fovea, size of spicules, number of preanal
supplementary organs. L. aberrans (Allgén, 1934), L. annulatum (Gerlach, 1953), and L. spinosum
(Andrássy, 1973) are closest to L. obscuramphis in characters cited above. L. obscuramphis differs from L.
aberrans (the species known from the west Baltic Sea and White Sea) by smaller body length (male,
L 591 versus 960 μm; females, L 666–718 versus 1140 μm) and lesser number of preanal supplementary
organs (8 versus 13); from L. annulatum (Madagascar, littoral) by tail shape (in male c’ 1.64 versus
2.4–2.8), longer spicules (38 μm versus 27 μm), and lesser number of supplements (8 versus 12);
and from L. spinosum (Cuba, only female known) by no spinose body cuticular rings, smaller body
(666–718 versus 850–1062 μm), and lesser index b (3.8–4.4 versus 4.5–5).
4. Conclusions
The nematofauna of the intertidal sandy beach of Jeju Island is very rich, including over 70
species representing nearly all the families of marine free-living nematodes. Even described species of
Thoracostomopsidae [5,6] and Selachinematidae (present paper) constitute only about one-third of the
actual diversity of those families from the studied Jeju beach. In forthcoming works, we will try to
identify at least the most common nematode species, aiming in the future to reveal fauna composition
and species distribution from upper to lower intertidal horizons, as well as vertical distribution in
sediment columns.
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Abbreviations
a body length divided by body diameter at midbody
b body length divided by pharynx length
c body length divided by tail length
c’ tail length divided by anal body diameter
CV coefficient of variation (SD divided by mean, in %)
SD standard deviation
V distance from anterior end to vulva in % of entire body length
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Abstract: Gastrotricha is a group of meiofaunal-sized, free-living invertebrates present in all aquatic
ecosystems. The phylum includes over 860 species globally, of which 505 nominal species have
been recorded in marine sandy sediments; another 355 taxa inhabit the freshwater environments,
where they are recurrent members of the periphyton and epibenthos, and, to a lesser degree, of the
plankton and interstitial fauna. Gastrotrichs are part of the permanent meiofauna and, in general,
they rank among the top five groups for abundance within meiobenthic assemblages. The diversity,
abundance, and ubiquity of Gastrotricha allow us to suppose an important role for these animals in
aquatic ecosystems; however, ecological studies to prove this idea have been comparatively very few.
This is mainly because the small size and transparency of their bodies make gastrotrichs difficult
to discover in benthic samples; moreover, their contractility and fragility make their handling and
morphological survey of the specimens rather difficult. Here we offer an overview, describe the basic
techniques used to study these animals, and provide a key to known genera in an attempt to promote
easy identification and to increase the number of researchers who may be interested in conducting
studies on this understudied ecological group of microscopic organisms.
Keywords: benthos; biodiversity; key; meiofauna; taxonomy
1. Introduction
Gastrotrichs are minute (from 60μm to 3.5 mm in total length) vermiform, acoelomate invertebrates;
they inhabit the aquatic ecosystems of the world as part of the meiofaunal communities. In freshwater
habitats, gastrotrichs are members of the benthos and periphyton and, to a limited degree, also of the
plankton and psammon. In marine settings, these tiny animals inhabit (mostly) the interstice of the
sandy habitats and are usually the third group in density among the interstitial meiofaunal taxa, behind
the nematodes and the harpacticoid copepods (e.g., abundance up to 364 ind./10 cm2) [1]; however,
several studies have found them to be the second or the first most abundant meiobenthic group [2–5].
In inland waters, the group usually figures among the top five most abundant taxa, and populations
may attain a density of 2600 ind./10 cm2 [6]. In marine as well as in freshwater systems, the ecological
role of Gastrotricha is accomplished within the detritivorous, microphagous benthic assemblage.
Gastrotrichs feed on bacteria, microscopic algae, and small protists; food is ingested by aspiration
thanks to the powerful, triradiated, myoepithelial pharynx. In turn, they represent prey for small
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macrofauna, carnivorous ciliates, and free-living flat worms. The gastrotrichs’ ecological disparity is
coupled with an ample morphological diversity which may seem amazing when comparing the large
and vermiform marine representatives with the tiny and tenpin-shaped freshwater forms. Despite their
variety, gastrotrichs are considered to constitute a monophyletic group (phylum) based on the following
synapomorphies: (1) cuticle made up of two layers, with the external layer (epicuticle) consisting of
one or more plasma-membrane-like sheets (lamellar layer); (2) epicuticle covering the entire body,
including the locomotor and sensorial cilia; (3) a “duo-gland system” adhesive apparatus lacking
an anchor cell; and 4) peculiar helicoidal muscles enwrapping the anterior portion of the alimentary
canal [7,8]. The phylum has a worldwide distribution with some 860 nominal species (as of July 2019)
distributed into two orders: Chaetonotida, including 483 tenpin- or bottle-shaped species, two-thirds
of which are found in inland ecosystems, and Macrodasyida, grouping 377 vermiform species, the vast
majority of which are marine or, more rarely, estuarine. Only four macrodasyidan species, belonging
to the genera Marinellina (1 sp.) and Redudasys (3 spp.), have been reported from freshwater habitats
to date. The current classification sees the order Chaetonotida divided into 8 families and 32 genera,
whereas the order Macrodasyida counts 10 families and 36 genera. The continuous description of new
taxa (species, genera) and the ongoing process of re-systematization suggest that we should consider
the statistics reported above as being highly conservative.
Phylogenetic relationships of the Gastrotricha have been questioned for a long time. By virtue
of their morphological traits, many researchers have considered Gastrotricha to be close relatives
of Nematoda, Rotifera, Gnathostomulida, or Kinorhyncha, within large assemblages such as the
Aschelminthes, Pseudocoelomates, etc. However, phylogenetic analyses of the “Aschelminthes”,
grounded on genetic traits (e.g., 18S rRNA gene) showed such groupings to be polyphyletic and
Gastrotricha as part of the Lophotrochozoa but with unstable alliances within the clade [9]. Recent
phylogenomic studies have also dismissed the Platyzoa clade, within which Gastrotricha has been
allocated for some time, and have convincingly shown Gastrotricha together with the Platyhelminthes
allied in a clade named Rouphozoa as a subset within the protostomian Spiralia [10,11]. Parts of the
in-group phylogenetic relationships remain unclear, e.g., the evolutionary relationships between the
representatives of the two orders or within the clearly paraphyletic family Chaetonotidae. Fortunately,
relationships among taxa belonging to several families, especially of the Macrodasyida, are becoming
less obscure [9,12–19].
Recent overviews of the gastrotrichs’ biology and morphology have been offered by several
authors [20–22]. Updated information regarding, e.g., classification, distribution, literature, etc., can
be found at the dedicated Gastrotricha World Portal [23] and through the World Register of Marine
Species (WoRMS) [24].
2. Materials and Methods
2.1. Sampling
Sampling procedures in freshwater environments and marine ecosystems are usually analogous;
qualitative studies implicate the gathering of sediment by mean of a scoop, spoon, plastic jar, or a
hand-held planktonic net, while quantitative research typically uses corers of clear plastic or Plexiglas
(2–5 cm inner diameter, 10–20 cm long). The sea-dweller taxa are typically interstitial, inhabiting
preferentially clean, fine to medium sands, with some occurring in muddy substrata (e.g., Musellifer
spp.) and a few that are tolerant of high sulphide or organic loads [25–30].
Qualitative intertidal sampling is typically carried out at low tide; pits are dug in the beach,
and the sand from the bottom and the wall of the pits is then removed with a spoon or scoop and
transferred to plastic jars (Supplementary Material Figure S1); subtidal material for qualitative studies
can be taken directly by scooping up the upper 10 cm sediment surface with a plastic container (e.g.,
a 500 mL jar), which is immediately closed off underwater (Supplementary Material Figure S2). Jars
filled with sand are then transported to the laboratory and allowed to rest for some time (1 h to
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overnight) at a suitable temperature. Over the hours, the fauna move upward and will enrich the top
layers of the sand, facilitating the following extraction process (see below). The horizontal distribution
of Gastrotricha is patchy; consequently, the collection of several small samples is more illustrative of
the taxonomic assemblage of a location than a sole big sample. Interstitial forms of freshwater habitats
may be collected using similar techniques. Freshwater gastrotrichs that live on the surfaces of rooted
aquatic plants, along with benthic, periphytic, and semiplanktonic taxa, are qualitatively sampled by
gathering bunches of vegetation together with the bottom deposits and filtering the water through
a net or a sieve with mesh of appropriate size (e.g., 25–30 μm) (Supplementary Material Figure S3).
The gastrotrich-enriched sample is placed in buckets and rapidly transported to the laboratory where
it is subsequently moved to small aquaria, kept at a suitable temperature, and moderately oxygenated
with an air stone (Supplementary Material Figure S4).
2.2. Extraction
Freshwater and marine samples should both be processed within 5–6 days to obtain the
living specimens, which are normally better suited than preserved animals for taxonomic purposes
(e.g., identification) since fixation generally causes artifacts that alter and/or obscure the diagnostic
characteristics. For freshwater samples only, additional checks 2–4 weeks after sampling are advisable,
since taxa initially absent may be found later due to the hatching of resting eggs.
Interstitial fauna can efficiently be separated (extracted) from the sand by narcotization and
decantation, using a solution of MgCl2 (7% marine sample or 1% freshwater sample) as a narcotic.
For this purpose, 1–2 spoons of the fauna-enriched top layer of sand (see above) are placed into a
small vessel with a sufficient amount of added narcotic solution to cover the sand. The material is then
swirled and allowed to sit for 5 minutes, after which it is gently swirled again and the liquid decanted
into small Petri dishes (5.5 cm). At this stage, a small amount of either seawater (marine samples) or
freshwater (freshwater sample) is added to each Petri dish, which is then scanned for gastrotrichs
using a binocular microscope at 40–50×magnification, preferably in transmitted light (Supplementary
Material Figures S5,S6).
The freshwater, non-sandy samples placed in the small aquaria, as reported above, may be
processed for gastrotrichs by sucking up with a large pipet a small amount of the detritus and the
overlying water and by transferring the sucked material to a large Petri dish (9.5–12 cm); the dish
is then scanned for active (motile) gastrotrichs under a dissecting microscope as described above
(Supplementary Material Figure S4). Alternatively, material collected with the large pipet may
be transferred to a glass flask, with an equal quantity of 2% MgCl2 solution added, aliquoted
into Petri dishes of suitable diameter, and thence analyzed for narcotized gastrotrichs under a
dissecting microscope.
For obvious reasons, quantitative studies should be based on fixed material. To reduce artifacts
that may hamper species identification, treatment of the freshly collected material (samples) with a
solution of magnesium chloride (7% for marine or 1% for freshwater samples) for 5–10 min is very much
suggested before the material is fixed. Fixation may be done using a solution of 10% borax-buffered
formalin; later, some rose bengal (1%) may be added to ease sorting. Gastrotrich specimens in the
quantitative samples may be extracted from the sandy substrata using the same techniques used
for other meiofaunal taxa, e.g., by elutriation and multiple decantations. Extraction from samples
containing fine sediment and rich in detritus can be carried out by centrifugation using the silica gel
LUDOX AM (d = 1.210) to create a gradient [31]. The supernatant should be filtered using a 20–30 μm
mesh sieve to concentrate the gastrotrichs.
2.3. Morphological Analysis
Morphometric data should be acquired on living, relaxed specimens mounted on a microscope
slide and covered with a square coverslip (15–18 mm). As the mounting of a gastrotrich may be
tricky, the following practice carried out routinely at the first author laboratory may facilitate the
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task. To mount the specimen of interest, a drop of the same medium the specimen is extracted from is
put on a clean microscope slide and a single gastrotrich is transferred to it by using a micropipette
(mouth or hand held). In the case of freshwater medium, to relax/anesthetize the specimen, a small
amount of 1% magnesium chloride solution can be added to the liquid containing the gastrotrich;
alternatively, small crystals of alkaloids such as novocaine or procaine are put at the edge of the water
so they dissolve gradually in the water, anesthetizing the animal. Thereafter, a clean coverslip (cover
glass) is carefully put on the water. To avoid excessive animal compression, the coverslip should not
be used as it is; instead, small modelling clay posts are attached beneath its corners before it is put in
place (Supplementary Material Figures S7,S8). As deep morphological survey requires the use of oil
immersion optics (e.g., 60×, 100×) it is important the specimen be positioned far from the sides of the
coverslip. Proper positioning of the specimen at (or near) the center of the slide and its dorso-ventral
orientation may be attained by adding a tiny amount of the liquid medium to the cover glass sides
or by absorbing the liquid with a piece of blotting paper. Animals gently compressed between the
slide and the coverslip are then observed under an upright biological microscope, preferably using
DIC (differential interference contrast) lenses (Supplementary Material Figure S9). Fine anatomical
traits may necessitate SEM observation; for this purpose, specimens are opportunely prepared (e.g.,
by hesamethildysilazane or the CPD (critical point drying) technique) [32,33].
Identification of formalin-fixed gastrotrichs from a location may be facilitated by a preliminary
identification of the local fauna based on living specimens. Regardless, identification of preserved
material can be executed on animals included in watery solutions, or better, established on
(semi)permanent mounts. The latter can be set by including the gastrotrichs in a solution of
glycerol–formalin (1:3), and the coverslip is then sealed with nail polish or Glyceel. Alternatively,
specimens may be mounted in absolute glycerol on an H-S slide after immersion in a 10%
glycerol–ethanol solution, which is allowed to evaporate in an oven at 40 ◦C for 2–4 days [34]. However,
in many cases, permanent mounts—even in the case of uncontracted, well-oriented specimens—do
not permit a full identification as many of the diagnostic traits deteriorate over time. Consequently,
for taxonomic purposes, photos or high-resolution video sequences of living, relaxed specimens may
deliver superior long-lasting records of the anatomical characteristics of a species compared with
specimens mounted on microscope slides.
2.4. Taxonomic Key
The following key, modified from [35], encompasses the valid families and genera of Gastrotricha
(Figures 1–20) described to date [24]. Two families (Redudasyidae and Hummondasyidae, belonging
to Macrodasyida) and five genera (Bifidochaetus and Cephalionotus belonging to Chaetonotida and
Anandrodasys, Hummondasys, Thaidasys, and Kryptodasys belonging to Macrodasyida) included herein
have been established since the publication of the previous keys [12–15,36,37]. For the inclusion of
Megadasys among the Planodasyidae (order Macrodasyida), see [18].
The key is designed to be used by researchers and students who have a general knowledge on
how to identify animals but may not have much expertise on Gastrotricha; it is practical in style and is
grounded on relevant discriminatory traits as they appear in relaxed mature animals. In most cases,
anatomical traits are those which are easily visible using differential interference contrast optics and
which are countable. However, to facilitate the assignment, it is imperative that the mounted specimen
to be identified is oriented in a dorso-ventral fashion. The following abbreviations are used in the key:
PhIJ, pharyngo-intestinal junction; TbA, adhesive tubes of the anterior series; TbD, adhesive tubes of
the dorsal series; TbP, adhesive tubes of the posterior series; TbV, adhesive tubes of the ventral series.
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3. Results
Key to Families and Genera of Gastrotricha
1a Body flask-, bottle- or tenpin-shaped; posterior body region usually furcate (furca), less often
rounded off or bifurcate; cuticle usually forming ornamentations such as scales and spines;
TbA, TbD, and TbL absent; TbP present, numbering 2 (rarely 4 or 0) at the distal end of the furcal
rami; mouth narrow; pharynx lacking pores. Freshwater, marine, and brackish: periphytic,
epibenthic, and interstitial, occasionally semiplanktonic. Order CHAETONOTIDA, Suborder
PAUCITUBULATINA (Figure 1A–C) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .... 38
1b Different from the above. . . . .. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .... . . . . . . . . . .... 2
Figure 1. Drawings of hypothetical Chaetonotida: (A–C) Paucitubulatina and (D) Multitubulatina
(Neodasys). (A) Habitus, dorsal view; (B,C) anterior region, ventral view, showing different arrangement
of the locomotor ciliations. Abbreviations: Ce, cephalion; Ci, locomotor cirri; eg, egg; Fu, furca;
HC, hemoglobin-containing cell; Hy, hypostomion; In, intestine; LC, locomotor cilia; Mt, mouth; Ph,
pharynx; PhIJ, pharyngo-intestinal junction; Pl, pleuria; SB, sensorial bristle; SC, sensorial cilia; sk,
scales with a keel; sns, scales with notched spines; Sh, spermatophores; Sp, spermatozoa; ss, scales
smooth; sss, scales with simple spines; sts, scale with a stalk; TbL, lateral adhesive tubes; TbP, posterior
adhesive tubes. (A–C), original; scales redrawn and modified from [38]; (D), redrawn and modified
from [39].
2a (1b) Body vermiform; cuticle naked, not forming scales and/or spines; TbA and TbD absent;
TbL present in the form of numerous papillae along each side; TbP, some per side, fused
at their bases forming two adhesive structures; mouth narrow, pharynx lacking pores.
Uncommon; marine: interstitial. Order CHAETONOTIDA, Suborder MULTITUBULATINA,
NEODASYIDAE . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . ... Neodasys (Figure 1D)
2b (1b) Body usually vermiform, occasionally tenpin-shaped; cuticle naked or forming
ornamentations such as plates and multi-pointed hooks; TbA, TbL, and TbP present, usually
numerous; TbD present in several taxa; mouth opening narrow to broad; pharyngeal pores
usually present. Marine and brackish, rarely fresh water: interstitial. Order MACRODASYIDA
(Figure 2) ... . . . ... . . . ... . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. 3
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Figure 2. Drawing of a hypothetical Macrodasyida. (A) Habitus showing the internal organs, dorsal
view; (B) anterior region, ventral view, showing some of the possible arrangements of adhesive
tubes of the anterior series, i.e., borne, singly, directly from the body surface (the two most anterior
ones), and borne in a group on a fleshy extensible base (the posterior one); (C–E), some of the
possible configurations of the posterior region, ventral view; (F) some of the possible spines and
scales found among Macrodasyida. Abbreviations: AAO, accessory adhesive organs; An, anus; CO,
caudal organ; Eg, egg; Fo, frontal organ; In, intestine; LS, leaf-like sensorial organ; Ph, pharynx; PhIJ,
pharyngo-intestinal junction; PhP, pharyngeal pores; PS, piston pit sensorial organ; TbA, anterior
adhesive tubes; borne singly, directly from the body; TbP, posterior adhesive tubes; TbVL, ventrolateral
adhesive tubes; Te, testicle. (A–C) original; (D) modified from [13]; (E) modified [15].
3a (2b) Marine or brackish. ... . . . ... . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . .. . . . . . . . . . 4
3b (2b) Freshwater. ... . . . . . . .. . . . . . . .... . . . . . . . . . . . . . . . . . . ....... . . . . . . ... . . . . . . .... . . . . . . .. . . . . . . 37
4a (3a) Body tenpin-shaped; head well discernible, including most of pharynx; TbD absent; posterior
body region lobed, furcate, or bifurcate. Cuticle bare or developing thickenings and ridges. ..
. . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . ... . . . . . . ... . . . 5
4b (3a) Body vermiform, head usually indistinct or, when distinct, includes only part of pharynx;
cuticle naked or developing spines and/or scales. . . . ... . . . . . . . . . . . . . . . . . . . . . . . . ..... . . . ... 9
5a (4a) Cuticle naked; dorsal side of the trunk naked; chordoid organ not present. Common to rare;
marine and brackish: interstitial. DACTYLOPODOLIDAE (Figure 3) . . . . . . . . . . . . . . . . . . . . 6
5b (4a) Cuticle often developing thickenings and ridges; if naked, the trunk bears, on the dorsal side,
long rod-like structures; chordoid organ present. Rare; marine: interstitial. XENODASYIDAE
(Figure 4) . . . . . . ... . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . . . . . . . . . . . . . . .... . . . .. . . . 8
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Figure 3. Macrodasyida, Dactylopodolidae: models of (A) Dactylopodola, (B) Dendropodola, and
(C) Dendrodasys. Scale bars = 100 μm. (A) from [40] with modifications, (B) from [41] with modifications,
and (C) from [42] with modifications.
6a (5a) Head simple or bearing two sensorial tentacles; cuticular covering bare; posterior body region
bilobed; TbL present. Regionally common; marine: interstitial. .. . . . .. . . . . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .... . . . ... Dactylopodola (Figure 3A)
6b (5a) Head simple or with crenulated lateral lobes; cuticular covering bare; posterior body region
bifurcate; TbL absent. . . . . . . .. . . . .. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7
7a (6b) Head simple, cuticle naked. Rare; marine: interstitial. . . . ... . . . .. Dendropodola (Figure 3B)
7b (6b) Head with elongate crenulated lateral lobes. Uncommon; marine: interstitial. . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Dendrodasys (Figure 3C)
8a (5b) Trunk region without tentacles, but presenting dented lateral sides; posterior body
region furcate; distal rami, each showing a small TbP. Rare; marine: interstitial.
......................................................................................................................... Xenodasys (Figure 4A)
8b (5b) Trunk region bearing numerous tentacles; lateral sides of the trunk region parallel, lacking
indentations; posterior region furcate; each ramus showing an adhesive pad at the end. Rare;
marine: interstitial. . . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . ... . . . ..... Chordodasiopsis (Figure 4B)
83
Diversity 2019, 11, 117
Figure 4. Macrodasyida, Xenodasyidae: models of (A) Xenodasys and (B) Chordodasiopsis. Scale bars =
200 μm. (A) from [39] with modifications, (B) from [43] with modifications.
9a (4b) TbA, usually 4 or more per side, occasionally 2 or 3, at the end of extensible fleshy base
(Figure 2B); pharynx with pores located at the base. ................................................................. 10
9b (4b) TbA, generally 1 to 3 per side, occasionally 4 or more, arising singly and directly from the
body surface; pharynx with pores at the base or in the middle. .............................................. 16
10a (9a) Head generally well demarcated posteriorly by a furrow; posterior body region tapered
into a medial process, truncated, rounded, or broadly expanded, but never two-lobed.
CEPHALODASYIDAE (partim) (Figure 5) .................................................................................. 11
10b (9a) Head normally not clearly delimited; posterior body region two-lobed. TURBANELLIDAE
(partim) (Figure 6) ........................................................................................................................... 12
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Figure 5. Macrodasyida, Cephalodasyidae: models of (A) Cephalodasys, (B) Pleurodasys, (C) Mesodasys,
(D) Dolichodasys, and (E) Paradasys. Scale bars = 200 μm. (A–D) from [39] with modifications,
(E) from [35] with modifications.
11a (10a) Head surrounded by very thick and dense sensory cilia; a couple of accessory adhesive organs
present near the PhIJ, laterally directed; each organ comprising 3–4 tubes of unequal length;
a couple of club-shaped gravireceptor organs on the dorsal side of the posterior cephalic
region may be present. Rare; marine: interstitial. . . . . . . .. . . . .. . . . .. Pleurodasys (Figure 5B)
11b (10a) Cephalic sensory cilia and accessory adhesive organs described above are absent. Regionally
common; marine and brackish: interstitial. ... . . . ... . . . ... . . . .. . . . . Cephalodasys (Figure 5A)
12a (10b) Head showing elongate lateral tentacles. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 13
12b (10b) Head without tentacles, occasionally with conical lobes. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 14
13a (12a) TbL numerous. Uncommon; marine: interstitial. . . . . . . . . . . . . . . . . .. Dinodasys (Figure 6A)
13b (12a) TbL lacking, paired TbV inserted just past the PhIJ. Rare; marine: interstitial. .................
............................................................................................................. Pseudoturbanella (Figure 6B)
14a (12b) Paired accessory adhesive organs in the anterior pharyngeal region; organs are posteriorly
directed, and each is made up of two tubes of unequal lengths. Common; marine and
brackish: interstitial. . . . . . . . . . . . . . .. . . . . . . . . . . . . . . . . . . . . . . . . Paraturbanella (Figure 6C)
14b (12b) Accessory adhesive tubes described above are either absent or present in different body
regions. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 15
15a (14b) Accessory adhesive tubes not present. Common; marine and brackish: interstitial. . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Turbanella (Figure 6E)
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15b (14b) Accessory adhesive tubes present, close to the PhIJ. Rare; marine: interstitial. . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . Prostobuccantia (Figure 6D)
Figure 6. Macrodasyida, Turbanellidae: models of (A) Dinodasys, (B) Pseudoturbanella, (C) Paraturbanella,
(D) Prostobuccantia, (E) Turbanella, and (F) Desmodasys. Scale bars = 200 μm. (A) from [44] with
modifications, (B) from [39] with modifications, (C) from [45] with modifications, (D) from [46] with
modifications, and (F) from [47] with modifications.
16a (9b) Pharynx with pores far from the base; posterior body region unilobed, ovoidal in shape, or
tapering off. MACRODASYIDAE (Figure 7) . . . ......................................................................... 17
16b (9b) Pharynx with pores at the base; posterior end of body not tapering off . . . . . . . . . . . . . . . . . . 20
17a (16a) Head bearing a lateral leaf-like sensorial organ; posterior body region unilobed, ovoidal in
shape. Rare; marine: interstitial. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Thaidasys (Figure 7B,C)
17b (16a) Head bearing lateral piston pit sensorial organs; posterior body region tapering into a medial
process. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 18
18a (17b) Posterior process in the form of a long tail. Regionally common; marine: interstitial and
epibenthic. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Urodasys (Figure 7E)
18b (17b) Posterior process short or in the form of a short tail. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 19
19a (18b) Frontal organ posterior to the largest egg; spermatozoa filiform. Common; marine: interstitial.
. . . .. . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . .. . . . . . . . . . . . . . . . . . . . . . . . . . . . Macrodasys (Figure 7D)
19b (18b) Frontal organ anterior to the largest egg; spermatozoa stout. Uncommon; marine: interstitial.
. . . . . . . . . . . . . . . . . . . . . . . . ... . . . . . . .. . . . . . . . . . . . . . . . . . . . . . . . . . . . Kryptodasys (Figure 7A)
20a (16b) Cuticle forming ornamentations such as hooks, papillae, scales, or thickenings. . . . . . . . . . 21
20b (16b) Cuticle smooth, without ornamentation such those reported above. . . . . . . . . . . . . . . . . . . .. 27
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Figure 7. Macrodasyida, Macrodasyidae: models of (A) Kryptodasys, (B, C) Thaidays, (D) Macrodasys,
and (E) Urodasys. Scale bars: (A–C) = 100 μm, (D, E) = 200 μm. (A) from [15] with modifications,
(B,C) from [14] with modifications, and (D, E) from [39] with modifications.
21a (20a ) Presence of elongate scales; mouth narrow; pharynx without pores. Uncommon; marine:
interstitial. LEPIDODASYIDAE ............................................................. Lepidodasys (Figure 8)
21b (20a) Presence of variously spined hooks, large scales, or papillae; mouth opening generally broad;
pharyngeal pores present. THAUMASTODERMATIDAE (partim) (Figure 9) . . . . . . . . . . . . 22
22a (21b) Presence of papillae or large scales. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23
22b (21b) Presence of uni- or multi-spined hooks. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . 24
Figure 8. Macrodasyida, Lepidodasyidae: model of Lepidodasys. Scale bar = 200 μm. From [39]
with modifications.
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23a (22a) Cuticle with large scales, but not papillae; on either side of the body a single row of wide
spines present. Regionally common; marine: interstitial. ................. Diplodasys (Figure 9A)
23b (22a) Cuticle with papillae, but not scales or spines. Uncommon; marine: interstitial. . . . . . . . . . . . .
. . . . . . . . . . . . . . . ... . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . .. . . . .... Oregodasys (Figure 9B)
24a (22b) Cuticle with hooks showing a single spine; right and left testicles present; Common; marine:
interstitial. . . . . . . . . . . . . . ... . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . Acanthodasys (Figure 9C)
24b (22b) Cuticle with hooks showing more than one spine; a single testicle on the right-hand body
side. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 25
25a (24b) Anterior body region showing conspicuous, grasping structures on either side of the mouth
funnel (buccal palps); hooks bearing 5, 4, or 3 spines (penta-, tetra-, or triancres). Common;
marine: interstitial. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Pseudostomella (Figure 9D)
25b (24b) Anterior body region without buccal palps; hooks showing 5, 4, 3, or 2 spines (penta-, tetra-,
tri-, or biancres). . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . 26
26a (25b) Head bearing two pairs of sensoria tentacles on the lateral sides; mouth narrow, hooks with
four spines. Common; marine: interstitial. . . . . . . . . . . . . . . . . .... Thaumastoderma (Figure 9E)
26b (25b) Head bearing no or one pair of sensorial tentacles on the lateral sides; hooks with 5, 4, 3, or 2
spines. Very common; marine: interstitial. . . . . . . . . . . . . ... . . . Tetranchyroderma (Figure 9F)
Figure 9. Macrodasyida, Thaumastodermatidae: models of (A) Diplodasys, (B) Oregodasys,
(C) Acanthodasys, (D) Pseudostomella, (E) Thaumastoderma, (F) Tetranchyroderma, (G) Ptychostomella, and (H)
Hemidasys. Scale bars: (A–F, H)= 200 μm, (G)= 50 μm. (A) from [48] with modifications, (B–F) from [39]
with modifications, (G) from [41] with modifications, and (H) from [49] with modifications.
27a (20b) Male apparatus absent (i.e., parthenogenetic); TbA, two groups of three tubes per side; TbL,
four or five per side, TbP up to five per side. Rare; marine: interstitial. REDUDASYIDAE
(partim) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Anandrodasys (Figure 10A)
27b (20b) These characteristics not combined. . . . . . . . . . . . . . . . . . . . . . . . . ... . . . . . . . . . . . . . . . . . . . . . 28
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Figure 10. Macrodasyida, Redudasyidae: models of (A) Anandrodasys and (B) Redudasys. Scale bars =
50 μm. (A) from [50] with modifications, (B) from [51] with modifications.
28a (27b) TbA, several to many, arranged in two tufts; TbL absent. Rare; marine: interstitial.
TURBANELLIDAE (partim) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . Desmodasys (Figure 6F)
28b (27b) TbA, few to many, but not arranged in tufts; TbL normally present or, if absent, then TbA few
in number. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 29
29a (28b) TbA, few; TbL few; body elongate (to about 1 mm in length) and narrow; posterior end in the
form of two distinct pedicles. HUMMONDASYIDAE. . . . . . . . . . . Hummondasys(Figure 11)
29b (28b) These characteristics not combined. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 30
Figure 11. Macrodasyida, Hummondasyidae: model of Hummondasys. Scale bars = 100 μm. From [13]
with modifications.
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30a (29b) TbA, few to many; TbL and TbP, numerous (more than 10 per side); mouth narrow (< 0.4 ×
head width); posterior body region in the form of a large round lobe or clearly two-lobed.
PLANODASYIDAE (Figure 12) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 31
30b (29b) TbA or TbL numbering fewer than six tubes per side; oral opening narrow to broad, and if
narrow, then posterior body region not clearly two-lobed. . . . . . . . . . . . . . . . . . . . . . . . . . . . 33
31a (30a) TbA, present in low numbers; body very long (up to 3.5 mm in length) and rather narrow;
posterior body region ending as a large lobe. Uncommon; marine: interstitial. . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Megadasys (Figure 12A)
31b (30a) Posterior body region distinctly two-lobed. .. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 32
Figure 12. Macrodasyida, Planodasyidae: models of (A) Megadasys, (B) Planodasys, and (C) Crasiella.
Scale bars = 200 μm. From [39] with modifications.
32a (31b) Posterior lobes in the form of oval appendages; most anterior TbA arranged transversely;
caudal organ elongate. Rare; marine: interstitial. . . . . .. . . . . . . . . . . Planodasys (Figure 12B)
32b (31b) Posterior lobes in the form of furcate extensions; most anterior TbA arranged longitudinally;
caudal organ ovate. Uncommon; marine: interstitial. . . . . . . . . . . . . . . . Crasiella (Figure 12C)
33a (30b) Oral opening, narrow (< 0.4 × head width); right and left testicles present.
CEPHALODASYIDAE (partim) (Figure 5)................................................................................. 34
33b (30b) Oral opening broad (>0.6×head width) or, if narrow, leading to a large buccal cavity surrounded
by an oral hood; a single testicle, on the right-hand side. THAUMASTODERMATIDAE (partim)
(Figure 9) . . . . . . . . . . . . . . . . . . . . . . .. . . . .. . . . . . . . . . . . . . . . . . . . . . . . ... . . . . . . .. . . . . . . . . . . . . 36
34a (33a) Total body length > 1 mm; TbA, one per side; TbL in form of numerous papillae along the
body sides. Uncommon; marine: interstitial. . . . . . . . . . . . . . . . . . . Dolichodasys (Figure 5D)
34b (33a) Total body length < 1 mm. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 35
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35a (34b) TbA, 1–4 tubes per side, arranged in two groups; TbL, 0–6 tubes per side. Uncommon; marine:
interstitial. ................................................................................................... Paradasys (Figure 5E)
35b (34b) TbA, few to several per side; TbL, several to many. Common; marine: interstitial. . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . .. . . . ... . . . . Mesodasys (Figure 5C)
36a (33b) Oral opening, broad; locomotor cilia extending over the entire ventral surface; male genital
pore not surrounded by cuticular plates. Common; marine: interstitial. . . . . . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . ... . . . . . . . . . . . . . . . . . . . . . . . . Ptychostomella(Figure 9G)
36b (33b) Oral opening, narrow, leading to a large buccal cavity covered by an oral hood; ventral
locomotor cilia restricted to the pharyngeal region; male genital pore surrounded by cuticular
plates. Very rare (possibly extinct); marine: interstitial . . . . . . . . . . . . Hemidasys (Figure 9H)
37a (3b) Total body length 300–400 μm; TbA, 1–2 per side; pharyngeal pores present. Rare; interstitial.
REDUDASYIDAE (partim) . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . . .. . . . Redudasys (Figure 10B)
37b (3b) Body length up to 220 μm; TbA, one per side; pharyngeal pores absent. Rare; interstitial.
INCERTAE SEDIS. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Marinellina (Figure 13)
Figure 13. Macrodasyida, INCERTAE SEDIS: model of Marinellina. Scale bar = 50 μm. From [52]
with modifications.
38a (1a) Ventral locomotor ciliation made up of cirri (Figure 1C). Marine and brackish.
XENOTRICHULIDAE (Figure 14) ............................................................................................... 39
38b (1a) Ventral locomotor ciliation formed by single cilia, occurring in longitudinal bands or tufts,
never composed of cirri (Figure 1B). Freshwater, marine, and brackish. ............................... 41
39a (38a) Cirri of the head and pharyngeal regions of two different sizes, with 1–2 transverse rows of
small and short cirri anteriorly followed by transverse rows of big and longer cirri; frontal
portion of pharynx with a swelling (bulb). Common; marine and brackish: interstitial. .. . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . ... . . . . . . .. . . . . . . Heteroxenotrichula (Figure 14A)
39b (38a) Cirri, all of similar size, pharynx without anterior swelling (bulb). ... . . . . . . . . . . . . . . . . . . 40
40a (39b) Ovary and eggs present, testicles and spermatozoa absent; head clearly distinct; scales on the
dorsal side, flat; scales of the lateral mid-trunk, pedunculated; a pair of lateral spines at the
base of the furcal branches. Common; marine: interstitial. ........ Draculiciteria (Figure 14B)
40b (39b) Testicles and spermatozoa present; head in general not clearly defined; scales of the lateral
mid-trunk bearing a stalk or flat; if stalked, similar to the dorsal scales. Common; marine and
brackish: interstitial. . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . . . . .. . . . Xenotrichula (Figure 14C)
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Figure 14. Chetonotida, Xenotrichulidae: models of (A) Heteroxenotrichula, (B) Draculiciteria, and (C)
Xenotrichula. Scale bars = 50 μm. (A, C) modified from [35], (B) modified from [53].
41a (38b) Posterior body region furcate or bifurcate; caudal rami with or without TbP. . . . . . . .. . . . ..... 42
41b (38b) Posterior body region rounded or truncated; perhaps showing two caudal protuberances or
spines. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . 60
42a (41a) Posterior body region bifurcate, bearing four TbP or two TbP and two spiniform cuticular
processes; elsewhere, cuticle smooth, not forming scales or spines. Rare; freshwater: interstitial
or periphytic/epibenthic. DICHAETURIDAE . . . . . . . . . . . . . . . . . . . . . Dichaetura (Figure 15A)
42b (41a) Posterior body region furcate; cuticle smooth or forming spines and/or scales. .. . . . . . . ...... 43
43a (42b) Body cuticle smooth; caudal rami with TbP, sickle-shaped; cilia of the head not arranged
into tufts. Very rare; freshwater: semiplanktonic or hyperbenthic. PROICHTHYDIIDAE
(Figure 15B,C) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 44
43b (42b) Body cuticle generally forming spines and scales; caudal rami with or without TbP; if present,
caudal rami and TbP generally straight, short to very long; cilia of the head emerging as tufts
or forming a continuous band around the elongate, muzzle-like frontal end. . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 45
44a (43a) Cilia of the head arranged as a transverse row of small elements on the dorsal side; locomotor
cilia limited to head and neck, emerging as separate tufts. Freshwater: hyperbenthic . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . . . . . . . . . . Proichthydium (Figure 15B)
44b (43a) Cilia of the head emerging mostly from the lateral sides as single, short to very long elements;
locomotor cilia distributed in two bands that run from under the head to the posterior trunk
region. Freshwater: semiplanktonic. ..........................................Proichthydioides (Figure 15C)
92
Diversity 2019, 11, 117
Figure 15. Chetonotida: (A) Dichaeturidae, a model of Dichaetura. (B, C) Proichthydiidae, models
of (B) Proichthydium and (C) Proichthydioides. Scale bars = 50 μm. (A) from [54] with modification,
(B) from [55] with modification, and (C) re-sketched from [56].
45a (43b) Cilia of the head organized as one or two pairs of dorsal or ventrodorsal tufts. Common
(with the exception of Arenotus and Undula); freshwater, marine, and brackish: periphytic,
epibenthic, and interstitial CHAETONOTIDAE (Figures 16 and 17). . . . . . . . . . . . . . . . . . . 46
45b (43b) Cilia of the head organized in a band, encircling a muzzle-like frontal end; TbP numbering
two or four. Uncommon to rare, marine: epibenthic or interstitial. MUSELLIFERIDAE
(Figure 20) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . 67
46a (45a) TbP at the end of the furcal rami absent. Rare; freshwater: epibenthic. . . . . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . Undula (Figure 16A)
46b (45a) TbP at the end of the furcal rami present. ... . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 47
47b (46b) Furcal base narrow (pedunculated); caudal rami segmented; cephalion and hypostomion
extremely large; scales without a keel, notch, or spine. Rare; freshwater: epibenthic. . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Cephalionotus (Figure 16B)
47b (46b) These characteristics not combined. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 48
48a (47b) Furcal rami very long (up to one-third of the total body length), multi-segmented, bare or
with tiny spines or scales. Common, freshwater: periphytic and epibenthic. . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Polymerurus (Figure 16C)
48b (47b) Furcal rami from very short to mid length, not segmented, scales or spines limited to the
proximal portion or lacking altogether. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 49
49a (48b) Cuticular covering bare (or mostly bare) or made up of scales lacking spines; seldomly, some
spines may be present at the base of the furca. . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . .... . . . . . . 50
49b (48b) Cuticular covering including scales bearing spines (spined scales) and/or a keel (spined,
keeled scales and keeled scales, respectively); spines from long to very short, bearing 1–2
indentations laterally (notched spines), or simple. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 57
93
Diversity 2019, 11, 117
 
Figure 16. Chetonotida, Chaetonotidae: models of (A) Undula, (B) Cephalionotus, (C) Polymerurus,
(D) Arenotus, (E) Caudichthydium, (F) Ichthydium, (G) Aspidiophorus, (H) Heterolepidoderma,
(I) Lepidodermella, (L) Fluxiderma, (M) Rhomballichthys, (N) Lepidochaetus, and (O) Halichaetonotus.
Scale bars (A, C–D) = 50 μm, (B) = 25 μm. (A) from [57] with modifications, (B) from [37] with
modifications, (C) from [51] with modifications, (D) from [58] with modifications, (E–H, M) from [54]
with modifications, (I, L) from [59] with modifications, and (O) from [60] with modifications.
50a (49a) Cuticular covering bare, rarely a few scales and/or spines at base of the furca may be present.
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . ... 51
50b (49a) Cuticular covering wholly or prevalently made of spineless scales. . . . . . . . . . . . . . . . . . ... . . . 53
51a (50a) Cuticle completely bare, very thick, obviously distinguishable from the underlying epidermal
layer. Rare; freshwater: interstitial. . . . . . . ... . . . . . . ... . . . . . . . . . .. . . . . Arenotus (Figure 16D)
51b (50a) Cuticle thin, mostly bare, except for perhaps two terminal scales at the end ventral interciliary
field; occasionally, weak striations along the body or few spines and/or scales at the furcal
base may be present. Common; freshwater, rarely marine or brackish water: periphytic,
epibenthic, and interstitial. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . 52
52a (51b) Furcal base pedunculated; locomotor cilia distributed in separated tufts. Uncommon; marine:
interstitial. . . . . . . . . . . . . . . . . . . . ... . . . . . . .. . . . . . . . . . . . . .. . . . Caudichthydium (Figure 16E)
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52b (51b) Furcal base not pedunculated; locomotor cilia mostly forming two longitudinal bands.
Common; freshwater, rarely brackish or marine: epibenthic, periphytic, and interstitial. . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Ichthydium (Figure 16F)
53a (50b) Scales, small, keeled, or stalked. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54
53b (50b) Scales, large and bare, round, rhomboidal, or polygonal in shape. . . . . . . . . . . . . . . . . . . . . . . 55
54a (53a) Most scales with a stalk; occasionally, few scales may lack a stalk and bear a keel or a spine
instead. Common; freshwater, brackish, and marine: epibenthic, periphytic, and interstitial.
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Aspidiophorus (Figure 16G)
54b (53a) Numerous keeled scales; occasionally, few scales may bear a spine. Common; freshwater,
brackish, and marine: periphytic, epibenthic, and interstitial. . . . . . . . . . . . . . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . Heterolepidoderma (Figure 16H)
55a (53b) Scales polygonal in shape. Common; freshwater, rarely brackish or marine: interstitial,
epibenthic, and periphytic. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Lepidodermella (Figure 16I)
55b (53b) Scales rhomboidal or circular in shape. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 56
Figure 17. Chaetonotida, Chaetonotidae: models of (A) Chaetonotus and (B) Bifidochaetus. Scale bars (A)
= 50 μm, (B) = 10 μm. (A) from [61] with modifications, (B) from [62] with modifications.
56a (55b) Scales circular. Rare; freshwater: periphytic. ..................................... Fluxiderma (Figure 16L)
56b (55b) Scales rhomboidal. Rare; freshwater: periphytic. ................. Rhomballichthys (Figure 16M)
57a (49b) Scales of the ventral interciliary field similar in shape to the scales of the dorsal side; scales
of the dorsal side possessing a double edge anteriorly, with or without a spine but always
deprived of a keel; several pairs of thin spines of increasing length at the lateral sides of the
furcal base. Rather common; freshwater: periphytic and epibenthic. . . . . . . . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . ... . . . Lepidochaetus (Figure 16N)
57b (49b) Scales of the ventral interciliary field dissimilar in shape from scales of the dorsal side; scales
of the dorsal side with a single edge anteriorly, keeled or keeled and spined .. . . . . . . . . . . . . 58
58a (57b) Scales lateral to the ventral locomotor cilia with spines bearing lamellae (hydrofoil scales);
scales of the dorsal side bearing a keel; seldom presence of 1–5 scales bearing spines. Common;
marine and brackish: interstitial. . . . . . . . . . . . . . . . . . . .. . . . ... Halichaetonotus (Figure 16O)
58b (57b) Scales bearing spines with lamellae normally absent; if present, dorsal scales spined. . . . . ..59
59a (58b) Dorsal scales round to suboval, without keels and/or notches but carrying distally bifurcating
hairlike spines. Rare; freshwater: epibenthic . . . . . . ... . . . ... . . . .. Bifidochaetus (Figure 17B)
59b (58b) These characteristics not combined. Very common; freshwater, marine, and brackish:
epibenthic, periphytic, and interstitial. . . . . . . . . . ... . . . . . . . . . . . . . . . Chaetonotus (Figure 17A)
60a (41b) Posterior body region rounded-off or truncated with paired lateral projections; head bearing
a pair of rod- or club-shaped tentacles; trunk bearing small, spined scales; rarely, trunk scales
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restricted to a small patch on the ventral side. Uncommon to rare; freshwater: hyperbenthic
and semiplanktonic. NEOGOSSEIDAE (Figure 18) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. 61
60b (41b) Posterior body region rounded or truncated, occasionally with a very short caudal lobe or
paired postero-lateral protuberance; head without tentacles; body scales reduced or absent;
trunk bearing very long and movable spines arranged into groups. Uncommon to rare;
freshwater: hyperbenthic, epibenthic, and semiplanktonic. DASYDYTIDAE (Figure 19)... 62
Figure 18. Chaetonotida, Neogosseidae: models of (A) Neogossea and (B) Kijanebalola. Scale
bars = 50 μm. (A) from [54] with modifications, (B) from [57] with modifications.
61a (60a) Posterior body region truncated, showing two lateral projections bearing a tuft of long
spines; trunk with fine spined scales. Uncommon: epibenthic and semiplanktonic.
...................................................................................................................... Neogossea (Figure 18A)
61b (60a) Posterior body region rounded, with a central group of spines and no lateral projections; trunk
with keeled scales, seldom reduced to a small group on the ventral side. Rare: epibenthic and
semiplanktonic. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . Kijanebalola (Figure 18B)
62a (60b) Trunk region bearing long, scattered spines on the dorsal side or two caudal spines only;
body scales absent; locomotor cilia arranged in two longitudinal bands; pharynx bearing two
robust swellings (bulbs). Rare: epibenthic and semiplanktonic. . . . . . . . . . . . . . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . ... . . . .. . . . . . . . . . . . . . . . . . . . . . . . . .... Anacanthoderma (Figure 19A)
62b (60b ) Trunk region bearing long, lateral spines arranged into columns or groups; dorsal spines
present or absent; locomotor cilia arranged in tufts; pharynx bearing a single swelling or
cylindrical. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 63
63a (62b) Lateral spines, simple or with notches; if present, scales large, elliptical in shape, and few in
number; pharynx cylindrical (i.e., without bulbs). . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 64
63b (62b) Lateral spines with a single lateral notch and bifurcate apex, or with 2–3 lateral notches and
pointed apex; if present, numerous, small, keeled scales; pharynx bearing a swelling at the
posterior end. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . 65
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Figure 19. Chaetonotida, Dasydytidae: models of (A) Anacanthoderma, (B) Ornamentula, (C) Stylochaeta,
(D) Dasydytes, (E) Haltidytes, and (F) Setopus. Scale bars = 50 μm. (A, F) from [54] with modifications,
(B–E) from [57] with modifications.
64a (63a) Trunk showing dorsal spines; two pairs of caudal spines; all spines show a noticeable lateral
notch; dorsal scales, rather large and of peculiar lace-like appearance. Rare: epibenthic,
periphytic, and semiplanktonic. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Ornamentula (Figure 19B)
64b (63a) Trunk lacking dorsal spines; a single pair of caudal spines or none; if very long, the lateral
spines are thick and bent basally, becoming thinner and thinner distally; lateral notch present
or absent; where present, body scales are small and feebly keeled. . . . . . . .. . . . ... . . . . . . ... 66
65a (65b) Lateral spines, robust, showing pointed tip and 2–3 lateral notches; body scales lacking;
posterior body region showing two bristled protuberances on the sides. Uncommon:
semiplanktonic and epibenthic. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Stylochaeta (Figure 19C)
65b (63b) Lateral spines, almost straight, showing a bifurcate tip and a single lateral notch; body
scales present; posterior body region rounded. Uncommon: semiplanktonic, periphytic, and
epibenthic . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . Dasydytes (Figure 19D)
66a (63b) Caudal spines absent or present; if present, in general of different length; lateral spines, straight,
of medium length; ventral, S-shaped, jumping spines lacking. Rare: semiplanktonic and
epibenthic. ...................... . . . . . . . . . . . . . . . .. . . . .......................................... Setopus (Figure 19F)
66b (64b) Caudal spines absent; lateral spines very long, strongly bent crossing over the dorsal side;
ventral S-shaped jumping spines present. Rare: semiplanktonic and epibenthic. . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . Haltidytes (Figure 19E)
67a (45b) Furcal rami each with a single TbP; body scales bearing fine spines but lacking keels. Rare;
marine: interstitial or infaunal. Uncommon: epibenthic and interstitial. . . . . . . . . . . . . . . . . . . .
. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . .. . . . . . . . . . . . . . . . . . . . . . . . . .. . . . Musellifer (Figure 20A)
67b (45b) Furcal rami each with two TbP; body scales, keeled. Rare: interstitial.
...................................................................................................................... Diuronotus (Figure 20B)
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Figure 20. Chetonotida, Muselliferidae: models of (A) Musellifer and (B) Diuronotus. Scale bar = 200 μm.
From [39] with modifications.
4. Discussion
This paper was derived from a workshop on marine meiofaunal organisms of Costa Rica with a
focus on Gastrotricha (and Kinorhyncha) held in January 2019 at the CIMAR (University of Costa Rica)
(Supplementary Material Figure S10). During the event, intended for undergraduate and graduate
students, general information on the phylum was provided in the classroom and the main techniques
regarding sampling, extraction, and observation were illustrated. Techniques were put in practice
by some of the students who participated in subsequent 15-day field work. The effectiveness of an
early versions of the taxonomic keys was determined by the pupils based on direct observation of
living, relaxed specimens (some of the students) and/or based on photographs of freshly sampled
specimens (all the students). The proposed version of the keys benefited from the insightful comments
which emerged during the testing. At the end of the training period, all the students were able to
correctly identify at the genus level the gastrotrich involved in the testing. Based on this outcome, we
are confident in the work’s usefulness to many others.
Supplementary Materials: The following are available online at http://www.mdpi.com/1424-2818/11/7/117/s1,
Figure S1: Sampling of marine gastrotrichs of the littoral zone, Figure S2: Sampling of marine gastrotrichs of
the sublittoral zone, Figure S3: Sampling freshwater gastrotrichs, Figure S4: Processing of freshwater sample
for in vivo studies, Figure S5: Extraction of interstitial fauna, Figure S6: Extraction of interstitial fauna, Figure S7:
Mounting of the specimens, Figure S8: Mounting of the specimens, Figure S9: Morphological analysis and
documentation, Figure S10: Instructors (background) and students (foreground) participating at the work-shop
on marine meiofaunal organisms of Costa Rica with focus on Gastrotricha.
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Abstract: The family Turbanellidae includes Paraturbanella and five other genera. Despite the
fact that the monophyly of these genera were not satisfactorily tested, species belonging to the
genus Paraturbanella are distinguished from turbanellids by sharing a peculiar group of tubes on
the ventrolateral side of the anterior pharyngeal region known as “dohrni” tubes. In this study,
Paraturbanella tricaudata species nova (sp. nov.) from the intertidal zone of a sandy beach in Trindade
(Rio de Janeiro State) and the sublittoral sand of Prumirim Island (São Paulo State), Brazil, is described.
The new species can be distinguished from all other Paraturbanella species by the presence of three
caudal cones (one medial and two laterals to it) and peculiar arrangement of the male system. This is
the first description of a Paraturbanella species from Brazil and the third registered from the Southern
Hemisphere (as opposed to 19 species in the Northern Hemisphere); thus, knowledge of marine
gastrotrichs biodiversity in this region is far from satisfactory.
Keywords: gastrotricha; meiofauna; biodiversity; taxonomy; South America; South Hemisphere;
nuclear genes
1. Introduction
Gastrotricha are meiofauna representatives (encompassing animals ranging in size from about
0.042 to 0.500 mm) living in freshwater and marine ecosystems around the world [1,2]. The phylum
is divided into two orders—Chaetonotida Remane, 1925 [3] and Macrodasyida Remane, 1925 [3].
The latter group is composed in its majority of hermaphroditic and marine species, which live
interstitially in sandy bottoms [2,4]. The order Macrodasyida includes 10 families, 36 genera and
approximately 380 described species [2,5,6]. They have a strap-shaped body, a pharynx with pharyngeal
pores, and, usually, numerous adhesive tubes in the anterior, lateral and posterior regions.
The family Turbanellidae Remane, 1927 [7] includes six genera: the monospecific Prostobuccantia
Evans & Hummon, 1991 [8] and Pseudoturbanella d’Hondt, 1968 [9]; Dinodasys Remane, 1927 [7] (two
species); Desmodasys Clausen, 1965 [10] (three species); Paraturbanella Remane, 1927 [7] (23 species);
and Turbanella Schultze, 1853 [11] (32 species).
Although knowledge of phylogenetic relationships within Turbanellidae is still limited, Turbanella
and Paraturbanella species have several common characteristics, but the presence of extraordinary
adhesive tubes easily distinguishes the genus Paraturbanella from Turbanella [2,6,12–16].
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The type species of the genus Paraturbanella was collected in the Gulf of Naples (Italy) and
described as Paraturbanella dohrni, based on the presence of an extraordinary pair of accessory adhesive
tubes (known also as “dohrni”, or “Seitenfüsschen” in German). Remane could distinguish these animals
from the Turbanella species [7].
Nowadays, twenty-three species are currently known: P. africana Todaro, Dal Zotto, Bownes
& Perissinotto, 2017 [17]; P. aggregotubulata Evans, 1992 [18]; P. armoricana (Swedmark, 1954) [19]; P.
boadeni Rao & Ganapati, 1968 [20]; P. brevicaudata Rao, 1991 [21]; P. cuanensis Maguire, 1976 [22]; P. dohrni
Remane, 1927 [7]; P. dolichodema Hummon, 2010 [23]; P. eireanna Maguire, 1976 [22]; P. intermedia Wieser,
1957 [24]; P. levantia Hummon, 2011 [25]; P. manxensis Hummon, 2008 [26]; P. mesoptera Rao, 1970 [27]; P.
pacifica Schmidt, 1974 [28]; P. pallida Luporini, Magagnini & Tongiorgi, 1971 [29]; P. palpibara Rao &
Ganapati, 1968 [20]; P. pediballetor Hummon, 2008 [26]; P. sanjuanensis Hummon, 2010 [23]; P. scanica
Clausen, 1996 [30]; P. solitaria Todaro, 1995 [31]; P. stradbroki Hochberg, 2002 [32]; P. teissieri Swedmark,
1954 [19]; and P. xaymacana Dal Zotto, Leasi & Todaro, 2018 [33].
Herein, we describe a new species of Paraturbanella from Brazil, previously reported as
Paraturbanella sp. 2 [34,35].
2. Material and Methods
2.1. Sampling and Sample Processing
Information about the description of the new species is mainly taken from specimens found in
samples collected by hand from the shallow intertidal area of Praia do Cachadaço, Trindade–Paraty
(23◦21′15.8” S, 44◦43′41.5” W), Rio de Janeiro State, Brazil, in October 2017. The sandy sediment was
filtered (0.40μm mesh), and extraction of animals from the sediment was carried out by anaesthetization
with MgCl2. The supernatant was poured into a Petri dish, and with a micro-pipette it was possible to
separate the gastrotrichs into embryo dishes. Specimens were observed alive with a stereomicroscope
ZEISS Stemi 2000. Additional information comes from specimens collected and documented by
one of us (M. Antonio Todaro) in 2002 and 2003 [34,35]; the sampling sites and distribution of
Paraturbanella species along the Brazilian coast were plotted on the map, elaborated using ArcGis [36]
(Figure 1), and made available at https://www.arcgis.com/home/webmap/viewer.html?webmap=
fafb1d0942b4483a99ddf828fc24039a.
2.2. Microscopical Study—Differential Interference Contrast (DIC)
The gastrotrichs of interest were picked out with a micropipette, mounted on glass slides, and
studied using Zeiss Axio Imager M2 plus Differential Interference Contrast optics, with Zen Lite Zeiss
software (Zen Blue) and an Axiocam 105 color camera. The observation was taken using a slow-moving
living specimen and the measures followed convention [37], according to the position of morphological
characteristics along the body. The software used to measure the structures of specimens was Image J.
2.3. Scanning Electron Microscopy (SEM)
The specimens were fixed in glutaraldehyde 2.5%, rinsed with cacodylate buffer 0.1 M, dehydrated
in a graded ethanol series, and critically point dried with CO2. Stubs were coated with gold and
analyzed using a scanning electron microscope JSM 5800 LV, with 10 kV voltage.
2.4. Granulometric Analysis
The particle size analyses were made following the sediment screening method using different
opening meshes [38]. A fraction of the sample was separated and oven dried at 60 ◦C for 24 h. The dried
material was sieved in different Granutest sieves with progressively smaller openings, and the fraction
retained in each sieve was weighed and noted. Through these values, sediment fractions were weighed
and granulometric characters (median, standard deviation, skewness and kurtosis) were calculated
using GRANPLOTS with line segments [39].
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Figure 1. Map of Brazil showing the distribution of Paraturbanella species. Red: Paraturbanella tricaudata
species nova (sp. nov.). Green: Paraturbanella sp. 1 [34,35]. Orange: Paraturbanella sp. 3 [34].
2.5. DNA Extraction, Amplification and Sequences
Genomic DNA was extracted from entire individuals of Paraturbanella tricaudata species nova
(sp. nov.) using a QIAmp DNA Micro Kit (Quiagen, Hilden, Germany), following the manufacturer’s
instructions. PCR amplification was performed in a 20 μL reaction mixture containing 3 μL of genomic
DNA, 13.5 μL of water, 2 μL of 10x buffer, 0.5 μL of dNTP, 0.2 μL of Taq Platinum (Quiagen) and 0.4
μL (4 pmol) of specific primers [4]. The DNA fragments were sequenced using BigDye Terminator
reactions in a 3500xL Genetic Analyzer (Life Technologies, Carlsbad, CA, USA) at the CBMEG laboratory
(Campinas, Brazil). The 18S rDNA and 28S rDNA sequences of Paraturbanella tricaudata sp. nov. were
deposited in GenBank (Table 1).
2.6. Phylogenetic Analysis
All the formal species of the family Turbanellidae from which sequences of 18S rDNA and/or 28S
rDNA were available in GenBank were included as the ingroup in the present analysis (Paraturbanella:
5 species; Turbanella: 5 species). The species and respective GenBank accession numbers are listed in
Table 1. The outgroup was composed of two Megadasys species and four Mesodasys species due to the
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close phylogenetic position of these taxa with the taxon Turbanellidae [4,40]. Each gene dataset was
aligned separately using BioEdit Sequence Alignment Editor and Mafft v.7.402 (L-INS-I approach) [41].
Parsimony analysis was performed using a heuristic search with equally weighted characters
that was available using TNT software [42]. Most parsimonious trees were searched by the heuristic
method, with 1000 replications, holding 1,000,000 trees per search (command line: mult = replications
1000 hold 100,000) and collapsing the tree after the search.
For maximum likelihood analysis, GTRCAT model was chosen and RAxML [43] was run with a
with 1000 bootstrap replicates.
Table 1. Taxa of Gastrotricha included in this study, with respective GenBank accession numbers of 18S
and 28S rDNA sequences.
Species 18S 28S References
Megadasys sp. 1 JF357656 JF357704 Todaro et al. [44]
Megadasys minor Kisielewski, 1987 AY228131 - Todaro et al. [45]
Mesodasys littoralis Remane, 1951 JF357658 JF357706 Todaro et al. [44]
Mesodasys laticaudatus Remane, 1951 JF357657 JF357705 Todaro et al. [44]
Mesodasys sp. AY963690 KF921011 Petrov et al. [46]
Mesodasys adenotubulatus Hummon, Todaro &
Tongiorgi, 1993 AM231780 - Todaro et al. [45]
Paraturbanella sp. KF921017 - Petrov et al. [46]
Paraturbanella teissieri Swedmark, 1954 JF357661 JF357709 Todaro et al. [44,45]
Paraturbanella pallida Luporini, Magagnini &
Tongiorgi, 1973 JF357660 JF357708 Todaro et al. [44]
Paraturbanella dohrni Remane, 1927 JF357659 JF357707 Todaro et al. [44]
Paraturbanella tricaudata sp. nov. SUB6819988 SUB6819996 Present study
Turbanella sp. JF970238 - Paps & Riutort [47]
Turbanella cornuta Remane, 1925 AF157007 JF357711 Todaro et al. [44]
Turbanella pilosum Kolicka, 2018 MF325920 MF325905 Kolicka et al. [13]
Turbanella lutheri Remane, 1952 JF357669 - Todaro et al. [44]
Turbanella bocqueti Kaplan, 1958 JF357662 JF357710 Todaro et al. [44]
3. Results
3.1. Taxonomic Account
Phylum Gastrotricha Metschnikoff, 1865.
Order Macrodasyida Remane, 1925 [3] (Rao & Clausen, 1970) [48].
Family Turbanellidae Remane, 1926 [49]
Genus Paraturbanella Remane, 1927 [7]
Paraturbanella tricaudata sp. nov. (Table 2 and Figures 2–6).
Synonym Paraturbanella sp. 2—Todaro & Rocha [34,35].
Table 2. Morphometric features of Paraturbanella tricaudata sp. nov. Min: minimum value. Max:
maximum value. N: total number of measured adult specimens. SD: standard deviation.
Character Min–Max (μm) Average (μm) SD (μm) N
Lt: total body length 417–480 449.00 31.51 5
Lbc: length of buccal cavity 18.6–22.3 19.9 1.2 10
Diameter of mouth opening 13.3–17.4 15.0 1.3 10
Head width at cephalic swellings 35.8–51.5 40.4 5.1 8
Neck constriction width 30.1–34.1 32.3 1.7 8
Maximum trunk width 40.9–49.1 43.2 2.8 8
Lph: length of pharynx 127.1–141.9 136.9 4.9 6
Distance of the pharyngeal pores from PhJIn 20.2–27.1 23.5 2.8 6
“Dohrni” longer tube length 22.6–33.8 27.8 4.9 6
“Dohrni” shorter tube length 15.6–19.4 18.5 2.5 5
Maximum length of TbA 8.7–9.6 9.2 0.4 4
Length of TbP 6.2–7.9 7.0 0.9 5
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Figure 2. Paraturbanella tricaudata sp. nov. schematic drawing. (A) Ventral view of the Habitus.
(B) Detail of the mid-trunk region, showing a ventral view of the male system. (C) Dorsal view of the
Habitus, showing a mature egg, the frontal organ and the ovaries. Abbreviations: a = anus, fo = frontal
organ, gl = gland, mp =male pore, ov = ovary, sd = sperm duct, and t = testes.
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Figure 3. Paraturbanella tricaudata sp. nov. DIC photomicrographs. (A) Dorsal view of the Habitus. (B)
Anterior region showing the mouth (m), peribuccal swellings, anterior adhesive tubes (TbA), “dohrni”
tubes and ventral papillae (vp). (C) Pharyngeal pores (pp), pharyngo-intestinal junction (PhIJ), and
epidermal glands (eg). (D) Paired testes (t)—they are lateral and extend posteriorly, with sperm ducts.
(E) Sperm duct recurving to the front of the mid-intestine. (F) Caudal lobes, posterior adhesive tubes
(TbP), and caudal cones (cc). (G) Sperm (sp) released from the side of the body due to excessive
compression. Scale bar: A = 50; B, C, E, F = 20; D = 40; G = 10 μm.
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Figure 4. Adult specimen of Paraturbanella tricaudata sp. nov. (2002–2003 sampling). (A) Habitus;
(B) ventral view of the posterior body end, showing posterior adhesive tubes (TbP) and tree caudal
cones (cc); (C) ventral view of the anterior region, showing the anterior adhesive tubes (TbA) and
ventral papillae (vp). Scale bars: A = 100; B, C = 50 μm.
 
Figure 5. Adult specimen of Paraturbanella tricaudata sp. nov. (2002–2003 sampling). (A) Habitus,
indicating the anterior most portion of the testes (t), frontal organ (fo) and the largest egg (egg).
(B) Trunk region showing the testes (t), including the anterior most portion (arrows). (C) Trunk region
from a slightly different focal plane showing the anastomosis of the sperm ducts (sd) and the ventral,
ephemeral male pore (mp). (D) Dorsal view of the trunk region showing the frontal organ with a
bundle of allosperm inside; the arrowhead indicates the location of the dorsal external pore through
which sperm (sp) have been injected. (E) Close-up of the spermatozoa bundle inside the frontal organ.
Scale bars: A = 100; B, C = 50; D, E = 20 μm.
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Figure 6. Paraturbanella tricaudata sp. nov. (SEM). (A) Ventrolateral view of the Habitus, showing
ventral papillae (vp), anterior adhesive tubes (TbA), “dohrni” tubes and ventral ciliation. (B) Anterior
region showing the terminal mouth (m). (C) Ventral view of the anterior region, showing the peribuccal
swellings, anterior adhesive tubes (TbA) and ventral papillae (arrows). (D) Posterior body region
showing the caudal lobe carrying adhesive tubes (TbP) and caudal cones (arrows). Scale bar: A = 20; B,
C and D = 10 μm.
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Examined material: Holotype. Photographs of an adult specimen, collected on 9th November
2017 from Praia do Cachadaço, in the Trindade district in the municipality of Paraty, Rio de Janeiro
State, Brazil (23◦21′15.8” S 44◦43′41.5” W). Bare sand of 30 cm depth had the following sediment
characteristics: mean = 1.4111 phi (medium sand), SD = 0.8137, skewness = −0.8573, kurtosis = 4.4435,
and median = 1.3215.
The specimen was observed alive with a compound microscope, but due to the fragility of the
organisms, it was inadvertently destroyed during the study and is no longer available [50]. The holotype
is illustrated in Figure 2 (according to the International Code of Zoological Nomenclature, 2017: Article
73, Recommendation 73G, in Declaration 45), and photos are available at the Museum of Zoology,
University of Campinas, Brazil, under the accession number ZUEC GCH 61.
Paratypes. Photographs of five adult specimens (adults), collected on 9th November 2017 from
Praia do Cachadaço, in Trindade district in the municipality of Paraty, Rio de Janeiro State, Brazil.
The specimens were observed alive with a compound microscope, but due to the fragility of the
organisms, physical specimens were inadvertently destroyed during the study and are no longer
available [50]. Photographs of each specimen are available at the Museum of Zoology, University of
Campinas, Brazil, under accession numbers ZUEC GCH 62–66.
Additional material: From the type locality, ten specimens were prepared for SEM and from
locations sampled between 2002–2003 [34,35], two specimens are shown in Figures 4 and 5.
Etymology: The specific name refers to the triple caudal cone.
Repository: http://zoobank.org/urn:lsid:zoobank.org:pub:EFA8F92E-7298-4982-B832-54F71E4BB995
Diagnosis: The body is strap-shaped, and its length ranges from 417 to 480 μm. It has a large
terminal mouth with a diameter ranging from 13.3 to 17.4 μm. The buccal cavity is heavily cuticularized,
and it has a head with noticeable peribuccal swelling and ventral papillae. The pestle organ is absent.
The pharyngo-intestinal junction (PhJIn) is between U34 and U38, and the distance of the pharyngeal
pores from PhJIn varies from 20.2 to 27.1 μm. Epidermal glands are arranged in a single column on
each side. There are five to six anterior adhesive tubes (TbA) on each side, all occurring on fleshy hands.
There are two accessory adhesive tubes (“dohrni” tubes) of unequal length per side (the longer tube
maximum length is 33.8 μm and the shorter is 19.4 μm). There are six posterior adhesive tubes (TbP)
per side, the outermost being the longest. Dorsal adhesive tubes (TbD), ventral adhesive tubes (TbV),
ventrolateral adhesive tubes (TbVL), and lateral adhesive tubes (TbL) are absent. In the posterior
region, body tapering occurs gradually to the caudal base, and the caudum has three caudal cones,
one medial and two laterals. Paired testes extend into sperm ducts, which turn anteriorly at U65 and
fuse in a mid-ventral pore at U53. The frontal organ is at U71. About 20–30 epidermal glands are
distributed along both lateral body margins.
Description: The description is based on both the holotype and ten paratypes (see Table 2).
The body is strap-shaped and 417 μm in total length. The head bears noticeable lateral peribuccal
swelling (U03) and a pair of papillae ventrally but no pestle organ; the cephalic region is delimited by
a neck constriction 34.1 μm wide (U05). Body tapering occurs gradually to the caudal base, and the
caudum bilobed has three caudal cones (U96). Widths at the outer oral opening, neck constriction,
mid-pharynx, PhJIn, mid-intestine, furcal base, and their locations along the body length are: 16.4,
37.1, 25.2, 22.2, 19.7, and 33.0 μm at U0, U05, U20, U37, U64, and U93, respectively. Epidermal glands
are arranged along the body in one column per side of 30 glands, which vary in size (1.6–4.7 μm in
diameter).
Adhesive tubes: There are five or six anterior adhesive tubes (TbA) per side, all of which occur
on fleshy hands that insert at U15. The innermost, mimicking a thumb, is the shortest, while the
second from the inner side is the longest. Accessory adhesive tubes (“dohrni” tubes) are posterolaterally
directed, and there are two per side of unequal length (the longer tube is 14 μm and the shorter is
9 μm) at U17. Dorsal adhesive tubes (TbD), ventral adhesive tubes (TbV), ventrolateral adhesive tubes
(TbVL), and lateral adhesive tubes (TbL) are absent. There are six posterior adhesive tubes (TbP) per
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side, the outermost being the longest. The distance between the external TbP is greater than the width
of the body’s caudal base.
Ciliation: The cephalic region has ciliary patches and circumcephalic rows in the mouth. Ventral
locomotor cilia are arranged in two longitudinal bands that trace the lateral body sides and join
posteriorly near the anal opening. Additional sensory bristles are organized in lateral, dorsolateral and
dorsal columns.
Digestive tract: The mouth is terminal and surrounded by the mouth ring, composed of a
strengthened cuticle; buccal cavity (6.4 μm wide and 19.1 μm long) mug shaped with walls heavily
cuticularized. The pharynx is 142 μm in length and 22.6 μm in wide (U30), with pharyngeal pores near
the base at about U33 and PhJIn at U37; the intestine is straight and the anus ventral is at U85.
Reproductive tract: It is hermaphroditic, with paired testes from U52 to U67, which extend into
two sperm ducts at U60, turning anteriorly and fusing in a mid-ventral pore at U90. The frontal organ
at U70 is vesicular and filled with bundled spermatozoa; the caudal organ is absent; the paired ovaries
are at U68, and mature egg dorsal (to the intestine) occurs at U60.
3.1.1. Variability and Remarks on General Morphology
Seven additional adult measured specimens showed six TbP per side and three caudal cones,
meaning that these traits are rather constant within and among the investigated populations. On the
other hand, the number of TbA is slightly variable but not related to the size of the animal; in fact, one
of the specimens attaining a maximum length of 480 μm (Figure 5) possessed only five TbA per side
while another attaining 332 μm in total length had six TbA.
3.1.2. Taxonomic Remarks
Currently, there are 23 described species belonging to the genus Paraturbanella [6,17,33]. The new
species bares closest resemblance to five species: P. africana Todaro, Dal Zotto, Bownes & Perissinotto,
2017 [17]; P. teissieri Swedmark, 1954 [19]; P. sanjuanensis Hummon, 2010 [23]; P. solitaria Todaro,
1995 [31]; and P. xaymacana Dal Zotto, Leasi & Todaro, 2018 [33], showing similar body and head shape,
as well as peribuccal swelling [33].
The species Paraturbanella tricaudata sp. nov. is considered new because it has three caudal cones,
while the others have just one cone; moreover, the arrangement of the reproductive system, and in
particular the location of the male pore, in combination with the extension and anatomical positioning
of the testes is unique among congeneric species (two sperm ducts at U60 turning anteriorly and fusing
in a mid-ventral pore).
3.1.3. Phylogenetic Analyses
The final alignment of the combined dataset yielded 3525 positions (1693 in 18S rDNA and 1832 in
28S rDNA). The parsimony analysis yields only one most-parsimonious tree with 4626 steps (Figure 7).
Parsimony and Maximum Likelihood analyses yielded congruent topologies. In both analyses
the phylogenies showed that the family Turbanellidae (both supported by very high bootstrap value -
100) and the genera Turbanella and Paraturbanella were monophyletic (Parsimony: Turbanella with good
bootstrap values - 85; Maximum Likelihood: both genera supported by very high bootstrap value,
respectively 100 and 99) and sister groups.
The phylogenetic position of Paraturbanella tricaudata sp. nov. was not stable in both analyses.
The new species appeared as the sister-group of Paraturbanella sp. and both species were closely related
with P. pallida in Maximum Parsimony analysis (Figure 7). However, Paraturbanella tricaudata sp. nov.
was sister-group of P. pallida and both species were closely related with Paraturbanella sp. in Maximum
Likelihood analysis (Figure 8).
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Figure 7. Maximum parsimony reconstruction based on molecular data (18S and 28S rDNA). Molecular
dataset aligned in MAFFT. Numbers at nodes indicate bootstrap support (> 75).
 
Figure 8. Phylogenetic relationships of Turbanellidae species inferred from Maximum Likelihood
analysis of 18S and 28S rRNA. Numbers at nodes represent bootstrap support (1000 bootstrap replicates).
3.1.4. Conclusive Remarks
The majority of marine gastrotrich sampling sites are in the Northern Hemisphere [51], while
in tropical countries the investigated areas are very scattered [14,16,17,30,52]. The Brazilian coast
is poorly sampled, although it shows a high diversity of marine gastrotrichs, according to current
literature [5,51]. In terms of knowledge of Turbanellidae diversity from Brazil, there are at least four
candidate species to be formally described (one Turbanella species and three Paraturbanella species)
from the north coast of São Paulo State [34,35].
The Brazilian coast represents a potentially important area for the discovery of new species, and it
is worth noting that this region is of particular interest in the study of marine meiofauna and the
diversity of Gastrotricha, as recorded in previous studies [2,34,35,51–54]. We emphasize the importance
113
Diversity 2020, 12, 42
of investigating new geographic areas in order to improve our understanding of morphological
diversity and the species richness of gastrotrich species.
Finally, the inclusion of new sequences of data concerning Paraturbanella tricaudata sp. nov. and
the use of distinct phylogenetic approaches did not change the scenario found by Todaro et al. [44],
Kolicka et al. [13], and Garraffoni et al. [4]. However, it is important to highlight that the low number of
Turbanellidae species sequenced (from two of the six genera) may result in misleading the phylogenetic
relationships within this clade.
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Abstract: Nematode biodiversity is mostly unknown; while about 20,000 nematode species have
been described, estimates for species diversity range from 0.1 to 100 million. The study of nematode
diversity, like that of meiofaunal organisms in general, has been mostly based on morphology-based
taxonomy, a time-consuming and costly task that requires well-trained specialists. This work
represents the first study on the taxonomy of Mexican nematodes that integrates morphological
and molecular data. We added eleven new records to the Mexican Caribbean nematode species
list: Anticomidae sp.1, Catanema sp.1, Enoploides gryphus, Eurystomina sp.1, Haliplectus bickneri,
Metachromadora sp.1, Odontophora bermudensis, Oncholaimus sp.1, Onyx litorale, Proplatycoma fleurdelis,
and Pontonema cf. simile. We improved the COI database with 57 new sequences from 20 morphotypes.
All COI sequences obtained in this work are new entries for the international genetic databases
GenBank and BOLD. Among the studied sites, we report the most extensive species record (12 species)
at Cozumel. DNA barcoding and species delineation methods supported the occurrence of 20
evolutionary independent entities and confirmed the high taxonomic resolution of the COI gene.
Different approaches provided consistent results: ABGD and mPTP methods disentangled 20 entities,
whereas Barcode Index Numbers (BINs) recovered 22 genetic species. Results support DNA barcoding
being an efficient, fast, and low-cost method to integrate into morphological observations in order to
address taxonomical shortfalls in meiofaunal organisms.
Keywords: ABGD; BINs; DNA barcoding; meiofauna; mPTP
1. Introduction
Nematodes are hyper-diverse, abundant, and distributed worldwide [1]. Free-living species
play critical ecological roles in benthic energy flow and contribute to the ecosystem by facilitating
mineralization and nutrient cycling [2–7]. In the presence of high inputs of organic matter,
their abundance increases, helping to regulate this resource. They are also a source of high-quality
food for other animals [8–11]. Currently, about 20,000 nematode species—of which 6500 are marine
benthic (= meiofaunal)—have been formally described [12,13], with estimates ranging between 0.1
and 100 million species [14]. The number of existing species is still uncertain because such estimates
have been made at the local level, whereas little is known on a global scale. Gathering evidence of
nematode diversity and distribution, increasing the record of marine nematodes species, especially in
overlooked regions, is nowadays crucial [15].
Nematode taxonomy is an overlooked field of study in Mexico, with only about 119 genera
and 183 species known for the country [16–22]. The majority of studies of marine nematodes in
this region address ecological questions [17–21,23,24], whereas only five studies are focused on
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taxonomy [16,25–27]. For this reason, faunistic lists for nematodes in Mexico are at the family or genus
level in most cases. The slow advance in the taxonomic knowledge of marine nematodes is due to
technical difficulties. The identification of marine benthic nematodes is mostly based on morphological
traits of male genital structures in mature individuals [28,29]. However, the occurrence of adult
specimens is often rare. For this reason, nematode diversity is commonly disentangled to the family
or genus level, especially in ecological studies. Morphology-based taxonomy is a time-consuming
task that requires well-trained specialists who are becoming rare [30,31]. The use of morphological
traits, in most cases, descriptive and potentially affected by convergent evolution and phenotypic
plasticity, could also prevent an accurate quantification of the true nematode diversity [32–34]. Hence,
there is an increasing need for methods that can rapidly and cost-effectively estimate nematode
diversity in marine sediments. Molecular tools for taxonomic identification, delimitation of species,
and an approach to the phylogeny hold the potential to overcome difficulties where morphological
studies are painstakingly difficult and/or where the number of species far outweighs the availability of
taxonomists. The identification of free-living marine nematodes is particularly difficult [35–39], and an
integrated approach including genetic, morphological, and ideally, also ecological and behavioral data
is needed [40].
Only one study conducted in Mexico (in Baja, CA, USA) [41] considered genetic tools to investigate
the diversity of nematodes. Pereira and collaborators [41] revealed both a wide genetic diversity
and geographic distribution of populations of Mesacanthion species. They used two molecular
markers: 28S ribosomal rRNA gene and 18S, with 28S showing a better taxonomic resolution than
18S in delineating also cryptic species (similarly to [42]). The two markers did not show differences
in the phylogenetic relationships among the investigated taxa, except for species of the genus
Rhabdodemania [41].
In the Caribbean, two relevant studies have been conducted on the nematode fauna and none from
Mexico [43,44]. In both studies, two molecular markers were considered: cytochrome oxidase subunit
I (COI) and 18S ribosomal RNA gene (18S rRNA). Armenteros and collaborators [43] disentangled
species of Desmodorid from Punta Francés, Cuba. They generated 34 sequences for COI across five
genera and 27 sequences for 18S rRNA gene across six genera. Either marker could fully resolve
the phylogenetic relationships of some lineages (i.e., within the subfamilies Desmodorinae and
Spiriniinae). However, COI showed a better resolution than 18S among closely related and cryptic
species. Macheriotou et al. [44] generated 18S and COI sequences from nematodes sampled in the
equatorial North Pacific, Cuba, Italy (Panarea Island), Papua New Guinea, the Netherlands, Tunisia,
and Vietnam. They generated 290 COI and 438 18S sequences; using reference databases for marine
nematodes, they identified 39 OTUs (Operational Taxonomic Units with High Throughput Sequencing;
HTS). Although the ribosomal marker outperformed the mitochondrial marker in terms of species and
genus-level detections., they concluded that, for HTS technologies, it is urgent to continue creating
high-quality taxon-specific reference sequence databases.
Free-living marine nematode species are poorly represented in public sequence databases. Limited
availability of nematode reference sequences, especially from overlooked both localities and habitats
such as the deep-sea, seagrass beds, and tropical coral reefs, hinders biogeographic patterns and
characterization of ecosystems. Moreover, although DNA taxonomy is most successful when applied
to fast-evolving genes such as the mitochondrial gene COI [42,45–48], genetic reference databases
for nematodes mostly include nuclear markers such as 18S and 28S [36,43,48,49]. COI is poorly
represented [44,47,50] because of the difficulty in amplifying this gene in a wide range of taxa within the
phylum using ‘universal’ primers. Several studies regularly report low success in the amplification of
COI and the necessity to design new specific primers to obtain a robust database [44,50,51]. The limited
COI sequence datasets for marine nematodes prevent the establishment of an adequate understanding
of intraspecific divergence.
The main objectives of this study are to (i) improve our knowledge of the geographic distribution
of meiofaunal nematodes in the Mexican Caribbean; (ii) contribute with new COI sequences to the
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public genetic databases; and, (iii) apply different delimitation models to test the taxonomic resolution
of COI in marine nematodes. Integrating different species delineation models should prevent biased
conclusions and disclose patterns of diversity and distribution [52]. We aim to disentangle nematode
diversity by applying Automatic Barcode Gap Discovery (ABGD) [53], Barcode Index Number system
(BINs) [54], and Poisson Tree Processes model (PTP) [55] on COI sequences.
2. Materials and Methods
2.1. Nematode Sampling and Identification
Marine meiofaunal nematodes were collected in March and September 2011 from the intertidal
zone in seven sites along the coast of Quintana Roo State, Mexico (Figure 1, Table 1). Four sediment
samples were collected from each site using a Falcon corer (10 × 2 cm) [56]. Individuals were extracted
by decantation in the field using two sieves (180 and 63 μm mesh) and fixed with DESS solution [57] or
Formalin 10% [58]. In the laboratory, individuals were separated one-by-one and picked up under
a stereomicroscope (NIKON SMZ-1). Then, nematodes specimens were individually transferred to
temporary slides in a drop of MilliQ water covered by a coverslip and observed with an OLYMPUS
BX51 microscope at different magnifications (10×, 40×, and 100×). Well-preserved specimens were
identified morphologically and photographed with a camera (Canon G11). When was possible, more
than one representative for each morphotype was subsequently selected for further molecular analyses.
Morphological identification was carried out using available taxonomic keys for marine nematodes and
comparison with original descriptions using several morphological parameters: length and maximum
body width, size and position of setae, size and position of amphids, cuticle ornamentation, size and
shape of spicula, presence of precloacal supplements, type and tail size and de Man’s ratios (a, b and c):
a = body length/body width, b = body length/esophagus length and c= body length/tail length [59–61].
 
Figure 1. Sampling localities from marine nematodes in the Mexican Caribbean. Site IDs (A, B, C, D, E,
F, and G) are explained in Table 1.
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Table 1. List of sites where samples were collected. Coordinates are express in decimals *.
Sites Site ID Lat Long
Date of Sampling
mm/yy/2011
Cancún A 21.140 −86.677 03/11
Puerto Morelos B 20.508 −86.525 03/11
Cozumel (Playa Azul) C 20.548 −86.929 03/11
Cozumel (Punta sur) D 20.291 −86.959 03/11
Tulum E 20.395 −87.315 03/11
Mahahual F 18.708 −87.712 09/11
Xcalak G 18.2475 −87.8944 09/11
* Lat, latitude; Long, longitude.
2.2. DNA Extraction, PCR Amplification, and DNA Sequencing
Under the microscope, each selected nematode was removed from the temporary slide using a fine
paintbrush, cut in pieces with a scalpel, and preserved in DESS. The DNA was extracted from single
individual animals with a HotSHOT technique [62]. DNA was stored at 4 ◦C for further amplification
of the COI gene. PCR reactions were performed in a final volume of 12.5 μL containing 6.25 μL of
trehalose 10%, 2 μL of ddH20, 1.25 μL of 10X PCR Buffer, 0.625 μL of MgCl2 50 Mm, 0.125 μL of
each primer (10 μM), 0.0625 μL of dNTPs (10 mM), 0.06 μL of Platinum® Taq Polymerase (Invitrogen,
Carlsbad, CA, USA), and 2.0 μL of DNA template [63]. We used two primer sets according to [64]:
LC01490_t1 and HC02198_t1 (TGTAAAACGACGGCCAGTGGTCAACAAATCATAAAGATATTGG/
CAGGAAACAGCTATGACTAAACTTCAGGGTGACCAAAAAATCA); LC01490 and HC02198
(GGTCAACAAATCATAAAGATATTGG/ TAAACTTCAGGGTGACCAAAAAATCA). Thermocycler
conditions, for both primer sets, were: 1 min at 94 ◦C, 5 cycles of 40 s at 94 ◦C, 40 s at 45 ◦C, and
1 min at 72 ◦C, followed by 35 cycles of 40 s at 94 ◦C, 40 s at 51 ◦C and 1 min at 72 ◦C, and a final
extension of 5 min at 72 ◦C. PCR products were visualized on 2% agarose gels stained with ethidium
bromide. Amplicons for LC01490_t1/LC01490_t1 were bidirectionally sequenced with M13F and M13R
primers [65]; ABI 3730 capillary sequencer (ABI, Thermo Fisher Scientific, Carlsbad, CA, USA) using
the BigDye© Terminator v.3.1 Cycle Sequencing Kit (Applied Biosystems, Foster, CA, USA). Sequences
were obtained at the Canadian Centre for DNA Barcoding (CCDB) following standard protocols for
high-volume samples [66].
2.3. Data Analysis
Sequences were assembled and edited with Codon Code Aligner v 3.0.3 software. The Clustal W
program was used for the sequence alignment with default parameters. Phred score [67] was used to
assess the quality of the sequences applying the following categories: no sequences = failed, mean
Phred < 30 = low quality, 30 <mean Phred < 40 =medium quality, and mean Phred > 40 = high quality.
Sequences with low quality and cross-contamination were removed for the analysis. COI sequences
are available as part of the project FMN (Free-Living Marine Nematodes from Quintana Roo, Mexico)
on Barcode of Life Data Systems (BOLD, www.boldsystems.org) [68].
Genetic divergence was calculated in MEGA v6 [69] using the Kimura two-parameter (K2P)
distance model [70]. The presence of stop codons and indels was verified to discard any contaminants
such as NUMTs (nuclear mitochondrial DNA segments) [71,72]. Basic Local Alignment Search Tool
(BLAST) [73] and Identification Request, on GenBank and BOLD, respectively, were used to identify
matches to the DNA sequences generated in this study.
2.4. Phylogenetic Tree Reconstruction and DNA Taxonomy
A Maximum-Likelihood (ML) tree was reconstructed in MEGA v6 software using 1000 bootstrap
replications. The tree was reconstructed with sequences generated in this study and others retrieved
from GenBank according to length, quality (stop codons presence), position (concerning barcoding
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region), and taxonomy (Accession numbers are in Supplement Table S1). The best-fitting substitution
model was the General Time Reversible model with nonuniform evolutionary rates and invariant sites
(GTR+G+I) and as chosen in MEGA. The COI sequence Bursaphelenchus sp. (order Tylenchina) was
selected as the outgroup [74].
To delimit evolutionary independent entities of marine nematode species and test the resolution of
the sequenced COI gene, we applied three methods: (1) Automatic Barcode Gap Discovery (ABGD) [53]
with the following parameters: relative gap (X) of 1.1, minimal intraspecific distance (Pmin) of 0.001,
maximal intraspecific distance (Pmax) of 0.1, K2P [70] and JC69 (Jukes-Cantor) [75] as distance
metrics, (2) Barcode Index Number (BIN) system [54], and (3) mPTP by selecting single-locus species
delimitation with p-value 0.001 (http://mptp.h-its.org/#/tree) [55].
3. Results
3.1. Morphological Identification
A total of 30 morphotypes from 107 individuals were identified. The list of morphotypes and
sampling locations is available in Table 2. The order Enoplida was represented by the highest number
of morphotypes (11), followed by Desmodorida and Chromadorida (7), Monhysterida (3), Aerolaimida
(1) and Plectida (Table 2). Families Desmodoridae and Chromadoridae were the best represented with
five genera each and six and five species, respectively. Eighteen specimens, all morphological very
similar, belonged to the Spirinia genus. However, based on de Man´s ratios (different proportions
of bulb and tail sizes), we considered the presence of two distinct morphotypes: Spirinia sp.1 and
S. sp.2 (Figure 2). Such morphological differences are supported by the results of integrative taxonomy
(see below).
In Tulum, one individual resembling the species Pontonema simile (Figure 3) was identified. This
species was initially described by Southern as Oncholaimus similis [76] and redescribed by Filipjev [77]
as P. simile. The Pontomema cf. simile reported in the present study had a shorter size (2100 μm) and a
shorter spicule (32 μm) compared to the species described by Filipjev [77].
 
Figure 2. Spirinia sp.2. Adult male. (A) Head showing circular amphid. (B) Posterior part of the body
showing tail and spicule. (C) Anterior part of the body showing esophagus and esophageal bulb. (D)
Posterior region showing spicule, gubernaculum, and tail shape.
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Table 2. Morphotypes identified at the collection sites. Species are listed by nematode Order. The
number of individuals and COI sequences analyzed in this study are indicated. Taxonomy classification
is based on Nemys database (www.marinespecies.org) [12]. Sites are indicated as below: Cancún = A;
Puerto Morelos= B; Cozumel, Playa Azul = C; Cozumel, Punta Sur = D; Tulum = E; Mahahual = F; and
Xcalak = G.
Taxonomy Identified Specimens (n) Sites Sequences (n)
Araeolaimida
Odontophora bermudensis
(Jensen & Gerlach, 1976) 2 D 0
Chromadorida
Actinonema sp.1 1 B 0
Chromadoridae sp.1 1 G 0
Chromadoridae sp.2 1 E 0
Chromadorida sp.1 2 F 2
Chromadorita sp.1 1 D 0
Rhips sp.1 9 A; B 6
Prochromadorella sp.1 4 E 0
Desmodorida
Catanema sp.1 1 D 1
Epsilonema sp.1 6 C; E 5
Metachromadora sp.1 2 F 2
Monoposthia mirabilis
(Schulz, 1932) 10 A; B; D 8
Onyx litorale
(Schulz, 1938) 2 D; F 2
Spirinia sp.1 11 D; F; G 9
Spirinia sp.2 7 G 6
Enoplida
Anticomidae sp.1 3 B 3
Eurystomina sp.1 1 D 1
Enoploides sp.1 1 D 1
Enoploides sp.2 3 C 2
Enoploides gryphus
(Wieser& Hopper, 1967) 2 E 2
Epacanthion sp.1 5 D 0
Halalaimus sp.1 6 B 2
Metaparoncholaimus sp.1 1 E 0
Oncholaimus sp.1 9 E 0
Pontonema cf. simile
(Southern, 1914) Filipjev, 1921 1 E 1
Proplatycoma fleurdelis
(Hope, 1988) 10 C; B; E 1
Monhysterida
Monhysteridae sp.1 1 F 1
Xyala striata
(Cobb, 1920) 2 D 1
Terschellingia longicaudata
(de Man, 1907) 1 G 0
Plectida
Haliplectus bickneri
(Chitwood, 1956) 1 B 1
Among the sampled localities, Cozumel harbored the highest species richness (12 species),
which all are new for this locality. From the other localities, we found fewer species but a greater
abundance of individuals. Enoploides gryphus (Wieser & Hopper, 1967) is a new record for the Mexican
Caribbean while Haliplectus bickneri (Chitwood, 1956), Proplatycoma fleurdelis (Hope, 1988), Pontonema
cf. simile (Southern, 1914) Filipjev, 1921, Rhips sp.1, Epsilonema sp.1, Metachromadora sp.1, Spirinia
sp.2, Odonthophora bermudensis (Jensen & Gerlach, 1976), Onyx litorale (Schulz, 1938), Epacanthion sp.1,
Halalaimus sp.1, and Metaparoncholaimus sp.1, are new for Mexico.
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Figure 3. Pontonema cf. simile (Southern, 1914) Filipjev, 1921. Collected in Tulum locality. Adult male.
(A) Habitus. (B) Head showing dorsal tooth. (C) Tail short and rounded. (D) Posterior part of the body
showing spicule and tail.
3.2. Amplification and Sequencing
Overall, DNA amplification was successful for 67 individuals. However, sequences with low
quality were discarded, and 57 sequences from 20 morphological species were considered (Table 2).
Individuals of the species Actinonema sp.1, Epacanthion sp.1, Metaparoncholaimus sp.1, Odontophora
bermudensis, Oncholaimus sp.1, Prochromadorella sp.1, and some specimens of chromadorids could not
be sequenced (Table 2). All COI sequences produced in this study are new for the molecular databases
GenBank and BOLD. According to Phred score [67], all sequences were of high quality (mean Phred >
40), longer than 500 bp (502–667 bp), and without internal stop codons. BLAST match values were
between 71% and 85% with Nematoda. The mean genetic divergence was 0.43% and 26.45% for
intraspecific and interspecific variation, respectively. In most cases, we observed a clear barcoding gap,
although low interspecific variation was detected in a few cases (Figure 4). This study provides the
first record of mtCOI sequence for Monoposthia mirabilis, Onyx litorale, Enoploides gryphus, Pontonema
cf. simile, Proplatycoma fleurdelis, Xyala striata, and Haliplectus bickneri, and other higher-ranked taxa
(Table 2).
3.3. Phylogenetic Analysis and DNA Taxonomy
Maximum-likelihood analysis using the 57 COI sequences obtained in this work and an additional
70 [47,74,78,79] sequences from GenBank showed congruence between DNA barcode and morphological
identification. Sequences were grouped in clusters represented by the morphological identity. The tree
was supported in recent clades with bootstrap values >90% (Figure 5). The maximum genetic distance
values were observed in Epsilonema sp.1 clade (4.02%) and Enoploides sp.2 (2.24%). The sequences of
Spirinia sp.1 and S. sp.2, with interspecific divergence values of 7.7%, formed two distinct clades.
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Figure 4. Relative frequencies of Kimura two-parameter (K2P) distances in the COI sequences of
marine nematodes analyzed in this study. Frequencies within species are marked in black, among
congeneric species in white, and between species from different genera in grey.
Figure 5. Maximum-Likelihood tree reconstructed from COI DNA sequences based on GTR+G+I
model. Sequences of marine nematodes from the present study are annotated according to their
morphological identification. The 20 haplotypes generated in this study are highlighted in blue color.
Numbers in parentheses refer to the number of specimens sequenced. Reference of 70 sequences
obtained from GenBank are indicated with an asterisk. Accession numbers are in Supplementary Table
S1. Higher taxa (families) are indicated behind the line. Classification is based on Nemys database in
www.marinespecies.org [12]. Arely Martínez 2020©
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To ascertain the number of entities, sequences obtained in this work were analyzed using three
different methods: ABGD, mPTP, and BINs (Table 3). ABGD analysis with K2P showed 20 initial and 25
recursive partitions with prior maximal distances (PMD) of 0.0010; 20 initial and 21 recursive partitions
with PMDs ranging from 0.0017 to 0.0028; and 20 initial and 20 recursive partitions with PMDs ranging
from 0.0046 to 0.0129. With the JC69 model, the same results were observed (see Table 3). The mPTP
method based on our phylogenetic tree recovered 20 evolutionary independent entities (p = 0.001).
BINs split Enoploides sp.2 and Epsilonema sp.1: BOLD: AAU8181 (n = 1) and BOLD: AAU8183 (n = 1)
for the first species, and BOLD: AAU8184 (n = 4); BOLD: AAV1242 (n = 1) for the second species. A
total of 22 BINs were recovered. Interestingly, results obtained with integrative taxonomy supported
that Spirinia sp.1 and S. sp.2 are two distinct species.
Table 3. Evolutionary independent entities recovered from the COI sequences with the three different
delimitation algorithms. Relative gap (X) of 1.1, minimal intraspecific distance (Pmin) of 0.001, maximal
intraspecific distance (Pmax) of 0.1, K2P [70], and JC69 (Jukes-Cantor) [75] were selected as distance








Subst. model K2P JC69
Prior intraspecific divergence (P) 0.0010 0.0017 0.0028 0.0046 0.0077 0.129 0.0010 0.0017 0.0028 0.0046 0.0077 0.129
Partition I R I R I R I R I R I R I R I R I R I R I R I R
EiEs 22 20 20 25 20 21 20 21 20 20 20 20 20 20 20 25 20 21 20 21 20 20 20 20 20 20
4. Discussion
4.1. Diversity and Distribution of Meiofaunal Marine Nematodes in Mexico
This study contributes to the current knowledge of the diversity and distribution of meiofaunal
marine nematodes in Mexico. The faunistic information in Mexico, and Central America, in general,
is traditionally scarce, reflecting the low number of taxonomic experts in the area [80]. Until now,
a total of 183 species of marine nematodes are known for Mexico, of which seven have type locality in
Mexico [16,22,26,81,82]. In the Mexican Caribbean specifically, there are few ecological and taxonomic
studies focusing on marine nematodes [17,18,20] with Isla Mujeres and Banco Chinchorro being the
most investigated localities. The Chromadorida order was the most represented in both sites [18,20].
Our results confirm the presence of Terschellingia longicaudata (de Man, 1907), Monoposthia mirabilis
(Schulz, 1932), and Xyala striata (Cobb, 1920), all species that have been previously reported for Isla
Mujeres [20].
This study adds twelve morphological records to the Mexican list of marine nematodes.
Specifically, Haliplectus bickneri, Proplatycoma fleurdelis, Pontonema cf. simile, Rhips sp.1, Epsilonema sp.1,
Metachromadora sp.1, Spirinia sp.2, Odonthophora bermudensis, Onyx litorale, Epacanthion sp.1, Halalaimus
sp.1, and Metaparoncholaimus sp.1 are all new records for the country. Due to specimen immaturity and
small sample size, it is necessary to collect additional specimens to obtain proper identification for
some of the sampled taxa (e.g., Anticomid, chromadorid, and monhysterid).
The report of Desmodoridae taxon is particularly relevant. This family is globally represented
with a high number of species (320 species) [80]. Nevertheless, genetic sequence records for this family
are scarce compared with the number of species described [80]. Here, we add 20 COI new sequences
from Desmodoridae taxa. However, species identification based only on morphology was particularly
tricky due to the lack of well-defined diagnostic traits, weak taxonomic keys reference, and absence of
updated databases, including species lists [43,47,80].
We report for the first time meiofaunal nematode species from the Cozumel Island, namely
Chromadorita sp.1, Catanema sp.1, Epsilonema sp.1, Epacanthion sp.1, Eurystomina sp.1, two species
of Enoploides, Monoposthia mirabilis, Odontophora bermudensis, Onyx litorale, Proplatycoma fleurdelis,
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and Xyala striata. Cozumel was represented by the highest number of species, supporting that islands,
with a high grade of endemism [83], are particularly relevant areas for the study of biodiversity also
for meiofaunal species.
Regarding P. simile, specimens found in this work are very similar to the ones described by
Southern, 1914 [76], due to comparable buccal cavities with a dorsal tooth, tail shapes, and spicules
size. However, we hypothesize that the Mexican record may correspond to a new species for science.
First, the original record was found in the intertidal zona of West Ireland, far away from our sample
locality. Second, spicule size and total length are appreciably different in individuals from the two
populations. Additional investigations comparing specimens from both localities are needed to support
our hypothesis.
Individuals of Monoposthia mirabilis, Epsilonema sp.1, and Onyx litorale, were respectively
represented by the same COI haplotypes even across different sampling sites, including Cozumel Island
and continental sites such as Cancún, Puerto Morelos, Tulum, Mahahual, and Xcalak. This observation
suggests that such species have a widespread distribution and a low genetic divergence within and
among populations. Therefore, individuals of M. mirabilis reported for Isla Mujeres [20] and Onyx
litorale for Cuba [80], could belong to the same, widely distributed, species.
4.2. COI Amplification
We recommend using HotSHOT technique to extract DNA from marine nematodes [62] because, at
least in our study, it provided fairly good results. However, the amplification success rate was difficult
(85.07%), confirming previous studies [44,47,79,84]. The problem lies in the high mitochondrial genome
diversity among nematodes [85–87] and, consequently, a low success rate using universal primers
as well as low availability of specific primers for the Nematoda group [47,88]. In five individuals,
the length of COI sequences varied (approximately 150 bp) but these sequences were not found related
to any nematode taxa at the rank of genus or family. Specifically, we consistently observed a low success
of COI amplification for Epacanthion sp.1, Halalaimus sp.1, Prochromadorella sp.1, Proplatycoma fleurdelis,
Odontophora bermudensis, and Oncholaimus sp.1, which highlights the need for new primers specifically
designed for these taxa. COI sequences obtained by combining existing protocols developed for
zooplankton eggs [62] and by Ivanova et al. for invertebrates [63], allowed us to obtain high-quality
DNA barcodes and amplify the complete ‘barcode region’ (> 500 bp). Obtaining long sequences is
particularly important; when COI sequences are amplified in a region without a definite barcoding gap
(e.g., JB2/JB3) due to overlapping intra/inter-specific distances, the delineation of species boundaries
could be unreliable [44,79,84]. Although not all the sequences could be assigned to a species-level
taxon, our results will significantly help the taxonomic identification of nematodes in further studies
and when high-throughput sequencing approach on environmental DNA is applied.
4.3. Integrative Taxonomy
COI sequences generated in this work contribute to increasing the record of public genetic
repositories and are references for future studies focused on the patterns of diversity and distribution
of marine nematodes. In meiofauna and particularly marine nematodes, taxonomic gaps may be
compensated only with the integration of DNA and morphological-based taxonomy [31,46]. The
combination of both approaches allows us to disentangle diversity at the species level. For example,
the two Spirinias species showed different morphological traits. However, we could certainly assign
them to different species only through integrative taxonomy. In fact, all specimens of Sprinia sp.1 were
immature, although preliminary observations allowed to ascribe this species to either S. parasitifera or
S. septentrionalis, both previously reported for Mexico [20,22]. Spirinia sp.2 was represented by several
adult specimens. However, none of the morphometric measurements were sufficient to ascribe them
to a known species. Spirinia sp.2 could be ascribed to S. amata or S. parasitifera because of the number
of precloacal supplements; however, the larger size of spicules and larger total length size suggest
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similarities with S. inaurita. We do not discard the possibility that Spirinia sp.2 could belong to new
species to science.
4.4. Application of Species Delineation Models to Disentangle Diversity
Our results confirm the advantage of disentangling species and estimating marine nematode
diversity using the COI gene. Fast-evolving genes and relatively short genes such as mtCOI are
not expected to resolve the phylogenetic relationships in the deeper nodes [39,89]. The use of a
multiple-gene approach is needed to clarify the tree topology, thereby uncovering phylogeographic
relationships and historical biogeography within the group [42]. However, as previous studies
suggested, mtCOI can resolve relationships among closely related species [79] and, as suggested by
Derycke et al. [47], we support that COI is a useful biomarker to disentangle the diversity of nematodes
to the species level. The design of new primers for different taxonomic groups of marine nematodes
and the increase of COI data sequences will advance our knowledge of the diversity in different
ecosystems [84] as well as provide a better estimate of global species diversity [44].
Analytical methods ABGD and mPTP supported the presence of the 20 species identified
morphologically. The ABGD method relies on user-selected parameters (distance model and a prior
limit on intraspecific divergence). In our case, we took care not to select a high prior intraspecific
divergence (P) to avoid combining all sequences in one single group [53]. For this reason, a prior value
was set after analyzing the interspecific divergence values within our generated sequences. The value
of 0.01 for prior intraspecific divergence showed the strongest congruence between groups recovered
and species defined as proposed by Puillandre et al. [53]. Moreover, we obtained an equal number of
groups after the third partition (P = 0.0046) with both models (K2P and JC9); this supports that the
threshold for the barcoding gap in the sequences considered in this work is well-defined.
The BINs method showed a 90% match for the recovered evolutionary independent entities. Only
Epsilonema sp.1 and Enoploides sp.2 were split into four BIN numbers. It is essential to consider that
this method initially employs single linkage clustering, coupled with a 2.2% threshold to establish
preliminary OTU boundaries [54]. If the threshold is higher than 2.2%, the method tends to separate a
higher number of entities and overestimate diversity. Epsilonema sp.1 and Enoploides sp.2 both showed
the highest intraspecific divergence values > 4% (4.02% and 2.24% respectively), although they are
identical morphologically. Based on all the criteria, we recognized Epsilonema sp.1 and Enoploides sp.2
as a single species, concordantly to the results obtained by applying ABGD and mPTP methods. We
should carefully consider the BIN numbers as a tool for disentangling nematode species until a more
robust genetic database is developed.
5. Conclusions
Our work contributes towards building a more robust taxonomic and genetic database of
meiofaunal nematodes, as well as advancing our knowledge of nematode diversity and distribution.
At present, DNA sequencing techniques have opened up new possibilities for taxonomic research in
meiofaunal nematodes. However, barcode sequences from marine nematodes are underrepresented in
light of the diversity of the phylum [34]. Our study combines classical morphology-based taxonomy
with DNA sequences to successfully delimit 20 marine nematode species. Although a new set of
primers should be designed for some species, our data support that the COI gene represents an
excellent molecular marker to disentangle nematode diversity. Moreover, we validate and support the
intraspecific distance value threshold of 5% for nematode species [43,47,84]. Lastly, our study reports
new records from an unexplored region and contributes to understanding patterns of diversity and
distribution of nematodes in Mexico and worldwide.
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Abstract: For marine benthic communities, environmental heterogeneity at small spatial scales are
mostly due to biologically produced habitat heterogeneity and biotic interactions, while at larger
spatial scales environmental factors may prevails over biotic features. In this study, we investigated
how community structure and β-diversity of hard-bottom-associated meio- and macrofauna varied
in relation to small-scale (cm–m) changes in biological substrate (an algae “turf” dominated by the
macroalgae Gelidium sp., the macroalgae Caulerpa racemosa and the sponge Hymeniacidon heliophile)
in a rocky shore and in relation to larger-scale (10’s m) changes in environmental conditions of
the same biological substrate (the macroalgae Bostrychia sp) in different habitats (rocky shore vs.
mangrove roots). Results showed that both substrate identity and the surrounding environment
were important in structuring the smaller-sized meiofauna, particularly the nematode assemblages,
whereas the larger and more motile macrofauna was influenced only by larger-scale changes in the
surrounding ecosystem. This implies that the macrofauna explores the environment in a larger spatial
scale compared to the meiofauna, suggesting that effects of spatial heterogeneity on communities
are dependent on organism size and mobility. Changes in taxa composition between environments
and substrates highlight the importance of habitat diversity at different scales for maintaining the
diversity of the associated fauna.
Keywords: meiofauna; macrofauna; associated fauna; biological substrate; species diversity;
community ecology; benthic ecology
1. Introduction
In natural systems, environmental heterogeneity occurs at varying scales in space and time
affecting the diversity of species. However, processes operating at one scale not necessarily scale up or
down [1]. For marine benthic communities, environmental heterogeneity at small spatial scales (cm to
few meters) are mostly due to biologically produced habitat heterogeneity and biotic interactions,
while at larger spatial scales (10’s m to kilometers) environmental factors may prevails over biotic
features [2]. Regardless of the mechanism behind environmental heterogeneity, it promotes species
diversity by increasing the range of resources and reducing niche overlap, which in turn promotes
species coexistence [3,4].
In the intertidal zone of rocky shores, sessile organisms such as macroalgae and sponges
increase small-scale habitat heterogeneity, harboring a diverse associated fauna [5–7]. The community
structure of the associated fauna is affected by several intrinsic properties of the host, such as their
Diversity 2020, 12, 39; doi:10.3390/d12010039 www.mdpi.com/journal/diversity133
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physical architecture, the number of microhabitats, sediment deposition, food resources, refuge from
predators, and wave damping effects [8–13]. In addition to this small-scale heterogeneity, variations in
hydrosedimentary processes at larger scales (meters to kilometers) also affect the structure and diversity
of hard-bottom-associated communities, mainly through their effects on larvae supply, dispersal and
colonization of organisms [14,15].
Hard-bottom-associated fauna is usually composed by small crustaceans, nematodes, mollusks,
annelids and other groups that use the host substratum as shelter and food. These organisms belong
to two different ecological compartments, macrofauna and meiofauna, which are distinguished by
their different size as well as different life-history traits. Besides being larger and more mobile, most
macrobenthic species exhibit a planktonic larval stage so that larval dispersal can be extensive [16].
In contrast, meiofauna have direct benthic development, are smaller and exhibit lower mobility.
Additionally, meiofauna is expected to be more specialized in their habitat and food resources [2,17–20],
whereas macrofauna are relatively more generalist [21]. As a result, meiofauna, especially nematodes,
are generally more affected by within-habitat variability when compared to larger-sized, more mobile
macrofauna [16]. The latter, on the other hand, are more prone to be influenced by larger-scale
environmental heterogeneity, for instance, in hydrodynamic conditions and position on the shore [22].
In this study, we aim to describe how community structure and diversity of hard-bottom-associated
fauna are related to (i) small-scale (cm–m) changes in biological (secondary) substrate in a rocky shore
and (ii) larger-scale (10’s m) changes in environmental conditions of a same biological substrate in
different habitats (rocky shore x mangrove roots). At both scales, we expect habitat heterogeneity to
create a mosaic that will contribute to local and regional biodiversity. As such, we have tested the
hypotheses that different biological substrates harbor different associated communities (H1) and that the
same biological substrate growing in different habitats harbor distinct associated communities (H2). Yet,
we expect the meiofauna and macrofauna communities to respond differently to habitat heterogeneity.
We expect the meiofauna communities to be more affected by within-habitat environmental variability
(i.e., to show differences in composition between the biological substrates) and the macrofauna to
be more influenced by larger-scale changes in environmental conditions (i.e., to show differences in
species composition between the different habitats).
2. Material and Methods
2.1. Study Area
This study was conducted in the Southeastern Brazil, in the Araçá Bay (São Sebastião, SP; Figure 1).
Despite the relatively small size of the bay (~500 m2), this is a heterogeneous bay composed by rocky
shores, sandy beaches, small mangrove spots and a larger soft bottom, being a hot spot of marine
biodiversity [23]. The variety of different habitats in short distances makes this as a special region to
test our hypothesis regarding habitat heterogeneity from smaller to larger scales. In addition to the
ecological questions, our study will help to support a discussion regarding anthropogenic impacts at
the bay. Araçá Bay is under the threat of the eminent expansion of the port of São Sebastião, which will
cover 75% of the bay with a structure suspended by pillars, potentially reducing the occurrence of
macroalgae [24], which host diverse associated fauna [25].
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Figure 1. Map indicating the location of the Araçá Bay. The arrow indicates the sampling site.
2.2. Experimental Design
To test the hypothesis that different biological substrates harbor different associated communities
increasing local diversity (H1) we have sampled meio- and macrofauna communities from different
biological substrates growing in the intertidal zone of a rocky shore from southeastern Brazil. We decided
to use the natural heterogeneity present on rocky shores so the natural substrates were (1) a “turf” of
different macroalgae species (‘Turf’) composed mainly by algae of the genus Gelidium, (2) the macroalgae
Caulerpa racemosa (‘Caulerpa’) and (3) the sponge Hymeniacidon heliophila (‘Sponge’). While the turf
substratum was homogeneous, the remaining substrata were dominated by Caulerpa and Sponges,
respectively, but turfing algae were still present in abundance underneath the dominant species.
To test the hypothesis that the same biological substrate growing in different habitats harbor
distinct associated communities (H2) we sampled the macroalgae Bostrychia sp. in two sites that were
20 m apart from each other but were structurally different: a rocky shore and the pneumatophores
from the mangrove Laguncularia racemosa. In both experiments, four replicate samples were taken for
each substrate.
2.3. Sampling and Sample Processing
Four replicate samples were taken at each substrate by scraping a quadrat (10 × 10 cm) using a
scraper therefore removing both the hard-bottom surface and the biological substrate. Samples from
the different substrates of the rocky shore (H1) were taken within the same tidal level whereas for the
comparison of the same substrate (the macroalgae Bostrychia sp.) between two different habitats (H2),
the tidal level was slightly different. In that case, samples from the pneumatophores from the mangrove
Laguncularia racemose were taken from an upper tidal level compared to those from the rocky shore.
All samples were fixed with 10% formalin and, to better detach organisms from the substrate, were
sonicated for 3 min (60 W, 3 times for 1 min with 30 s intervals) [26]. Samples were then sieved through
500 μm and 45 μm mesh sieves to retain macro and meiofauna, respectively. Samples were stored in
4% formalin and stained with Rose Bengal. Meiofauna were further extracted by flotation with Ludox
TM 50 (specific density 1.18) [2], divided into four subsamples by using a Folsom plankton splitter.
For each sample, one subsample was selected. Macrofauna and meiofauna were counted and identified
under a stereomicroscope. Particularly for the meiofauna, 10% of the nematodes per subsample were
randomly picked, evaporated slowly in anhydrous glycerol and mounted on permanent slides for
identification. Nematodes were identified to the genus level and further separated into morphospecies.
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2.4. Statistical Analyses
Because the sampled substrata had distinct growth forms and consequently different biomass,
the abundance of both meio- and macrofauna were pondered by the sample volume, which was
measured by water dislodgment in a graduated cylinder.
Univariate and multivariate analyses were conducted on log (x + 1) transformed data and
presence/absence data, independently for macrofauna, meiofauna community, and for nematode
assemblages, as Nematoda was the most abundant group in all samples. Abundance data was used
to assess differences in community multivariate structure (including taxa composition and taxa
abundances) whereas presence/absence data aimed at looking for differences in taxa composition
only (i.e., turnover of taxa between the substrates for H1 and the habitats for H2). For each group,
density, species richness and Shannon’ diversity (H’) were compared among substrata (H1) and
between habitats (H2) using one-way analyses of variance (ANOVA). Density data was log (x + 1)
transformed to equalize the importance of abundant and rare species and used to build a similarity
matrix among samples. Differences on species composition were assessed using Sorensen distance
for presence/absence, while community structure was assessed using Bray–Curtis distance for log
(x + 1) transformed data. For both measures, differences among substrata (H1) and between habitats
(H2) were tested independently using Permutational analysis of variance (PERMANOVA) [27] and
visually presented by a Non-metric Multidimentional Scaling ordination (NMDS). For all analyses the
species that contributed the most for the differences among groups were assessed through Similarity
percentage analysis (SIMPER) [28].
3. Results
3.1. Different Biological Substrates Harbor Different Associated Communities
3.1.1. Meiofauna Community and Nematode Assemblage
The meiofauna was represented by 13 higher taxa with mean densities ranging from 238 to 522
individual mL−1 (Table S1). Nematodes were the most abundant taxa, corresponding to 58% of all
organisms collected, followed by harpacticoid copepods (20%). Ostracods (6%), polychaetes (6%) and
amphipods (5%) were the next most abundant groups. Other groups represented less than 2% of
the meiofauna.
Meiofauna abundance, the number of meiofaunal groups, diversity and community structure did
not differ among substrates (Tables 1 and 2). However, analysis on presence/absence data revealed
significant differences in the composition of meiofauna communities and nematode assemblages
between the substrata (Table 2). The composition of meiofauna communities associated with the
sponge was significantly different from both “Turf” and “Caulerpa” communities (post-hoc p < 0.05,
Figure 2). This difference was mainly due to the exclusive occurrence of oligochaetes in all “sponge”
samples (SIMPER analysis: 36.5% and 44.7%, contribution for differences between “Sponge” and “Turf”
and “Sponge” and “Caulerpa”, respectively).
Table 1. Differences in univariate indices from macro- and meiofauna between substrates (H1) using
one-way ANOVA.
df F p
Meiofauna density 2 0.079 0.925
Nematode density 2 0.513 0.610
Number of meiofaunal taxa 2 0.600 0.569
Number of nematode species 2 2.212 0.149
Nematode diversity (H’) 2 2.101 0.162
Macrofauna density 2 3.055 0.097
Number of macrofaunal taxa 2 0.694 0.524
Macrofauna diversity (H’) 2 2.486 0.138
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Table 2. Differences in multivariate structure of macrofauna, meiofauna and nematode assemblages
between substrates using PERMANOVA. Bold values indicate p < 0.05.
Abundance Data (Log (x + 1)) Presence/Absence Data
Source df Pseudo-F p (perm) df Pseudo-F p (perm)
Macrofauna
Treatment 2 1.174 0.323 2 0.969 0.441
Residual 9 9
Meiofauna
Treatment 2 1.642 0.115 2 5.021 0.003
Residual 9 9
Nematodes
Treatment 2 1.282 0.212 2 2.6989 0.003
Residual 9 9
Figure 2. Non-metric multidimentional scaling (NMDS) ordination representing the similarity between
samples from the substrates “Turf” (Δ), “Caulerpa” () and “Sponge” (x) for macrofauna, meiofauna
and nematode assemblages.
Nematodes were represented by 56 species with densities ranging from 115 to 308 ind. mL−1
(Table S2). Spilophorella meyerabichi was the dominant species in all substrates (45% to 48%). Enoplus sp.1
(5%–9%), Halaphanolaimus sp.1 (7%–8%) and Oncholaimellus sp.1 (5%–8%) were the next most abundant
species. All other nematode species occurred in low densities, each accounting for less than 4% of
the assemblage. Similarly to the meiofauna, nematode abundances, species richness, diversity and
community structure did not differ among substrates (Tables 1 and 2). Analysis on presence/absence
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data, however, revealed significant differences in the species composition of nematode assemblages
between “Caulerpa” and “Turf” assemblages (post-hoc p < 0.05, Figure 2). A total of 13 species
contributed to 50% of the total dissimilarity between the two substrates (Table S3). Indeed, from a total
of 60 species, the different substrates shared from 22 (Caulerpa vs. Turf) to 26 species (Sponge vs. Turf)
only. In addition, each substrate showed a relatively high number of exclusive species (“Caulerpa”:
11 species, “Sponge”: 11 species and “Turf”: 7 species).
3.1.2. Macrofauna Community
The macrofauna was represented by 17 higher taxa with densities ranging from 56 to 303 ind.
mL−1 (Table S4). The most abundant group was Gammaridae (Amphipoda), which accounted for
45% of all organisms collected, followed by Tanaidacea (20%) and Polychaeta (17%). All other taxa
contributed with less than 2% each for the total macrofauna sampled. As for the meiofauna, macrofauna
densities, number of taxa, diversity and community structure were similar in the three substrata
(Table 1). However, differently from meiofauna and nematode assemblages, macrofauna composition
as shown by presence/absence data did not differ between the substrata (Table 2, Figure 2).
3.2. The Same Biological Substrate Growing in Different Habitats/Environments Harbor Different Associated
Communities
3.2.1. Meiofauna Community and Nematodes Assemblage
Meiofauna was represented by 16 taxa, from which 10 occurred in both environments (Table S5).
Mangrove and rocky shore samples each had 3 exclusive taxa. Nematoda was the most abundant taxa,
representing 73% and 62.5% of total meiofauna collected in the mangrove and rocky-shore samples,
respectively. Halocaridina, Rotifera and Copepoda (adult + nauplii) were the next most abundant
groups, and accounted for 6%, 9% and 8% in the mangrove and 19%, 5% and 9% in the rocky shore,
respectively. Meiofauna densities did not differ between habitats (Table 3), ranging from 44 to 1278 ind.
mL−1 and from 119 to 374 ind. mL−1 in the mangrove and rocky shore, respectively. The number of
taxa and community structure did not differ between the two habitats either (Tables 3 and 4, Figure 3).
Nematodes were represented by 28 species with densities ranging from 15 to 982 ind. mL−1
(Table S6). Samples from the rocky shore were dominated by Araeolaimus sp.1 (35%), followed by
Eleutherolaimus sp.1 (12%) and Microlaimus sp.1 (11%) whereas mangrove samples were dominated
by Thalassomonhystera sp.1 (46%), followed by Araeolaimus sp.1 (19%). Similarly to total meiofauna,
nematode densities and species richness did not differ between habitats, but diversity (H’) was
significantly higher in the rocky shore (Table 3). Contrasting to meiofauna community, nematode
assemblages from the two environments were significantly different (Table 4, Figure 3). SIMPER
analysis showed that dissimilarities between rocky shore and mangrove samples (aver. dissimilarity
= 54.28%) mainly resulted from differences in abundance of a few dominant organisms (Table S7).
Rocky-shore samples were characterized by higher abundances of Eleutherolaimus sp.1 and Microlaimus
sp.1, whereas mangrove samples were characterized by higher abundances of Thalassomonhystera
sp.1 and Parachanthoncus sp.3. Altogether these four species accounted for 50% of dissimilarities.
In addition to differences in the abundance of species, analysis on presence/absence data revealed
significant differences in species composition (PERMANOVA p = 0.023). A total of eight species
contributed to 50% dissimilarities in species composition between the habitats (Table S8). From the
28 species associated with Bostrychia sp., only 9 species were common to both environments (Table S5).
A total of 13 species were exclusive to the rocky shore whereas a total of 6 species occurred exclusively
at the mangrove environment (Table S5).
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Table 3. Differences in univariate indices from macro- and meiofauna between habitat/environment
(H2) using one-way ANOVA. Analysis of macro- and meiofauna densities were done on log (x + 1) data.
df F p
Meiofauna density 1 0.751 0.419
Nematode density 1 0.400 0.550
Number of meiofaunal taxa 1 0.297 0.606
Meiofauna diversity (H’) 1 0.128 0.732
Number of nematode species 1 3.261 0.121
Nematode diversity (H’) 1 11.97 0.013
Macrofauna density 1 0.235 0.645
Number of macrofaunal taxa 1 25.00 0.002
Macrofauna diversity (H’) 1 53.50 <0.001
Table 4. Differences in multivariate structure of macrofauna, meiofauna and nematode assemblages
from the different environments using one-way PERMANOVA. Data were log (x + 1) transformed.
Bold values indicate p < 0.05.
Source df Pseudo-F p (perm)
Macrofauna
Treatment 1 5.2506 0.026
Residual 6
Meiofauna
Treatment 1 2.3293 0.125
Residual 6
Nematodes
Treatment 1 3.7215 0.032
Residual 6
 
Meiofauna Nematode assemblage 
 
Macrofauna 
Figure 3. MDS ordination representing the similarity between samples from Bostrychia sp. from the
rocky shore () and mangrove roots (). Data were log (x + 1) transformed.
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3.2.2. Macrofauna Community
Macrofauna associated with Bostrychia sp. was represented by 13 taxa, from which 9 were exclusive
to the rocky shore and only 4, which were also present in the rocky shore, occurred in mangrove
samples (Table S9). In both environments, Chironomidae and Tanaidacea were the most abundant
groups. However, whereas in the rocky shore they accounted for 49.5% of the total macrofauna, in the
mangrove the two groups represented 98% of all organisms collected.
Total macrofauna densities did not differ between habitats (Table 3) ranging from 5 to 7 and
from 2.75 to 9.5 ind. mL−1 in the rocky-shore and mangrove samples, respectively. The average
number of taxa per sample was significantly lower in the mangrove (2–4 taxonomic groups) than in the
rocky-shores communities (5–9 taxonomic groups) (Table 3). Accordingly, diversity was also higher
in the rocky shore (Table 3). The difference in species richness and composition resulted in distinct
macrofauna communities in the two habitats (Table 4, Figure 3). This difference was mainly due to
the absence of Cirripedia, Collembola and Bivalvia and the higher abundances of Chironomidae and
Tanaidacea in mangrove samples (SIMPER analyses, Table S10).
4. Discussion
Habitat complexity mediates species coexistence increasing diversity in several
communities [29–35]. Here, complexity generated by the biogenic structures and by the surrounding
environment creates heterogeneous habitats that support a diverse associated fauna. However, the
scale in which environmental changes affected the fauna depended, as expected, on the benthic
component analyzed. While the small-sized meiofauna were affected by heterogeneity at both scales,
the larger and more mobile macrofauna was unaffected by heterogeneity within habitat but responded
to larger-scale differences in the structure of the studied habitats (rocky shore and mangroves).
The influence of biogenic small-scale habitat heterogeneity for meiofauna community structure
is well documented for soft sediment environments [36–39]. Evidences for communities from
hard-bottom substrates however are limited but corroborate the importance of the complexity for
diversity. Meiofauna species from phytal communities are known to be host-specific [40–43] and the
increase in algae morphotypes results in a diversified meiofaunal community. Biological substrates
can influence the composition and structure of the associated fauna by its architecture [8], the amount
of sediment accumulated on it [12,44], the protection it offers against predators [13,45], shelter from
extreme physical condition [46,47] and the provision of food resources [10]. In the current study,
sponge communities were differentiated by the occurrence of meiofaunal oligochaetes, which are
ectocommensals of sponges [48,49]. Oligochaetes inhabiting such filter-feeding organisms benefit
from being in an environment with intense water flowing, ensuring high oxygen availability and
food (microorganisms and organic detritus), and a lower exposure to the variable conditions of free
sediments [48]. In contrast, nematode assemblages associated with sponges did not differ from the
other substrates but showed a high turnover of species between “Turf” and “Algae”. The species
that contributed to the differences occurred in very low densities hampering any conclusion of host
association. However, the “Turf” environment creates an intricate mesh of filaments that accumulates
much more sediment when compared to the “Algae” environment, probably influencing species
abundances and composition. Given the different macroalgal morphologies, it is also possible that
differences in irradiance and temperature between the two substrates, especially at daytime and low
tide [47], might have played a role. Although the mechanism is not clear, the habitat heterogeneity
created by the substrates had an important role in favoring the occurrence of rare species therefore
maintaining the regional diversity.
Contrary to the meiofauna and nematode assemblages, differences in substrata identity did not
affect macrofauna community therefore agreeing with our expectation, i.e., the meiofauna was more
influenced by the smaller-scale heterogeneity investigated in this study than the macrofauna. These
results suggest that the larger and relatively more motile macrofauna can possibly move through all
studied substrates within habitats and the small-scale variations of environmental conditions offered
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by the different substrates did not represent contrasting selective pressures for this group. Similar
observations were reported for macrofauna inhabiting different type and morphology of sponges [50].
It is possible though that any eventual small-scale variation among biological substrata within the
studied zone of the rocky shore is species-specific, so our analyses conducted at lower taxonomic
resolution may have prevented us to observe species-specific differences among communities. However,
in a region close to our study site, the structure of amphipod assemblages analyzed to the specific
level was not affected by algae identity and architecture, but only by its position through the intertidal
zone [51]. Even hosts with very distinct architecture, when occurring in the same position of the
shore, supported similar associated communities [51]. These findings suggest that factors controlling
community assembly of macrofaunal organisms may operate on a wider scale.
Accordingly, the primary substrate and/or the surrounding environment where this occurred
influenced both the nematode assemblages and macrofauna. Fauna associated to the same substratum,
but under different environmental conditions, are often distinct [52] because hosts do not necessary
buffer the distinct selective pressures to which associated fauna is exposed. Mangrove samples were
characterized by higher abundances of Thalassomonhystera sp.1, which is a genus frequently found
in mangrove sediments and mangrove litter (e.g., [53,54], probably as a consequence of both the
higher proximity to the sediment and the higher sedimentation in the Bostrichetum communities
from mangrove roots. In addition, there was a significant overlap in species composition between
the two habitats and the number of shared species was relatively low (32%) suggesting that the
surrounding environment was highly selective. For the macrofauna, the longer exposure to air to which
associated fauna is exposed in mangroves restricted the occurrence of marine groups as Cirripedia,
Collembola and Bivalvia reducing diversity, but facilitated the occurrence of typically terrestrial
organisms such as Chironomidae larvae. While we did not address the mechanism behind the absence
of typically marine species in mangrove habitats, the longer exposure to air can restrict the access of
reproductive propagules, but also increase post-recruitment mortality, which probably caused the
differences observed here. Differences in taxonomic composition of the associate fauna from the
same secondary substrate in different habitats were also observed for fauna associated with mussel
beds growing on soft vs. hard substrates [52]. While it has been suggested that changes in wave
exposure and the proportion of faeces and pseudo-faeces of mussels deposited within the mussels
bed would explain such differences [52]; here we suggest that changes in environmental conditions as
distance to the soft-bottom, the amount of sediment deposited over the secondary substrate and aerial
exposure would influence the differences in the associated fauna between macroalgae on rocky shores
vs. mangrove environments.
5. Conclusions
Changes in species composition between environments and substrates highlight the importance
of habitat diversity at different scales in maintaining the diversity of the associated fauna. In addition,
whereas both substrate identity and the surrounding environment were important in structuring
the smaller-sized meiofauna, the macrofauna was more influenced by larger-scale changes in the
surrounding ecosystem. This implies that the larger and more motile macrofauna explores the
environment in a larger spatial scale compared to the meiofauna, which are smaller and more sedentary
(therefore restricted to a smaller space), suggesting that effects of spatial heterogeneity on communities
are dependent on organism size and mobility. Besides, species turnover occurred mainly regarding
species with low abundances (i.e., rare species). These results stress the importance of considering
the rarer groups in ecological studies and/or impact assessments on local and regional diversity.
It is important to note, however, that because our study is limited to a single sampling location,
the generalizations of our findings must be further tested in other habitat types and regions. Also,
because of the frequency of occurrence and abundance of rare species might change as a function of
sampling effort, different rarity patterns could emerge if more samples were taken.
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Considering the eminent expansion of the harbor over rocky shores and mangroves from the
Araçá Bay and the effects of artificial substrate construction and shading, leading to large modifications
on biological substrates on rocky shores [24,55], the anthropogenic impact in the area has the potential
to promote large changes to both meiofauna and macrofauna biodiversity in the area. Because both
macro- and meiofauna biodiversity are positively related to important ecosystem processes [56,57],
such effects can potentially go beyond structural changes in biodiversity and are likely to translate into
major impacts to ecosystem functioning.
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Abstract: In benthic ecosystems, organic matter (OM), prokaryotes, and meiofauna represent a
functional bottleneck in the energy transfer towards higher trophic levels and all respond to a
variety of natural and anthropogenic disturbances. The relationships between OM and the different
components of benthic communities are influenced by multiple environmental variables, which can
vary across different habitats. However, analyses of these relationships have mostly been conducted
by considering the different habitats separately, even though freshwater, transitional, and marine
ecosystems, physically linked to each other, are not worlds apart. Here, we investigated the quantity
and nutritional quality of sedimentary OM, along with the prokaryotic and meiofauna abundance,
biomass, and biodiversity, in two sampling periods, corresponding to high vs. low freshwater
inputs to the sea, along a river-to-sea transect. The highest values of sedimentary organic loads
and their nutritional quality, prokaryotic and meiofaunal abundance, and biomass were consistently
observed in lagoon systems. Differences in the prokaryotic Operational Taxonomic Units (OTUs)
and meiofaunal taxonomic composition, rather than changes in the richness of taxa, were observed
among the three habitats and, in each habitat, between sampling periods. Such differences were
driven by either physical or trophic variables, though with differences between seasons. Overall,
our results indicate that the apparent positive relationship between sedimentary OM, prokaryote
and meiofaunal abundance, and biomass across the river-lagoon-sea transect under scrutiny is more
the result of a pattern of specifically adapted prokaryotic and meiofaunal communities to different
habitats, rather than an actually positive ‘response’ to OM enrichment. We conclude that the synoptic
analysis of prokaryotes and meiofauna can provide useful information on the relative effect of organic
enrichment and environmental settings across gradients of environmental continuums, including
rivers, lagoons, and marine coastal ecosystems.
Keywords: North Adriatic Sea; trophic status; prokaryotes; meiofauna; ecosystem functioning
1. Introduction
Pathways and rates of sedimentary organic matter (OM) transfer to higher trophic levels in
aquatic ecosystems depend on the OM quantity and nutritional quality [1,2]. In turn, both the quantity
and nutritional quality of sedimentary OM depend on its origin (i.e., autotrophic, heterotrophic,
and/or detrital), biochemical composition and bioavailability (i.e., refractory vs. labile fraction),
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and degradation rates [3]. Therefore, the benthic trophic status of an aquatic ecosystem is not only
related to the availability of inorganic nutrients, which fuels in situ primary production, but also depends
upon the supply rates of OM, including allochthonous and detrital (i.e., not living) sources [3–6]. This,
in turn, can influence other ecosystem functions, including nutrient cycling and oxygen availability [3,7].
For instance, the accumulation of huge amounts of detrital OM in marine coastal sediments, triggering
increased benthic O2 consumption and possibly inducing hypoxic and anoxic conditions, can be
associated with a preferential accumulation of semi-labile compounds (e.g., the biopolymeric fraction
of organic carbon (OC) [8]), particularly enriched in nitrogenous (protein-like) compounds [9]. In such
conditions, the decoupling between the production/inputs of OM loads, heterotrophic consumption,
and accumulation in sediments can determine strong modifications in the structure and functioning of
benthic ecosystems [9–13].
The comprehension of the biogeochemical dynamics in aquatic environments characterized by
variable biodiversity levels (e.g., transitional, estuaries, and coastal environments) is strongly limited
by the complex and multiple interactions among different biotic components, including microbial
and meio- and macrofaunal assemblages [14,15]. In this regard, it is noticeable that changes in
the benthic trophic status and OM degradation rates mediated by microbes, through the so-called
microbial loop, can be mirrored in changes in the composition and structure of the benthic communities,
and vice-versa [16,17].
In benthic ecosystems, OM, prokaryotes, and meiofauna, being trophic resources for higher trophic
levels and, at the same time, being responsible, with different roles, for OM cycling, represent a key
functional bottleneck in the energy transfer towards a higher trophic level [18]. They also detectably
and rapidly respond to a variety of natural and anthropogenic disturbances. Heterotrophic prokaryotes
are responsible for detrital OM degradation and transformation and rapidly respond to variations in
the quantity and composition of the available OM [19,20]. Meiofauna, due to their strong sensitivity to
disturbances, high abundance, lack of pelagic larval dispersion, and short life cycles, rapidly respond
to environmental changes in both marine [21,22] and freshwater ecosystems [23].
The relationships between OM and the different components of benthic communities are also
influenced by multiple, often interacting, environmental variables, for example, currents and the
substrate composition, which, in turn, enhance the levels and variance of natural disturbance, as well as
habitat-specific conditions. Analyses of these relationships have mostly been conducted by considering
the different benthic components separately. Moreover, freshwater, transitional, and marine coastal
ecosystems, though physically linked to each other, have most often been considered as worlds apart,
and such a reductive approach especially applies to the analysis of benthic ecosystems.
Here, to provide insights on this topic, we test the null hypothesis that OM quantity, biochemical
composition and degradation rates, prokaryotic and meiofaunal biodiversity, and ecosystem functioning
do not vary among different ecosystems along a strong salinity gradient in different periods of the year.
To test this hypothesis, we investigated the OM quantity, nutritional quality, and degradation rates,
along with the prokaryotic and meiofauna biodiversity, in two sampling periods (corresponding to
high vs. low freshwater inputs to the sea) along a river-to-sea gradient, comprising Po River (Italy),
the North Adriatic Sea, and the associated lagoonal system. The sampling strategy included stations
located in the major tributaries of the Po River, in the Po main axis, in a coastal lagoon (Sacca di Goro
Lagoon) intercepting Po River outflow, and in the coastal sediments of the North Adriatic Sea facing
the lagoon and the Po River delta.
2. Materials and Methods
2.1. Study Area
The Po River is the most important Italian river, with a drainage basin of 71,000 km2, 44% of
which is devoted to agricultural activities, and more than 15 million people. The mean flow discharge
is characterized by two major flooding periods, due to snowmelt in the spring and rainfall in the
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autumn [24]. The Po River outflow of water and sediments is mostly constrained along the western
coast of the Adriatic Sea, driven southward by the general circulation of the basin [25,26].
The Sacca di Goro Lagoon is a shallow (average depth 1.5 m) water embayment (27 km2) of the
Po River Delta facing the northern Adriatic Sea from the Italian counterpart (Figure 1). This lagoon is
characterized by strong daily variations of salinity and nutrient concentrations due to a microtidal
regime (with a maximum amplitude < 1.0 m) and freshwater inputs from the Po River, and saline
water input from the adjacent northern Adriatic Sea. The Sacca di Goro Lagoon, being one of the
most economically relevant clam farming sites in Europe, whilst at the same time being threatened by
dystrophic events [27–29], has largely been investigated in terms of the biogeochemistry [15,30,31],
ecophysiology of blooming macroalgae [32], meio- and macrofauna communities [33–35], and ecosystem
functions [36,37].
Figure 1. Sampling area: (A) the Po River basin, flowing into the North Adriatic sea, Central Mediterranean
and (B) location of the sampling stations along the Po River basin, the Goro Lagoon, and at sea.
Due to the large inputs from the Po river (which alone accounts for ca. 50% of the terrigenous
flux into the whole basin), the sediments of the north western Adriatic are characterized by a strong
accumulation of organic loads [9,38–42], which have, for years, triggered hypoxic crises [43–45].
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Indeed, the NW Adriatic Sea, which is the most productive basin of the entire Mediterranean Sea,
has experienced huge and long-lasting anthropogenic environmental alterations in the last 50 years.
Such changes have led to severe consequences for the whole ecosystem functioning, which have
ultimately manifested as red tides, mucilage formation, and strong eutrophication along the entire
Italian coastline of the basin [46,47].
2.2. Sampling
The sampling stations were located as follows: “Oglio” in the Oglio River (left tributary of the Po
River), “Po” (within the Po River, just before the beginning of the Po-di-Goro River, which is part of
the Po delta and flows into the Sacca di Goro Lagoon), “Gorino” (at the end of the Po-di-Goro river),
“Giralda” (inside the Sacca di Goro Lagoon), “Delta” (located at the mouth of the Sacca di Goro
Lagoon), and “Cesenatico” (located south of the lagoon, in the marine coastal environment) (Figure 1).
The sampling was carried out in two different seasons: summer (September 2011) and winter
(February 2012), identified as representative of periods of low (late summer) vs. high (winter) river
outflow, respectively.
The bottom temperature and salinity were measured in situ by means of a multiparametric
probe. Sediment samples were collected (three independent replicates per station and sampling period,
for both OM and meiofauna) using plexiglass corers operated manually, kept at in situ temperature
after being brought to the laboratory (within 4 h), and then immediately frozen once in the laboratory
and kept at −20 ◦C until analysis (within 2 weeks). Only sediment aliquots for the measurement of
OM degradation rates were immediately treated, as described below.
2.3. Sedimentary Organic Matter Quantity, Nutritional Quality, and Degradation Rates
Once in the laboratory, the top centimeter from each sediment core was used for analyses of the
OM biochemical composition, in terms of the total phytopigment, protein, carbohydrate, and lipid
contents. Chlorophyll-a and phaeopigments were analysed fluorometrically [48]. Total phytopigment
concentrations were defined as the sum of chlorophyll-a and phaeopigment concentrations and utilized
as an estimate of the organic material of algal origin [12]. Sediment phytopigment concentrations were
converted into C equivalents using 40 μg C μg phytopigment−1 as a conversion factor [3]. Protein,
carbohydrate, and lipid analyses were carried out spectrophotometrically [49]. For the analysis of each
biochemical class of organic compound, blanks were made with the same sediment samples previously
treated in a muffle furnace (450 ◦C, 2 h). Protein, carbohydrate, and lipid concentrations were converted
into C equivalents using the conversion factors 0.49, 0.40, and 0.75 mg C mg−1, respectively, and their
sum is referred to as the biopolymeric C (BPC) [50].
The fraction of biopolymeric C represented by relatively fresh algal material was assessed as the
percentage contribution of phytopigment C to biopolymeric C contents and referred to as the algal
fraction of biopolymeric C [3]. The algal and protein fractions of biopolymeric C and the values of
the protein to carbohydrate ratio were also used as descriptors of OM nutritional quality (algal and
protein fractions) and ageing (protein to carbohydrate ratio) [50,51].
OM degradation rates were estimated from aminopeptidase and beta-glucosidase activities
determined by the cleavage of fluorogenic substrates (L-leucine-4-methylcoumarinyl- 7-amide, Leu-;
4-methylumbelliferone-β-D-glucopyranoside, respectively) at saturating concentrations. Briefly, 2.5 mL
of sediment subsamples was incubated at in situ temperature in the dark for 2 h with 2.5 mL of filtered,
sterile water containing 200 μM L-leucine-4-methylcumarinyl-7-amide and 50 μM 4-methylumbelliferyl
β-D-glucopyranoside, respectively, separately for aminopeptidase and β-glucosidase determinations.
After incubation, the sediment slurries were centrifuged and the supernatants were analysed
fluorometrically [49]. Protease and glucosidase activities (μmol of substrate g−1 h−1) were converted
into C equivalents using 72 as a conversion factor [13], and their sum is reported as the C degradation
rate (μgC g−1 h−1).
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2.4. Prokaryotic Abundance, Biomass, and Diversity
The prokaryotic abundance and biomass were determined as described by Danovaro (2009) [49].
Briefly, prokaryotic cells were extracted from the sediments according to standard procedures, stained
with SYBR Green I, and counted by epifluorescence microscopy. For determination of the prokaryotic
biomass, the cell biovolume was converted into the carbon content assuming 310 fg C μm−3 as a
conversion factor [49]. The prokaryotic abundance and biomass were normalized to the sediment dry
weight after desiccation (60 ◦C, 24 h).
The prokaryotic diversity was assessed according to Danovaro (2009) [49]. DNA was extracted
from sediment with the UltraClean soil DNA isolation kit (MoBio Laboratories Inc., Carlsbad, CA USA).
In all samples, extracted DNA was determined spectrofluorimetrically using SYBR Green I (Molecular
Probes) and quantified vs. standard solutions of genomic DNA from Escherichia coli. The extracted
DNA was amplified using universal bacterial primers 16S-1392F and 23S-125R, and the latter was
fluorescently labeled with the fluorochrome HEX (MWGspa Biotech). PCRs were performed in 50-μL
volumes in a thermal cycler (Biometra, Germany) using 30 PCR cycles. PCR products were checked
on agarose–Tris-borate-EDTA (TBE) gels (1%). Four different reactions were run for each sample
and then combined to form two duplicate PCRs, which were subsequently utilized for Automated
Ribosomal Intergenic Spacer Analysis (ARISA). The quality of amplified fragments was checked,
and the PCR products were purified and quantified spectrofluorimetrically. For each ARISA, about
5 ng of amplicons was mixed with 14 μL of internal size standard (GS2500-ROX; Applied Biosystems,
Foster City, CA, USA) and the automated detection of ARISA fragments was carried out using the
ABI Prism 3100 Genetic Analyzer (Applied Biosystems). ARISA fragments in the range of 390 to
1400 bp were determined using GeneScan analytical software version 2.02 (Applied Biosystems).
Despite the fact that the DNA fingerprinting approach utilized in the present manuscript does not
provide specific taxonomic information for the identified Operational Taxonomic Units (OTUs), it is
still a largely utilized approach when assessing the patterns of prokaryotic diversity in environmental
samples [52–55].
2.5. Meiofauna
Once in the laboratory, sediment samples for meiofaunal analyses were sliced into five sediment
layers (i.e., 0–1, 1–3, 3–5, 5–10, and 10–15 cm), fixed with 4% buffered formalin, and stained with Rose
Bengal (0.5 g L−1) until analysis. Sediments were sieved through a 500-μm mesh, and a 20-μm mesh was
used to retain the smallest organisms. The fraction remaining on the latter sieve was re-suspended and
centrifuged three times with Ludox HS40 [21,49] (diluted with water to a final density of 1.18 g cm−3).
All animals remaining in the surnatant were again passed through a 20-μm mesh net, washed with tap
water and, after staining with Rose Bengal, sorted under a stereomicroscope [49] (×40 magnification).
The meiofaunal biomass was assessed by bio-volumetric measurements for all specimens
encountered. The nematode biomass was calculated from the biovolume, using the formula reported
in Andrassy (1956) [56]: V = L × W2 × 0.063 × 10−5 (in which body length, L, and width, W, are
expressed in mm). The body volumes of all other taxa were derived from measurements of body length
(L, in mm) and width (W, in mm), using the formula V = L ×W2 × C, where C is the approximate
conversion factor for each meiofaunal taxon [57]. Each body volume was multiplied by an average
density (1.13 g cm−3) to obtain the biomass (mg DW: mg WW = 0.25) and the carbon content was
considered to be 40% of the dry weight [58]. The biomass was expressed as μgC 10 cm−2.
2.6. Statistical Analyses
For all of the investigated variables, differences among sampling stations and sampling periods
were assessed using distance-based permutational nonparametric analyses of variance (PERMANOVA)
in a univariate context [59]. When significant differences were observed, pairwise tests were also carried
out to ascertain patterns of differences among stations and/or sampling times. The sampling design
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included two fixed orthogonal factors: Station (n = 6: Oglio, Po, Gorino, Giralda, Delta, and Cesenatico)
and season (n = 2: summer and winter). Although time is typically a continuous source of variation,
in this study, we considered the two sampling periods as levels of a fixed factor, assuming that they
represented contrasting periods of the Po River discharge regime.
The same experimental design was used to test variations in i) the biochemical composition
(in terms of protein, carbohydrate, lipid, and phytopigment contents) and nutritional quality (in terms
of the protein to carbohydrate ratio, protein, and chlorophyll-a contributions to biopolymeric C) of
sedimentary organic matter, and ii) the composition of OTUs and meiofaunal assemblages (based
on abundance data only), again using PERMANOVA, in a multivariate context. The PERMANOVA
analyses were based on matrixes of the Euclidean distance after normalization of the data (OM) and
Bray Curtis similarity matrixes after square root transformations (prokaryotes and meiofauna) [60].
To visualize differences among stations and seasons in the biochemical composition, the nutritional
quality of sedimentary organic matter, and the composition of OTUs and meiofaunal assemblages,
bi-plots after a canonical analysis of the principal coordinates (CAP) were also produced [61].
Additionally, a Similarity percentage (SIMPER) analysis was carried out to assess the percentage
dissimilarity in the meiofaunal taxonomic composition among systems and seasons. All statistical
analyses were performed with the software PRIMER 6+ [62].
To assess whether the sedimentary organic matter content or nutritional quality explained
significant differences in the prokaryotic and meiofaunal community composition, non-parametric
multivariate multiple regression analyses, based on Euclidean distances, were also carried out using
the DISTLM forward routine [60]. The forward selection of predictor variables was carried out with
tests by permutation. P values were obtained using 9999 permutations of raw data for the marginal
tests (tests of individual variables), whereas, for all of the conditional tests, the routine used 9999




The water temperature and salinity measured during the study period are reported in Table 1A.
In summer, the temperature ranged from 17 to 25 ◦C, with the lowest values at sea (Cesenatico) and
highest at the river (Oglio) sampling station, respectively. In winter, the temperature ranged from
8 to 13 ◦C, with the lowest values at the river and lagoon stations (Oglio, Gorino, and Giralda) and
highest at the lagoon mouth station (Delta), respectively. In both summer and winter, the salinity
ranged from 0 to 35, at the sampling stations located within the rivers (i.e., Oglio and Po) and at sea
(Cesenatico), respectively.
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3.2. Content, Biochemical Composition, Nutritional Quality, and Degradation Rates of Organic Matter
The chlorophyll-a, phaeopigment, total phytopigment, protein, carbohydrate, lipid, and biopolymeric
C contents; algal and protein contributions to biopolymeric C; values of the protein to carbohydrate ratio;
and OM degradation rates are reported in Table 1A,B.
The results of one-way PERMANOVA tests reveal a significant effect of the factor Station × Season
for organic matter contents (Table S1A). In both seasons, the contents of almost all investigated variables,
with only a few exceptions, were significantly the highest at the lagoon stations (Giralda and Gorino).
At each station, almost all variables displayed contents in winter that were significantly higher than
those in summer, with the exception for those at sea (Cesenatico), where the highest values occurred
in summer.
The results of the multivariate PERMANOVA test also show a significant effect of the factor
Station × Season on the OM biochemical composition, with significant differences among sampling









Figure 2. Output of the canonical analysis of principal coordinates (CAP) on the sedimentary organic
matter biochemical composition (A) and nutritional quality (B).
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The results of univariate PERMANOVA tests on the nutritional quality and ageing of OM are
reported in Table S1B. The factor Station × Season had a significant effect on all descriptors of OM
nutritional quality, with values varying significantly among stations in both seasons and between
seasons at almost all stations. Specifically, in summer, the algal fraction of biopolymeric C was the
highest at the Po River station and lowest at the Oglio River, lagoon (Goro), and sea (Cesenatico)
stations; in winter, values at the lagoon stations Delta and Giralda were higher than those in all other
stations, whereas the lowest values occurred at the Po River station. The algal fraction of biopolymeric
C was only higher in summer than in winter at the Po River station.
In both seasons, the protein fraction of biopolymeric C and the values of the protein to carbohydrate
ratio were highest at sea (Cesenatico) and higher in summer than in winter at all sampling stations,
except for the marine station (Cesenatico). Overall, the nutritional quality of OM varied significantly
among all sampling stations in each season and between seasons at each sampling station (Figure 2B).
The results of one-way PERMANOVA and the consequent pair wise tests carried out on enzymatic
activities are reported in Table S1C. In both seasons, the aminopeptidase activity was highest at the
lagoon stations Giralda and Gorino, and significantly higher in summer than in winter at the Po
River and Cesenatico (sea) stations. The β-glucosidase activity was highest at the lagoon station
Giralda in summer and at the lagoon Delta and Po and Oglio River stations in winter. Values of the
β-glucosidase activity were higher in winter than in summer at Oglio and Po River stations and at
the lagoon Delta station, whereas at sea (Cesenatico), the highest values occurred in summer. In both
seasons, the alkaline-phosphatase activity was highest at the lagoon Giralda station. Moreover, it was
higher in summer than in winter at Po, Giralda, and Cesenatico stations, with the opposite pattern at
Oglio and Delta stations.
3.3. Prokaryotic Abundance, Biomass, and Diversity
The prokaryotic abundance, biomass, richness of OTU, and OTU composition are illustrated in
Figure 3A–D. The results of PERMANOVA tests reveal a significant effect of the interaction Station × Season
on the prokaryotic abundance, biomass, and OTU composition (Table S2A). Both in summer and winter,
the prokaryotic abundance and biomass were the highest at the lagoon (Gorino and Giralda) and sea
(Cesenatico) stations. At all stations, with exceptions for the Delta and sea stations, the prokaryotic
abundance and biomass were higher in winter than in summer. The richness of prokaryotic OTU
was highest at the Po River station in summer and at the Gorino Lagoon station in winter. At all
stations, except for the Oglio and Po River and lagoon Delta stations, the richness of prokaryotic OTU
was higher in winter than in summer (Figure 3C). The bi-plot produced after the CAP confirms the
presence of strong spatial and temporal variations in the OTU composition of prokaryotic assemblages
(Figure 3D).
3.4. Meiofaunal Abundance, Richness of Taxa, and Community Structure
The meiofaunal abundance, biomass, richness of taxa, and taxonomic composition are reported in
Figure 4A–D. The results of two-way PERMANOVA tests reveal a significant effect of the interaction
Station × Season on the meiofaunal abundance, biomass, and taxonomic composition (Table S2B).
The results of the pair wise tests (Table S2B) reveal that both the meiofaunal abundance and biomass
varied significantly among stations in both seasons and between seasons at almost all sampling stations.
Specifically, the highest meiofaunal abundance and biomass occurred at lagoon stations in both seasons
(Giralda in summer and Gorino and Giralda in winter). At the Po River and Delta lagoon stations,
the meiofaunal abundance was higher in summer than in winter, whereas at the Gorino Lagoon
(Gorino) and marine (Cesenatico) stations, values were the highest in winter. At the Delta lagoon
station, the meiofaunal biomass was higher in summer than in winter, whereas at sea (Cesenatico),
the highest values occurred in winter.
155







































































































































































Diversity 2020, 12, 189
The richness of meiofaunal taxa did not display significant differences among sampling stations,
or between seasons (Table S2B). At all stations and in both seasons, the meiofaunal community
was dominated by nematodes (51–98%), followed by copepods (1–22%). “Other” taxa included
Bivalvia, Kinorhyncha, Cumacea, Isopoda, Nemertea, Platelminta, Tunicata, and Gnatostomulida,
each accounting for <1% of the total meiofaunal abundance.
The results of the multivariate PERMANOVA tests reveal a significant effect of the factors Station
and Station × Season on the meiofaunal taxonomic composition (Table S2B). Specifically, the results
of the pair wise tests show that the meiofaunal taxonomic composition varied significantly among
sampling stations in both seasons and between seasons at four of six sampling stations (Po, Gorino,
Delta, and Cesenatico). The bi-plot produced after the CAP analysis confirms the presence of strong
spatial and temporal variations in the meiofaunal taxonomic composition (Figure 4D).
SIMPER analysis (Table 2) revealed that the % dissimilarity among different systems was 50–76%
in summer and 64–80% in winter, and that the observed % was mainly due to the higher contribution
of nematodes in the lagoon community structure and to the absence/reduction of the other taxa,
in both seasons.
Table 2. Output of SIMPER analysis (cut off 90%), testing for % dissimilarity among systems in each
season and between seasons in each system.




In summer river vs. lagoon 75.3 Nematoda 41.3
Amphipoda, Rotifera, Ostracoda, Oligochaeta,
Tardigrada, Acarina, Polychaeta, Nemertini,
Bivalvia, Platelminta
lagoon vs. sea 76.1 Nematoda 36.2
Kinorhyncha, Ostracoda, Rotifera, Priapulida
larvae, Polychaeta, Acarina, Cumacea,
Oligochaeta, Amphipoda, Nemertea
river vs. sea 50.0 Nematoda,Copepoda 49.4
Kinorhyncha, Amphipoda, Rotifera, Ostracoda,
Polychaeta, Oligochaeta, Tardigrada,
Priapulida larvae, Cumacea, Bivalvia
In winter river vs. lagoon 80.0 Nematoda 41.8 Amphipoda, Rotifera, Ostracoda, Tardigrada,Polychaeta, Oligochaeta, Acarina, Copepoda
lagoon vs. sea 63.7 Nematoda 22.0 Oligochaeta, Ostracoda, Tardigrada, Acarina,Rotifera, Polychaeta, Amphipoda
river vs. sea 65.3 Nematoda,Copepoda 40.7
Amphipoda, Rotifera, Oligochaeta, Tardigrada,
Polychaeta, Acarina, Copepoda,
In river system summer vs. winter 63.4 Nematoda,Copepoda, Acarina 37.9
Tardigrada, Polychaeta, Oligochaeta, Rotifera,
Ostracoda, Acarina, Copepoda, Amphipoda,
Bivalvia, Platelminta
In lagoon system summer vs. winter 39.3 Nematoda 28.3
Ostracoda, Oligochaeta, Acarina, Amphipoda,
Tardigrada, Rotifera, Nemertea, Polychaeta,
Bivalvia, Isopoda, Kinorhyncha
In sea system summer vs. winter 37.0 Nematoda,Copepoda 31.3
Kinorhyncha, Oligochaeta, Polychaeta,
Rotifera, Priapulida larvae, Ostracoda
The % dissimilarity between summer and winter was lowest at sea (31%) and highest in river
(38%) systems, and such differences were driven by different sets of taxa, depending on the system.
3.5. Relationships between Prokaryotes, Meiofauna, Organic Matter, and Environmental Characteristics
The results of the linear regression analyses indicate a significant and positive relationship
between the BPC sedimentary contents and prokaryotic abundance (p < 0.05, R2 0.622; Figure 5A) and
biomass (p < 0.01, R2 0.611; Figure 5B), as well as between the chlorophyll-a sedimentary contents and
meiofaunal abundance (p < 0.05, R2 0.590; Figure 5C) and biomass (p < 0.05, R2 0.372; Figure 5D).
The results of the multivariate multiple regression analysis (DISTLM forward; Table 3), conducted
on the composition of prokaryotic OTUs and meiofaunal assemblages, reveal that, when pooling
together all data irrespective of season and station, the sub-set of variables that explained significant
variations in the prokaryotic OTU composition explained a total of ca. 85% of variance and included
all of the considered variables, with the exception of the protein to carbohydrate ratio.
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Figure 5. Relationships between biopolymeric C contents and prokaryotic abundance (A) and biomass (B),
as well as between chlorophyll-a and meiofauna abundance (C) and biomass (D) in the sediments.
Table 3. Results of the multivariate multiple regression analysis carried out to ascertain the effect of the
quantity and nutritional quality of sedimentary organic matter on the prokaryotic OTU composition (A)
and meiofaunal taxonomic composition irrespective of the season (B), in summer, (C) and in winter (D).
% Variance = percentage of explained variance (SS = sum of squares; F = F statistic; P = probability
level; *** = P < 0.001; ** = P < 0.01; * = P < 0.05; ns = not significant).
Variable SS F P % Variance % Cumulative
(A) Temperature 5505.6 2.8388 *** 13.6 13.6
prokaryotic OTU composition
Phaeopigment 4690.3 3.1907 ** 11.6 25.2
Salinity 4165.5 2.3033 * 10.3 35.5
Chlorophyll-a 4003.7 2.3956 ** 9.9 45.4
Chlorophyll-a/Biopolymeric C 3940.8 5.3008 ** 9.8 55.2
Lipid 3410 3.3767 * 8.4 63.6
Protein 3293.7 2.4585 * 8.1 71.8
Carbohydrate 3227.5 2.702 * 8.0 79.8
Protein/Biopolymeric C 2512.2 4.4342 * 6.2 86.0
Protein/Carbohydrate 801.55 1.4831 ns 2.0 88.0
(B) Phaeopigment 27,987 14.951 *** 30.5 30.5
meiofaunal taxonomic
composition
Salinity 15,291 10.435 ** 16.7 47.2
Chlorophyll-a/Biopolymeric C 8447.1 6.7732 *** 9.2 56.4
Protein 4192.5 3.639 ** 4.6 61.0
Carbohydrate 3872.8 4.4542 ** 4.2 65.2
Protein/Carbohydrate 3817.2 3.59 ** 4.2 69.4
Chlorophyll-a 3680.3 3.7822 * 4.0 73.4
Temperature 2270.2 2.7766 * 2.5 75.9
Protein/Biopolymeric C 1294.4 1.6557 ns 1.4 77.3
Lipid 1235.1 1.5408 ns 1.3 78.7
(C) Chlorophyll-a 9912.3 4.7556 ** 22.9 22.9
meiofaunal taxonomic
composition in summer
Temperature 8016.6 4.7468 ** 18.5 41.4
Lipid 7348.9 19.458 ** 17.0 58.4
Salinity 7045.1 5.3933 ** 16.3 74.7
Chlorophyll-a/Biopolymeric C 6406.7 7.0101 ** 14.8 89.5
Protein 824.86 2.8042 * 1.9 91.4
Phaeopigment 765.74 2.2364 ns 1.8 93.2
Protein/Carbohydrate 351.13 1.22 ns 0.8 94.0
Protein/Biopolymeric C 342.36 1.2184 ns 0.8 94.8
Carbohydrate 110.93 0.36334 ns 0.3 95.1
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Table 3. Cont.
Variable SS F P % Variance % Cumulative
(D) Phaeopigment 20,442 12.098 *** 43.1 43.1
meiofaunal taxonomic
composition in winter
Salinity 13,045 13.987 *** 27.5 70.5
Protein 4212.2 6.0307 *** 8.9 79.4
Chlorophyll-a 2762.1 5.1176 *** 5.8 85.2
Carbohydrate 2283.7 5.7903 ** 4.8 90.0
Protein/Biopolymeric C 785.55 2.0692 ns 1.7 91.7
Protein/Carbohydrate 466.83 1.266 ns 1.0 92.7
Lipid 364.15 0.91691 ns 0.8 93.4
Temperature 323.36 0.86176 ns 0.7 94.1
Chlorophyll-a/Biopolymeric C 166.23 0.39556 ns 0.4 94.5
The multivariate multiple regression analysis also reveals that, when pooling together all data
irrespective of season and station, a total of 75% of variation in the meiofaunal community composition
is significantly explained by the phaeopigment, salinity, chlorophyll-a to biopolymeric C, protein,
carbohydrate, protein to carbohydrate ratio, chlorophyll-a, and temperature.
The DISTLM forward analysis carried out separately for the two seasons revealed that two
different sub-sets of variables significantly explained the observed variations (ca. 91% and 90% in
summer and winter, respectively). In summer, the most important variables explaining the observed
variations in the meiofaunal taxonomic composition were chlorophyll-a and temperature, whereas in
winter, they were phaeopigment and salinity.
4. Discussion
The rapid increase of human activities has substantially altered the biogeochemical cycles of
carbon, nitrogen, and phosphorous, thus becoming, in the last decades, a major issue for most of the
freshwater and coastal marine ecosystems worldwide [63,64].
For many years, the North Adriatic Sea has been the most productive region of the whole
Mediterranean Sea, with high marine production at all trophic levels, from phytoplankton to fish.
Nevertheless, during the last decades, this basin has experienced severe eutrophication, beside
hypoxic/anoxic crises and mucilage spreads [47,65]. These events have caused the mass mortality
of pelagic and benthic organisms, as well as a deep degradation of the benthic compartment [66].
In the last two decades, the combination of reduced nutrient loads (due to recent regulations limiting
detergent use and to a continuously diminished runoff due to climate change [67]) has caused an
overall trend of oligotrophication in the basin [68], although some authors recently highlighted that
the continental loads of nutrients are still high [63,69].
According to previous studies [3,70], the sedimentary trophic status can be assessed through
rankings based on the quantity, biochemical composition, and nutritional quality of organic matter,
and their combinations. Such studies have proposed a marine benthic trophic status classification based
on the sedimentary contents of protein, carbohydrate, and biopolymeric C and the algal fraction of
biopolymeric C [3,70]. In this study, applying the classifications proposed above, all of the investigated
sediments can be ranked as meso-eutrophic. Specifically, we observed that, during our study, either the
marine or lagoon sediments can be ranked only partially as eutrophic. Our results, when compared with
early studies carried out in the same area [3,9,16,33,38,71], pinpoint the decrease of the benthic trophic
status, and confirm the “regime shift” of the Adriatic Sea towards progressively more oligotrophic
conditions [68,72–74].
Extending the classification proposed by Dell’Anno et al. (2002) [70] and Pusceddu et al. (2009) [3]
to the river sediments, the Po and its tributary sediments would be meso-eutrophic. Unfortunately,
the lack of similar data from previous study periods in Po River sediments does not allow any inference
on temporal changes in the benthic trophic status of the riverine station. Nevertheless, the overall
BPC contents in the Po River sediments during our study were in the lowest range observed in other
rivers, although in largely different ecological contexts and latitudes [75]. This would suggest that,
most likely due to the increased use of inner freshwaters for human usage [76], the sediments of the Po
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River could also have recently experienced a decrease in the benthic trophic status. However, most
recent studies have demonstrated that excessive simplification of the landscape due to the removal of
buffer strips and riparian wetlands has accelerated the nutrient transfer to water bodies [37,63].
The results of our study indicate that, in both seasons, the lagoon sediments (i.e., Gorino, Giralda,
and Delta stations) were characterized by the highest sedimentary organic loads and OM nutritional
quality. This result is in agreement with the general view of Mediterranean coastal lagoons as
transitional water sites of high production [77], where the accumulation of organic matter turns these
ecosystems into ‘detritus traps’ [16,78], and they are net heterotrophic [79,80].
Moreover, according to previous studies [16,20], both the lagoon and marine sites under scrutiny,
showing the highest sedimentary BPC concentrations, were characterized by the highest values of
prokaryotic abundance, biomass, and diversity. This result confirms the presence of an overwhelming
positive effect of OM quantity and bioavailability on benthic prokaryotes [19], but it can also be
interpreted on the basis of concurrent physical-chemical gradients along the investigated transect.
Indeed, a strong difference in the prokaryote assemblage’s composition was observed along the salinity
gradient across the river-lagoon-sea transect and was accompanied by an increasing dominance of
exclusive taxa in each of the investigated systems. This result corroborates previous investigations
showing either an increasing presence of freshwater taxa at stations more influenced by the river
discharge or a core microbiome present across all study areas [81]. Unfortunately, as our results do not
allow us to provide information on the prokaryotic taxonomic identity (due to the limitations of the
ARISA molecular technique, which does not allow DNA sequencing), we cannot make inferences about
the specific ecological role of the different prokaryotic groups in each investigated system. Despite this,
we observed the highest values of extracellular enzymatic activities in the lagoon sediments, where
the highest prokaryotic biomass and diversity were also observed. These results let us hypothesize
that lagoons not only behave as ‘detritus traps’ (sensu [78]), but also as OM degradation hot spots,
such as deltas and estuaries, already identified as metabolic reactors for OM and nutrients [63].
The rates of enzymatic OM degradation have been repeatedly used as proxies of benthic ecosystem
functioning [12,13]. We report here a clear coupling between OM degradation and prokaryotic and
meiofaunal biomass and diversity, so we can infer that the investigated lagoon sediments are hotspots
of ecosystem functioning, and that this, at least partially, is promoted by either prokaryotes [19]
or meiofauna.
Our results also provided evidence of a concurrent positive relationship between sedimentary
OM and meiofaunal abundance and biomass. Meiofauna are considered to be highly sensitive to
environmental changes, so they can provide useful information about the benthic component response
to ecosystem “regime shifts” in a variety of aquatic ecosystems [16,82–84]. Previous studies carried
out in typically oligotrophic conditions (like the coastal W Mediterranean Sea) reported an evident
decrease of the abundance, biomass, and richness of higher meiofaunal taxa exposed to high (excess)
organic loads [82]. In contrast, our results, obtained in even more eutrophic conditions, show that the
higher the organic loads, the higher the values of meiofaunal abundance and biomass. This result
suggests that the apparent positive relationship between sedimentary OM and meiofaunal abundance
and biomass observed across the river-lagoon-sea transect is more the result of a pattern of prokaryotic
and meiofaunal communities specifically adapted to different habitats, rather than an actually ‘positive’
response to OM enrichment. Accordingly, despite no differences being observed in the richness of
prokaryotic OTUs and meiofaunal higher taxa among stations or between seasons, the multivariate
analysis revealed that different stations in the two seasons were characterized by very different
prokaryotic and meiofaunal assemblages. In this regard, SIMPER analyses also revealed a high %
of dissimilarity among systems (particularly between river and lagoon/sea systems) and seasons in
each system. These results suggest that meiofaunal assemblages retrieved in the different investigated
environments appear well-adapted to the specific trophic and environmental characteristics they face
in each environment. Indeed, when the data are presence/absence transformed, different sets of taxa
161
Diversity 2020, 12, 189
are responsible for the observed dissimilarity (mostly rare taxa, i.e., accounting for <1% of the total
assemblage, each, [16]).
In this regard, the results of the multiple multi-regression analysis (DISTLM forward) indicated
that both the compositions of prokaryotic OTUs and meiofaunal assemblages were significantly affected
by environmental settings (temperature and salinity, cumulatively explaining ca. 24% and 19% of
the observed variance in prokaryote and meiofauna assemblages, respectively), the trophic resource
quantity (cumulatively 46% and 43%, respectively), and the nutritional quality (cumulatively 16% and
13%, respectively).
5. Conclusions
Our results allow us to reject the null hypothesis that the OM quantity, biochemical composition
and degradation rates, prokaryotic and meiofaunal biodiversity, and ecosystem functioning do not
vary among different ecosystems along a strong salinity gradient in different periods of the year.
Overall, the results of this study also allow us to conclude that the synoptic analysis of prokaryotes
and meiofauna can provide useful information on the relative effects of organic enrichment and
environmental settings across gradients of the environmental continuum. Our results also pinpoint that
transitional water systems, including rivers, lagoons, and marine coastal ecosystems, represent a sort
of end-of-pipe of the watershed continuum connecting the terrestrial and coastal domains, and acting
as either a filter or source for nutrients and contaminants [64].
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Abstract: Sea turtles migrate thousands of miles annually between foraging and breeding areas,
carrying dozens of epibiont species with them on their journeys. Most sea turtle epibiont studies
have focused on large-sized organisms, those visible to the naked eye. Here, we report previously
undocumented levels of epibiont abundance and biodiversity for loggerhead sea turtles (Caretta caretta),
by focusing on the microscopic meiofauna. During the peak of the 2018 loggerhead nesting season at
St. George Island, Florida, USA, we sampled all epibionts from 24 carapaces. From the subsamples,
we identified 38,874 meiofauna individuals belonging to 20 higher taxa. This means 810,753 individuals
were recovered in our survey, with an average of 33,781 individuals per carapace. Of 6992 identified
nematodes, 111 different genera were observed. To our knowledge, such levels of sea turtle epibiont
abundance and diversity have never been recorded. Loggerhead carapaces are without doubt hotspots
of meiofaunal and nematode diversity, especially compared to other non-sedimentary substrates.
The posterior carapace sections harbored higher diversity and evenness compared to the anterior
and middle sections, suggesting increased colonization and potentially facilitation favoring posterior
carapace epibiosis, or increased disturbance on the anterior and middle carapace sections. Our findings
also shed new light on the meiofauna paradox: “How do small, benthic meiofauna organisms become
cosmopolitan over large geographic ranges?” Considering high loggerhead epibiont colonization,
the large distances loggerheads migrate for reproduction and feeding, and the evolutionary age and
sheer numbers of sea turtles worldwide, potentially large-scale exchange and dispersal for meiofauna
through phoresis is implied. We distinguished different groups of loggerhead carapaces based on
divergent epibiont communities, suggesting distinct epibiont colonization processes. These epibiont
observations hold potential for investigating loggerhead movements and, hence, their conservation.
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1. Introduction
Epibiosis in sea turtles has gained significant attention in recent years to support cryptic migratory
and foraging behaviors [1,2]. The majority of epibiotic studies have focused on describing epifaunal
diversity. Rarely are community questions and ecological interactions occurring on the turtle carapace
addressed [3,4], or relationships between sea turtle epibionts and the environments frequented by the
turtles investigated [1]. In addition, the increased focus on sea turtle epibiosis has shown that we
are far removed from complete sea turtle epibiont inventories, partly owing to the limited number
of taxonomic experts available, and partly because a comprehensive epibiont community analysis is
difficult to achieve.
Caretta caretta, the loggerhead sea turtle, occurs in subtropical and temperate waters across
continental shelves and estuarine areas in the Atlantic, Pacific and Indian Oceans [5,6]. Throughout this
range, loggerheads spend most of their time in nearshore and inshore waters, sometimes associated
with reefs and other natural and artificial hard substrates [5]. Loggerheads are opportunistic carnivores,
feeding primarily on benthic invertebrates and freshly deceased fish, but also gelatinous plankton [7].
Following an early pelagic developmental period [8], most sea turtles, including loggerheads, transition
to more coastal and neritic habitats for feeding and reproduction. In these environments, loggerheads
are exposed to intense colonization by marine larvae searching for a hard substrate to start their
benthic life stage [1]. So far, over 200 epibiont taxa have been documented on loggerhead carapaces [1].
Turtle carapaces also provide suitable substrates for the smallest of motile invertebrates, including the
abundant and diverse meiofauna [3,4]. While prokaryotes and microscopic metazoans are likely the
first to colonize carapaces, larger, mostly sessile invertebrates can provide a habitat and structure that
substantially facilitate further colonization by motile organisms, and enhance the biodiversity of the
fully functional epibiotic carapace ecosystem [4,9]. Loggerhead carapaces have potential as a suitable
habitat for microscopic organisms, and because of this, we wish to assess how abundant and diverse
such communities are, by focusing on the meiofauna.
Meiofauna (size class between 32 μm and 1 mm, but mesh sizes may vary; identified here as
between 63 μm and 1 mm), are rarely the focus of sea turtle or marine mammal epibiont studies.
In fact, only a handful of studies have reported the association of meiofaunal organisms and sea
turtles [1,3,4,10], yet they are a vast source of biodiversity and fulfill important ecological roles in
all marine ecosystems [11]. Currently, 20 metazoan phyla and three protistan (unicellular) phyla
have meiofaunal representatives [12], comprising many tens of thousands to millions of species,
described and yet undiscovered [13–16]. Given the biomass and diversity of loggerhead macrofaunal
epibiont communities, it is likely that loggerhead carapaces have potential to host similarly diverse
and abundant meiofaunal communities. Thus, these communities would have the inherent ability
to raft with turtles as they migrate, with phoretic dispersal and geographic expansion as potential
consequences. Meiofauna distribution patterns from local to global scales offer insights into meiofauna
dispersal, migration and phoresis to an extent, but the origins of these patterns remain debated.
Meiofauna are often numerically dominant, in shallow waters all the way to the deepest ocean
depths. They are also the first metazoans to colonize newly available sediments and substrates [17,18].
Many meiofauna taxa are widespread or even cosmopolitan [19–22], yet meiofauna taxa typically live
their entire lives in between the sediment grains, since they do not possess pelagic larval stages; instead,
they show direct development or brooding [23]. The assumed contradiction between pronounced
dispersal limitations of meiofauna and yet their global presence and ubiquity is captured in the concept
of the ‘meiofauna paradox’ and its central question: “How do small, benthic meiofauna organisms
without active means of dispersal become distributed over wide geographic ranges?” However, the
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presence of pelagic larvae is not the single factor causing dispersal and wide distribution ranges.
Many factors may be evoked to understand the distribution ranges of meiofauna, including the
underestimated dispersal potential, taxonomic artefacts, biological and evolutionary phenomena like
stasis or speciation, as well as geological, oceanographic and climatic processes [24]. Often overlooked
in the literature is the role of rafting or phoresis in explaining the distribution of meiofaunal taxa.
Rafting implies the unintended travel of small organisms on various substrates, while phoresis is
defined as smaller organisms being carried by larger organisms. By assessing the abundance and
diversity of meiofaunal epibiotic communities on loggerhead carapaces, we hope to shed light on the
potential dispersal capabilities of meiofauna.
Here, we comprehensively document the abundance and diversity of meiofaunal higher taxa
and nematode epibionts on loggerhead sea turtles in the northeastern Gulf of Mexico. The few turtle
epibiont studies focused on meiofauna have reported high abundances. Thus, we expected to recover
high abundances and relatively high diversity on loggerhead sea turtles, with much of it undocumented
so far in the literature. To assess how variable loggerhead epibiont communities are, we tested for the
similarity of meiofauna and nematode abundance, diversity and community structure among different
carapace sections (anterior, middle and posterior, following [25]) and entire carapaces. Loggerheads
are highly migratory, capable of traveling hundreds to thousands of kilometers between breeding and
foraging areas, where colonization may occur. We therefore also address the potential of loggerhead
colonization influencing meiofauna dispersal in a broader context. In addition, differences between
epibiont communities may give an indication of where loggerhead turtles have been during epibiont
colonization, since distinct epibiont communities from different carapace sections and entire carapaces
are likely shaped by different colonization processes (on different spatial and temporal scales) and
potentially related to the origin of sea turtle epibionts prior to colonization [1].
2. Material and Methods
2.1. Study Area and Epibiont Sampling
Loggerheads nesting in the northwest Atlantic Ocean comprise the largest loggerhead population
globally [26], and are the population from which most epibiont studies have originated [1]. To date,
studies of sea turtle epibiosis have focused on turtles nesting on the Atlantic coast of the United
States [25], which hosts the majority of nesting in this region [26]. Epibiosis has yet to be documented
from loggerheads nesting in the Gulf of Mexico, which forage in different habitats and locations than
loggerheads nesting on the Atlantic coast [27,28]. We therefore focused sampling on turtles nesting at
St. George Island, Florida, the largest nesting assemblage in the genetically discrete Northern Gulf of
Mexico Recovery Unit [26,29,30].
During the peak loggerhead nesting season (June 16th–July 1st, 2018) at St George Island, we carried
out a two-week, night-time survey for nesting loggerhead turtles. Teams of scientists patrolled the
beach at night, looking for nesting turtles, covering 18 kilometers of the island in four ~4.5 kilometer
sections; each section was patrolled several times per night. Upon encountering a turtle, teams assessed
the activity of the turtle and only commenced sampling once sampling activity was allowed according
to permit conditions (either the turtle did not nest and began to return to the ocean, or the turtle
nested and began covering the egg chamber; MTP-18-239). Prior to epibiont collection, turtles were
measured for curved carapace length (CCL), both minimum (from the anterior point to the posterior
notch along the midline) and standard [notch to tip] (from the anterior point to the posterior tip of
the longest supracaudal along the midline), as well as for curved width length (CWL) [31]. Turtles
were also checked for Inconel identification tags; if one was not present, then a tag was applied in each
front flipper. Twenty-four loggerhead carapaces were sampled, including one recapture, which was
sampled a second time one day later. Turtle carapaces were divided into three sections, roughly equal
in surface area: anterior (A), middle (M) and posterior (P), following [25] (Figure 1). This resulted
in 67 unique samples (some anterior sections could not be sampled, and some sections could not
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be sampled separately, because of the limited time available before the turtle reached the water).
Barnacles were efficiently removed by placing a putty knife at the base of the barnacle and tapping
it with a small hammer. This caused the barnacle to come off instantly in one piece and without
damage to the carapace. This method was more efficient than pulling barnacles off with pliers or
intense scraping, which may cause specimen and carapace damage if the barnacle was encrusted.
Each section was then carefully but exhaustively scraped with larger putty knives to collect all visible
and invisible organisms. When we were confident all visible organisms were removed, we proceeded
by wiping down each section using a separate, uncontaminated wet sponge to clean the carapace
entirely. All epibionts, debris, overlaying sand and sponges for each carapace section were placed
carefully in 500 mL wide-mouth Nalgene containers. ‘Control’ sand samples were taken at high (near
nest), middle (between nest and tideline) and low (tideline) beach, corresponding with the location
for each of seven turtles, by means of 9 cm high, 3 cm diameter plastic cores, to compare meiofauna
and nematode abundance and communities found in the beach sand and on the loggerhead carapaces.
Three cores were taken from each of the high, middle and low beach locations; these three cores
were pooled for analysis, resulting in 21 sand samples (three beach levels x seven turtle locations).
These samples were used to assess potential contamination of the carapace by the meiofauna, because
during the digging and the covering of the nest, a substantial amount of sand is swept onto the
carapace. Fixative (DESS, a DMSO and EDTA salt solution [32], suitable for morphological (present
study), as well as molecular analysis (future studies)) was added to the carapace epibiont and beach
samples as soon as possible (usually within an hour of sampling). All the samples were kept on ice,
until stored in refrigerators within two days of sampling.
 
Figure 1. Meiofauna and nematode abundance and taxon richness for each carapace section, represented
by Box-whisker plots (median, quartiles and ranges) S = taxon richness. (A) Total meiofauna abundance,
(B) meiofauna taxa richness, (C) nematode abundance, (D) nematode genera richness.
2.2. Meiofauna and Nematode Processing
Both carapace and sand samples were processed the same way. Samples were washed over a stack
of 1 mm and 63 μm sieves to separate the macrofauna (>1 mm) and meiofauna (63 μm–1 mm) size
fractions at the Florida State University Coastal and Marine Laboratory. The washed macrofauna were
placed in DESS in 500 mL Nalgene bottles, and the rinsed meiofauna were collected in 250 mL Nalgene
bottles, also in DESS. To extract the meiofauna organisms from debris and sediments, we applied the
decantation method [33]. Each meiofauna sample was placed in 1 L measuring beakers, and topped
up with tap water to 550 mL; the volume was vigorously stirred (but avoiding splashes or spills) and
left until the sand settled (usually within minutes), after which the supernatant was poured off on
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a 63 μm sieve, and collected in a 250 mL bottle. This decantation procedure was repeated 10 times for
each sample.
We observed that vast numbers of organisms were collected, and that subsampling was necessary.
The washed and decanted meiofauna samples were placed in a 1 L beaker (volumes were calibrated)
and topped up to 800 mL with tap water. Each sample was homogenized using a magnetic stirrer
(600 rpm), and 2% of the total volume was extracted using clean pipettes, ensuring that a representative
subsample was taken. Following counting (see below), the subsampling procedure was repeated until
at least 300 meiofauna individuals were encountered, unless the entire sample needed to be counted.
This yielded a representative subsample of the community present in the sample (11% of total sample
size on average). Tap water control samples were taken before, during and after the washing procedure
(taps were left running for 10 min on 63 μm sieve several times), to ensure that samples were processed
with contamination-free water. No organisms were recovered from these control samples.
Meiofauna were identified and counted in gridded Petri-dishes or purpose-built counting trays
to higher taxon level following [34], and specific keys to invertebrates for the Gulf of Mexico, using
stereoscopic microscopes (250–500 ×magnification). Nematodes were picked out randomly (minimum
of 120, or all if less than 120 were present) and placed in embryo dishes for diaphanization in a solution
of 50% tap water, 10% glycerol and 40% alcohol, adapted from [35]. Partially covered embryo dishes
were left in the oven overnight at 55 ◦C to allow for the evaporation of water and alcohol, with the
nematodes left in pure glycerol. Embryo dishes were then placed in a cabinet desiccator until mounting
on glass slides [35]. After mounting, nematodes were identified to genus level (1000×magnification),
or family level, where the genus could not be identified (note that family level classifications still
comprise at least one unique genus), using [36–38] and specialized nematode taxonomic literature
and descriptions.
2.3. Data Analyses
Meiofauna higher taxa and nematode generic analyses were based on total abundance and counts
matrices. For two loggerhead turtles, we were not able to sample carapace sections separately; these
samples were not considered in analyses where carapace sections were compared, but were included
in analyses where only entire carapaces were used. The total abundance data was used for carapace
section analyses, while the carapace section data were summed for each turtle individual when
conducting entire carapace (i.e., for each individual turtle) analyses. All multivariate analyses were
conducted on standardized (by sample totals) and square root transformed data, to reduce the effect of
highly variable abundances and highly dominant taxa. For multivariate data (abundance matrices) and
univariate data (abundance, density and diversity indices), Bray-Curtis and Euclidean distance were
used as the resemblance measures, respectively. Multivariate and univariate PERMANOVAs to test for
carapace section differences were conducted using a one-way design (factor: carapace section; anterior,
middle, posterior). These were followed with pairwise tests and PERMDISPs, to assess whether
dispersion of homogeneity affected the results. Non-metric Multi-Dimensional Scaling ordinations
(nMDS) were used to visualize community patterns, overlain with vector plots, bubble plots, and pie
bubbles allowing taxa correlations and abundance of different taxa to be represented. These were
accompanied by CLUSTER (including SIMPROFs with 5% significance tests) analyses to assess groups
of samples that were significantly different from each other. SIMPER was used to assess the dissimilarity
of the cluster groups, and to identify the taxa that were mainly responsible for differences between these
groups. The DIVERSE routine was used to generate meiofauna higher taxa richness and nematode
genera diversity indices (genus richness, ES(51) [39], Hills Indices (N1, N2, Ninf) [40]), covering a range
of indices between pure richness (S) and evenness (dominance index = Ninf) [41]. Nematode genus
richness was used to calculate cumulative dominance curves to assess diversity and evenness among
carapace sections. Finally, coherence plots were generated to assess how specific genera occurrence
and abundance changed among different carapace sections [42,43].
171
Diversity 2020, 12, 203
Carapace surface area was estimated as the surface area of an ellipse using A = PI × a × b
(with a and b being half the minor (CWL) and major (CCL) axes values). For one turtle, width
measurements were missing and replaced with calculated width, using the regression equation based
on all other complete turtle measurements (y = 0.7214x + 18.198; R2 = 0.6551). Carapace surface area
ranged 5427–8076 cm2, averaging 6413 cm2. Surface area for the beach core samples was calculated
as 3 × PI × r(1.5 cm)2 = 21.2 cm2 (triplicates pooled). The carapace surface areas were used to
calculate meiofauna density (ind./10 cm2) for testing differences among carapace sections. The very low
abundances of meiofauna in beach samples relative to the carapace epibiont abundances, the contrast
between carapace and core sample surface areas (as calculated above), and the inherent differences in
the habitat complexity between hard substrate surfaces and the 3D interstitial sediment matrix made
direct comparisons difficult. We therefore used only meiofauna and nematode community structure
(nMDS, PERMDISP) and diversity (richness) to compare beach and carapace samples, whereby data
were presence-absence transformed. This transformation reduced or eliminated the effect of inherent
abundance and habitat structure differences, yet it still allowed us to assess the commonality of taxa
between carapace and beach samples. All analyses and plot renderings were conducted using PRIMER
v7 [42] and the PERMANOVA+ add-on [44].
3. Results
3.1. Meiofauna Communities
Abundance and density. Meiofauna abundance ranged 353–146,190 per entire carapace (average:
33,781 ± 30,596 SD). The minimum of 353 individuals occurred on the recaptured loggerhead turtle,
with the next lowest abundance being 6950 individuals. Meiofauna abundance per carapace section:
anterior: 333–28,540, average: 9306 ± 9244 SD; middle: 353–40,570, average: 9660 ± 9450 SD; posterior:
382–96,350, average: 13,561 ± 19,715 SD (Figure 1). There was no significant difference in meiofauna
abundance nor meiofauna density (ind./10 cm2) between the different carapace sections (PERMANOVA,
p = 0.567, p = 0.598, respectively).
Community structure. Meiofauna higher taxa community structure did not show any significant
differences between the carapace sections (PERMANOVA, p = 0.389), but stacked bar plots in Figure 2
show some variability in taxa composition for each section averaged across all carapaces (e.g., Copepoda,
Cirripedia, nauplii and Amphipoda).
Meiofauna higher taxa community cluster analysis indicated two significantly different groups
of turtle carapaces (p < 0.05). The nMDS in Figure 3 shows this clustering in relation to taxa that
have Pearson correlations with the nMDS axes >0.5 (cf. overlying vectors, size represent strength
of correlation), namely nauplii, Cirripedia, Caprellidae and Amphipoda. Caprellidae belong to the
Amphipoda but were treated separately here, because they are specifically adapted to attach to
substrates by their grasping appendages, called pereopods, unlike the other Amphipoda. Nauplii
were mostly, if not all, larval harpacticoid copepod stages. The two carapace groups are distinguished
mainly by the differences in nauplii abundance, as indicated by the bubble pie charts in the nMDS of
Figure 3. The SIMPER analysis shows that nauplii contribute 28.49% to the differences between the two
cluster groups. The smaller cluster in the nMDS has an average similarity value of 75.46%, while the
larger cluster has a similarity of 68.34%; their dissimilarity was 42.69%. The prominent role of nauplii
in distinguishing the two significant carapace groups is also clear in the stacked bar chart in Figure 4,
where a trade off in relative abundance is noticeable between nauplii and other meiofaunal taxa.
Diversity. A total of 20 meiofauna higher taxa were recovered from loggerhead carapaces
(Table S1), with 16, 18 and 18 higher taxa appearing on anterior, middle and posterior sections,
respectively. Polychaete larvae and kinorhynchs were only found on the middle sections, pycnogonids
only on the posterior sections. Average taxon richness per sample was 9.2 ± 2.3 SD, ranging between
3 and 15 taxa. PERMANOVA analyses did not show significant taxon richness differences between
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sections (p = 0.995). For entire carapaces, the average richness was 11.8 ± 2.4, ranging between seven
and 16 taxa. Meiofauna taxon richness per section is shown in Figure 1.
 
Figure 2. Relative abundance of meiofauna higher taxa and larval forms per carapace section. A: anterior
section, M: middle section, P: posterior section.
 
Figure 3. Non-metric Multi-Dimensional Scaling ordinations (nMDS) based on meiofauna higher taxa
on loggerhead carapaces. Each carapace is represented by a bubble pie chart based on the four most
indicative taxa (Nauplii, Amphipoda, Caprellidae and Cirripedia) showing their total abundance.
Superimposed vectors represent Pearson correlations between these four taxa (correlation coefficient
>0.5) and the nMDS axes. Green lines separate two main groups based on significant cluster SIMPROF
analysis (p < 0.05).
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Figure 4. Relative abundance of meiofauna higher taxa for each turtle carapace. Red boxes indicate the
significant cluster groups (SIMPROF analysis using 5% significance test).
3.2. Nematode Communities
Abundance and density. Nematode abundance ranged 6–15,300 individuals per carapace section
(average 2656 ± 3207), while per entire carapace nematode abundance ranged 240–27,600 (average
8152 ± 7549) (Figure 1). A total of 195,648 nematodes were found on loggerhead carapaces. Nematode
abundance and density (ind./10 cm2) did not differ significantly between the carapace sections
(PERMANOVA, p = 0.561, 0.522, respectively).
Community structure. Nematode community structure differed significantly between the
carapace sections (PERMANOVA, p = 0.002), with pairwise tests indicating significant differences
between the posterior and anterior sections, as well as between the posterior and middle sections
(PERMANOVA, p = 0.001, p = 0.011, respectively). No significant differences were observed between
the anterior and middle sections (PERMANOVA, p = 0.411). PERMDISP analyses to assess whether
these differences were caused by heterogeneity in dispersions were not significant (p = 0.986).
These differences can be observed in Figure 5, where a reduced abundance of Chromadora and Theristus,
and increased abundance of Odontanticoma occur in the posterior carapace sections. Coherence curves
were calculated to assess genera that exhibited significantly similar patterns among carapace sections.
This analysis showed that eight different groups of genera (based on the 30 most important genera
only) can be distinguished based on their abundance on different sections (Figure S1). Accordingly,
five genera showed highest abundance on anterior sections (Chromadora, Chromadorella, Euchromadora,
Theristus and Xyalidae), and a larger number of genera for the posterior sections, such as Araeolaimus,
Prochromadorella, Synonema, Desmolaimus, Marylynnia, Oncholaimellus and Paryeurystomina, among
others. Only three genera showed highest abundance middle sections, Metachromadora, Metalinhomoeus
and Microlaimus.
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Figure 5. Relative abundance of nematode genera per carapace section. A: anterior section, M: middle
section, P: posterior section. Only the 20 most abundant genera are shown.
Nematode genera community cluster analysis indicated four significantly different groups of
turtle carapaces (p < 0.05). The nMDS in Figure 6 shows this clustering in relation to genera that
have Pearson correlations with the nMDS axes > 0.7 (cf. overlying vectors, size represent strength of
correlation), namely Chromadora, Daptonema and Acanthonchus. Stacked bar plots in Figure 7 show the
structuring of genus composition across the range of entire carapaces, supported by the cluster analyses.
The SIMPER similarity and dissimilarity for each of these groups and their pairwise comparisons is
given in Table S2, along with the main genera responsible for the (dis)similarities.
 
Figure 6. nMDS based on nematode genera on loggerhead carapaces. Each carapace is represented
by a bubble representative of total nematode abundance on each carapace. Superimposed vectors
represent Pearson correlations between the taxa (correlation coefficient > 0.7) and the nMDS axes,
comprising Chromadora, Daptonema and Acanthonchus. Green lines separate four main groups based on
significant cluster SIMPROF analysis (p < 0.05).
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Figure 7. Relative abundance of nematode genera for each turtle carapace. Red boxes indicate the
significant cluster groups (SIMPROF analysis using 5% significance test). Only the 20 most abundant
genera are shown.
Diversity. A total of 111 nematode genera were observed on loggerhead carapaces. On individual
carapace sections, between two and 35 nematode genera were found (average 14.1 ± 8.0), suggesting
relatively high turnover between individual samples and carapace sections. The total number of
genera on carapace sections were 51, 79 and 92, for anterior, middle and posterior sections, respectively.
This suggests greater diversity on posterior sections, as also indicated by: 1) the average genus richness
values (Table 1) the cumulative dominance curves, which show evenness and diversity increasing
along the anterior, middle, posterior carapace section gradient (Figure S2); and 3) PERMANOVA test
(p = 0.001,), with pairwise testing showing significant differences (p < 0.05) between all the carapace
sections (Table 2; PERMDISP non-significant with p > 0.05).
Table 1. Summary statistics on the number of nematode genera recovered from samples, sections and
entire carapaces collected from loggerhead turtles nesting at St. George Island, Florida during the peak
of the 2018 nesting season.
Sample Size Minimum Maximum Average SD Total
Anterior 3 19 8.1 4.5 51
Middle 2 34 14.0 8.4 79
Posterior 11 35 19.2 6.5 92
Entire carapace 2 50 26.6 11.0 111
On entire carapaces, between two and 50 genera were observed (average 26.6 ± 11.0), suggesting
a reasonably high turnover between turtle individuals. Only two genera were recovered from the
recaptured loggerhead, while the minimum number of nematode genera from newly encountered
turtles was 16. Further details on number of nematode genera are given in Table 1. Other diversity
indices all show the same trend of increasing diversity and evenness from anterior to middle to posterior
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carapace sections, supported by main PERMANOVA tests with p < 0.05 and multiple significant
pairwise tests (Table 2, Figure 8).
Table 2. Main and pairwise PERMANOVA test results for nematode genera diversity indices.
Comparison between carapace sections, cf. Figure 8. Df: degrees of freedom; SS: sums of squares,
MS: means of squares, perm(s): permutation(s), A: anterior, M: middle, P: posterior, mc: Monte Carlo
values when the number of permutations were low. Significant values are given in bold.




S-sections 2 1285.3 642.66 13.933 0.001 883 A, M 2.7304 0.009/0.01
(mc)
124
Residual 62 2859.7 46.124 A, P 6.3076 0.001/0.001
(mc)
125
M, P 2.3529 0.021/0.027
(mc)
73
ES(51)-sections 2 408.78 204.39 11.713 0.002 999 A, M 2.441 0.017 998
Residual 62 1081.9 17.45 A, P 5.2855 0.001 995
M, P 2.355 0.024 998
N1-sections 2 295.65 147.83 7.4929 0.001 999 A, M 2.252 0.017 996
Residual 62 1223.2 19.729 A, P 3.7725 0.001 998
M, P 1.9165 0.059 996
N2-sections 2 108.69 54.343 5.6309 0.009 999 A, M 1.8712 0.073 998
Residual 62 598.35 9.6508 A, P 3.0995 0.001 998
M, P 1.8111 0.078 997
Ninf-sections 2 15.959 7.9794 4.3242 0.013 999 A, M 1.5188 0.153 998
Residual 62 114.41 1.8453 A, P 2.7645 0.004 998
M, P 1.611 0.109 997
 
Figure 8. Box and Whisker (median, quartiles and ranges) plots of nematode genera diversity indices
for each carapace section. S: nematode genus richness, ES(51): expected number of genera based on 51
individuals, N1: Hill’s index 1, N2: Hill’s index 2, Ninf: Hill’s index inf [40]. A = anterior, M =middle,
P = posterior sections.
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3.3. Beach vs. Carapace Samples
Sand core samples contained minimal meiofauna abundance compared to carapace samples,
with 17–889 individuals only, averaging 136.2 individuals per triplicate sample (low beach samples
contained more individuals than high beach samples), which is much lower compared to the epibiont
meiofauna and nematode abundance values (Table S1). The nMDS results show a clear distinction in
meiofauna and nematode community composition between beach and carapace samples (Figure 9),
confirmed by PERMANOVA analysis (meiofauna: p = 0.001; nematodes: p = 0.001). Within the beach
samples, a clear distinction can be made between low, middle and high beach. It is noticeable that
the meiofauna higher taxa communities occupy less Bray-Curtis space in the nMDS for the carapace
epibionts, compared to the beach samples (PERMDISP, p = 0.001), suggesting greater similarities
between the carapace meiofauna communities than between the beach meiofauna communities. This is
not the case for the nematode genera data (PERMDISP, p = 0.64), implying no differences in the
nematode community heterogeneity of dispersion between the beach and carapace samples. Carapace
samples had a much higher meiofauna diversity and nematode genus richness than the beach samples
(20 vs. 11 meiofauna higher taxa, and 111 vs. 25 nematode genera).
 
Figure 9. nMDS of (A) nematode genera community data and (B) meiofauna higher taxa data.
Presence–absence transformation was used to eliminate the large abundance differences between the
carapace and beach samples, making the comparison based on community composition only. Carapace
samples: A = Anterior, M =Middle, P = Posterior; beach samples: high, middle and low beach.
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4. Discussion
4.1. Diversity and Structure of Meiofauna on Loggerhead Carapaces
From our results, it is clear that loggerhead carapaces are hotspots of meiofauna and nematode
diversity; our observations document more than double the species diversity previously observed on
loggerhead carapaces [22,36,37]. Two recent epibiont study on meiofauna and nematodes from Brazilian
hawksbill turtles (Eretmochelys imbricata) observed 17 meiofauna higher taxa [2] and 80 nematode
genera [3], suggesting that loggerheads may harbor between 15% to 30% more diversity than hawksbill
turtles. High epibiont diversity for loggerheads has been recorded in other studies (e.g., [22]).
For example, dos Santos et al. [3] compared nematode genera richness between hawksbill turtles and
non-sedimentary natural and artificial substrates, demonstrating that turtle carapaces are hotspots of
meiofauna and nematode biodiversity (Table S3; [45–62]). However, it is worth noting the foraging
differences between hawksbill and loggerhead sea turtles. Hawksbills are spongivorous [63] and
are generally associated with tropical coral reefs, while loggerheads are benthivores, specialized in
consuming benthic invertebrates. There are also distinct differences in the way they consume prey,
with evidence that hawksbills can exhibit distinct flipper use to leverage, hold or sweep prey, such
as sponges, cnidarians, macroalgae and fishes, while loggerheads can use their flippers to dig into
the sediment to gain better access to benthic molluscs [64], in a process coined ‘infaunal mining’ [65].
In comparison, loggerheads are able to displace much more sediment and, hence, infaunal invertebrates
into the water column during feeding activity [64,65], enabling increased colonization of their carapaces
by small invertebrates. The difference in general foraging environments (i.e., coral reefs vs. sedimented
habitats) and foraging techniques between these two turtle species certainly suggests that epibiont
colonization is influenced differently as well.
A number of factors may affect the distribution of epibionts on loggerhead carapaces (and
sea turtle carapaces in general), including different water flow patterns, variable desiccation, food
accessibility and abrasion or disturbance [22], but also presence of structure-forming, sessile invertebrate
species [2,3]. Pfaller et al. [22] reported highest epibiont densities on the posterior carapace section of
loggerheads (and vertebral zones, which we did not distinguish in this study), based on distribution
patterns of 18 macro-invertebrate taxa on 18 loggerhead carapaces. We did not find such abundance
or density differences for meiofauna and nematodes, but our results reveal increased nematode
diversity on the posterior section (Table 1, Figures 1–8, Figure S2). Similar to Pfaller et al. [22], our
analyses do not allow to discern whether this is consequence of differential colonization or recruitment,
or different rates of survival of the epibionts in the different carapace sections. Both are related to complex
interactions of processes, including water flow and disturbance or abrasion, turtle behavior and epibiont
interactions, as well as the resilience of the epibionts themselves. However, our data suggests that such
processes have a limited effect on the abundance and density of meiofauna and nematodes, with no
significant difference between the anterior, middle and posterior carapace sections. Dos Santos et al. [3]
and Pfaller et al. [22] demonstrated convincingly that the interactions between structure forming
macro-invertebrates, such as barnacles, may facilitate an increased abundance/density and diversity of
the entire epibiont assemblage, through creating more favorable water flow patterns, increased food
settlement and generally providing increased micro-habitat space. Our meiofauna-focused dataset
does currently not allow us to answer this question, but we suspect that macrofauna-meiofauna
relationships are indeed also facilitative, promoting abundance and diversity as demonstrated for
hawksbill epibiont assemblages [3]. Such detailed epibiont ecological interaction studies are few,
despite the insights they can provide on colonization processes and dynamics. Future studies should
address these ecological relationships between macrofauna and meiofauna epibiont communities on
sea turtle carapaces.
With regards to the higher nematode diversity on the posterior loggerhead carapace sections,
we follow Pfaller et al.’s [22] reasoning (while necessarily omitting the effect of macrofauna epibiont
distributions at this time) that increased flow in the anterior section, and flipper contact with the
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sides of anterior and middle sections, may affect nematode diversity. In addition, the potential
desiccation of the upper middle carapace sections during periods of extended floating at the water
surface may have an effect on nematode diversity. Nematode communities respond to many, if not
all, types of disturbance, with nematode community shifts likely to occur [8,38], often with reduced
diversity and evenness and shifts to more opportunistic species that exhibit greater dominance
when conditions deteriorate, or when disturbance precludes the survival or competitiveness of more
vulnerable, less resilient species. The much higher abundance of the nematode genus Theristus, known
to be an opportunistic colonizer [39], on the anterior carapace section compared to the poster section
(Figure 5, Figure S1) would be indicative of a more disturbed environment. This is in line with the
increasing diversity and evenness from anterior to posterior, with increased dominance in the anterior
section (Figure 8). A more detailed, comprehensive analyses of functional diversity and life histories of
meiofauna and nematode taxa may provide better insight into meiofauna distribution patterns and
their response to variable disturbance on turtle carapaces. Perhaps more notable is the much higher
abundance of nauplii on the posterior section compared to the anterior and middle section (with
an inclining gradient from anterior to posterior), supporting the notion of increased flow in the anterior
section on meiofauna communities. Nauplii larvae are substantially less equipped than copepodites
and adult copepods to deal with increased flow [40]. Nauplii have reduced movement ability compared
to copepod adults, which have more developed appendages to attach to substrates. However, we do
suspect that macro-epifauna patchiness creates suitable habitats able to protect copepods and other
taxa from disturbance to an extent.
4.2. Meiofauna Paradox
The wide distribution of many meiofauna species in combination with the assumption of limited
dispersal ability because of a lack of pelagic life stages continues to receive much attention [23,24].
In a recent review, Cerca et al. [24] present a number of reasons to why the meiofauna paradox is likely
not paradoxical, mainly because of taxonomic issues, and the incongruence between morphological and
molecular information to distinguish between species and populations [20,66,67], and the increasing
evidence that dispersal of meiofauna individuals is ubiquitous, instead of rare and intermittent [68].
One process that plays potentially a significant role in explaining meiofauna distribution patterns
is rafting or phoresis: the ability of meiofauna to ‘hitch-hike’ with larger organisms, debris or plant
material. Other host materials or substrates include macro-algae and microphytobenthos-bacteria
mats releasing from the seafloor, or floating ice or sea foam [22–24]. Other meiofauna dispersal can
be caused by ships (particularly in sands of ballast water, and fouling), and through marine snow,
rich biotic aggregates that can carry diverse meiofauna and are known to travel for long distances.
Other examples include different types of floating debris, and even large mammals such as whales,
or fouling on human structures, mobile or otherwise, but these are rarely quantified or estimated.
For a brief review on the topic we refer to [23].
Molecular evidence precludes the notion that widespread meiofauna species distributions are
the result of purely geological processes or vicariance. Instead, genetic exchange can occur resulting
in genetic similarities across 1000s of kilometers [20,22,69]. In addition, it has been documented that
meiofauna can disperse through active emergence and re-entry into the sediments (during which
entrainment by currents or flows can occur), and passively, through erosion resuspension, entrainment
and subsequent resettlement (the latter can be active or passive, see for example [17,23,70,71]).
Disturbance, especially in high-energy coastal environments, is likely one of the main actors in
meiofauna dispersal. Based on our results, we support the notion that the widespread distribution
of meiofauna species as a result of phoretic dispersal is likely. The potential for rapid colonization
is supported by our observations of epibionts on the recaptured loggerhead; one day, after having
returned to the ocean, several hundreds of meiofauna individuals were found on the carapace. However,
our comparison of meiofauna higher taxa and nematode genera communities (Figure 9) suggest that
epibionts on loggerhead carapaces were not contaminated by sand from the nesting beach itself.
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Instead, we must assume these ‘hitch hikers’ arrive on the carapace during time spent in the water or
in close contact with the seafloor, and may have travelled with the turtles over short to long distances,
and likely over variable time scales.
Female loggerheads from one nesting assemblage do not migrate to just one foraging area, and
individuals may feed at a series of coastal areas en route to resident foraging areas [72]. Distances
between loggerhead foraging grounds and their nesting beaches of 100s to 1000s of kilometers have
been documented [27,73–76], and studies from the northeastern Gulf of Mexico have shown that
post-nesting loggerheads can remain on the Florida continental shelf, or move to long-distance foraging
grounds near Mexico and in the Atlantic [27,28,77]. When long-distance loggerhead migrations are
accounted for, the potential for meiofaunal dispersal is vast. Considering that we found, on average,
>30,000 meiofauna individuals per carapace, and the current global loggerhead sea turtle population is
estimated at 314,000 individuals (midpoint using [78,79], with a range between 91,000 and 536,000),
billions of meiofauna organisms are transported by loggerheads on a continuous basis with a high
potential for dispersal. All sea turtles carry epibionts to a greater or lesser extent [2–4,9,80–82], and
sea turtle global abundance is estimated at 6,461,000 (total global midpoint abundance estimate),
including green turtles, hawksbills, olive ridleys, leatherbacks, Kemp’s ridleys and flatbacks [78,79].
High turtle and meiofauna epibiont numbers, together with the fact that current sea turtle populations,
are a fraction of what they were compared to in the 19th century for certain species [83–85], and the
>100 million years of evolutionary existence of marine turtles [86–88], suggest a vast potential for
coastal meiofauna species dispersal by means of resuspension and phoresis on an ecological, as well as
an evolutionary, time scale.
Without an accurate understanding, however, of the meiofauna colonization processes on
carapaces, the genetic structuring of epibiont communities and knowledge of the genetic exchange
between meiofauna communities of coastal locations frequented by sea turtles, such numbers remain
conjecture. Further insight into the colonization patterns of meiofauna epibionts on sea turtle carapaces
may be gained through investigating previously captured, tagged and sampled turtles for epibionts
when these return for nesting; for loggerheads, every two to four years [89]. Our sampling effort for
two weeks, during the peak of the 2018 nesting season, yielded 23 turtles which returned to the ocean,
with carapaces that were entirely cleaned of epibionts. Ideally, we would recapture these (by using
their tag numbers) in subsequent seasons, to be able to investigate colonization by epibionts over
a fixed period of time. This will help us understand better what type of colonization processes have
occurred ab initio at foraging grounds.
4.3. Meiofauna and Nematode Epibiont Community Structure across Turtle Individuals
Our results indicated significant meiofauna and nematode community structure differences
between loggerhead individuals. Regarding meiofauna higher taxa, two significantly different groups
were recognized (Figures 3 and 4), and with respect to nematode genera, four different groups of
epibiont communities could be distinguished (Figures 6 and 7). These communities have distinct
features, characterized by different diversities and abundances of particular taxa. Whatever the
colonization and environmental or ecological processes are that have shaped these communities, there
is a very high likelihood that epibiont members within each of these distinct groups have similar
colonization patterns that are related to the origin of these colonizers (e.g., [90]). Colonization is
dependent upon a spatial and temporal overlap between turtles and colonizers, which should occur at
turtle foraging areas [1]. Epibiont species identification and comparison with global or regional coastal
species data sets and distributions, as well as trophic (natural stable isotopes) analyses of the epibionts,
may not only give information on the origin of the epibionts, but also on the behavior and movements
of the turtle hosts (e.g., [91–93]). Few prior studies have attempted to use epibionts to evaluate turtle
foraging behaviors, but it proved difficult to distinguish the influence of individual foraging behavior
and broad foraging habitat on epibiotic communities [92]. This type of research would be greatly
facilitated by molecular analyses on meiofauna epibionts and drawing comparisons between these
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turtle epibionts and meiofauna from their suspected foraging and breeding areas (as determined via
satellite telemetry and stable isotope analysis; see [94]). In the absence of such data, we are reliant
on traditional taxonomic identifications, at least for the meiofauna, as we are not aware of molecular
meio-epibiont studies for sea turtles. Comprehensive higher-level (e.g., meiofauna higher taxa and
nematode genera) taxonomic analyses may reveal clustering patterns and distinguish groups of sea
turtles, as is the case in the present study. In a subsequent step, aligning and comparing such epibiont
data, as well as their functional diversity and other characteristics with trophic and genetic information
from the sea turtles themselves, if available, may reveal corresponding patterns that give insights
into the movement of the sea turtles. This would be particularly useful when costly satellite tagging
programs are not feasible. Such research could contribute to turtle conservation and management
through the identification of the origin of epibiont species or community-types that are likely linked to
different sea turtle foraging environments and potentially geographically distinguishable areas.
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Abstract: Free living nematodes are the most abundant and diverse metazoans in aquatic sediments.
We used a framework of habitat types to reveal quantitative patterns in species richness (SR),β-diversity,
and biological traits (BT). Meiofauna was quantitatively collected from 60 sites within nine habitat
types and 24,736 nematodes were identified to species level. We reported a regional richness of
410 ± 12 species for the Cuban archipelago; however, caves and deep waters need to be sampled more
intensively. Relationships between SR and abundance supported the dynamic equilibrium model with
habitats ordered across gradients of resource availability and physical disturbance. Seagrass meadows
were the most specious and freshwater/anchihaline caves the least diverse habitats. Differences in
β-diversity likely were due to habitat heterogeneity and limitations for dispersal. The assemblage
composition was unique in some habitats likely reflecting the effects of habitat filtering. However,
coastal habitats shared many species reflecting high connectivity and dispersal capability of nematodes
due to hydrodynamics. The BTs “life strategy”, “trophic group”, and “tail shape” reflected ecological
adaptations; but “amphidial fovea” and “cuticle”, likely reflected phylogenetic signatures from
families/genera living in different habitats. Habitat type played an influential role in the diversity
patterns of aquatic nematodes from taxonomic and functional points of view.
Keywords: species richness; β-diversity; biological traits; tropical; marine; freshwater; meiofauna;
Caribbean
1. Introduction
The study of the habitat, the place where organisms live [1], is a tenet of community ecology. The
pioneer studies [2,3] highlighted the importance of habitat type as template for ecological strategies. More
recently, the habitat type has been reintroduced as a main organizing principle to study communities [4].
In theory, the habitat type may act as a selective force driving the community assemblage, but mediated
by other processes such as dispersal, speciation, and drift [5]. A critical step in the endeavor of linking
habitat type with community ecology is the definition of the habitat itself. For instance, aquatic habitats
are often defined a priori on the basis of overarching abiotic structures/variables such as confined spaces
(e.g., caves) or extreme abiotic conditions (e.g., trenches). But, the delineation of habitat types based
uniquely on abiotic factors has been termed as environmental filter and it has often failed to explain the
community assembly and dynamics since biological interactions may also play a key role [6]. Habitat
types are sometimes defined from an operational point of view (e.g., reef versus seagrass bed) that does
not always match with the spatial and temporal scales at which organisms perceive the environment
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(e.g., a reef contains several microhabitats) [7]. Further, the very continuity of the environment in aquatic
ecosystems make the test of the habitat type as a main driver of community assemblage challenging.
Despite previous shortcomings, the diversity and distribution patterns of marine communities can be
successfully approached from a habitat perspective giving generality and predictive power. The habitat
type has been used as a successful predictor in studies of marine benthos, e.g., [8–10], and may be linked
to one of the most important components of the diversity: β-diversity (i.e., variation in the identities of
species among sites [11]).
Free living nematodes are the most abundant and diverse metazoan assemblages in aquatic
sediments and the most studied taxon within the meiobenthos [12,13]. However, several knowledge
gaps remain in the ecology of nematode assemblages. Three of the most important gaps are: (a) the
incomplete knowledge about the species richness of the group, for instance, the known fraction of
marine nematode species is about 12% of the estimated total of species [14]; (b) the ecological processes
driving the β-diversity patterns of nematode assemblages are known mostly from temperate ecosystems
(e.g., [15], and references therein), and even from deep-sea ecosystems, e.g., [16–18], but patterns across
tropical habitats and their ecological drivers are substantially understudied; and (c) the link between
nematode biological traits and ecosystem functioning based on evolutionary adaptations. In particular,
the problem is to identify the traits and environmental factors that are most responsible for the most
striking and important patterns in the field [19].
Gradients in physical disturbance and resource availability constitute environmental axes of
importance to define habitats relevant for nematode assemblages [15]. Latter authors proposed a
conceptual model between nematode abundance and species richness/diversity in relation to habitat
types. The general model was originally proposed by Huston [20] and termed as the Dynamic
Equilibrium Model (DEM). In some extension, DEM built on previous theories relating diversity
to frequency of disturbance (Intermediate Disturbance Hypothesis, [21]) and energy availability
(Species–Energy Theory, [22]). However, DEM as analyzed in [16] did not include tropical habitats
(e.g., coral degradation zones, seagrass meadows). Actually, most of the recent surveys on diversity
patterns of nematode assemblage structure have included polar, temperate or deep-sea habitats.
Comparatively less research has been done in tropical ecosystems resulting in a gap of knowledge
about diversity patterns (but see studies [23,24] in Kenya, and [25,26] in the Maldives). Recently, some
other understudied tropical habitats have recently been surveyed at the species level, such as volcanic
sands [27], mangrove sediments [28], and rivers [29].
Diversity may be studied using descriptive, functional and/or phylogenetic approaches. From
a descriptive point of view, diversity may be effectively measured by the species richness (SR) and
complementarity [30]. For hyperdiverse assemblages (e.g., nematodes), the use of non-parametric
estimators (e.g., Chao 1) besides observed SR may bring higher accuracy in the assessment of the
richness [31]. The measurement and interpretation of complementarity between assemblages (or samples)
has been the subject of much debate. The partition of the β-diversity in α- and γ-components, using
additive or multiplicative relationships, is a feasible approach to disentangling the effects of scale or
other nested units of analysis. However, the alternative use of the concept of β-diversity, measured
as Bray–Curtis dissimilarity index, constitutes a simple and effective approach to assess how similar
two sets of species are [11]. In addition to the approach to diversity, which constitutes the basis for
further hypotheses about processes, a functional approach may be applied using the biological traits
of organisms.
A biological trait is any morphological, physiological or phenological feature measurable at
the individual level [32]. The biological trait analysis (BTA) gives generality and predictability in
ecological studies [19] because the spatio-temporal distribution of organisms and their functional role
in ecosystems depend on their traits rather than on their taxonomical affiliation [33,34]. The BTA was
brought into the marine realm by Bremner et al. [35,36] focusing on epibenthic invertebrates. Later,
BTA was successfully applied to the ecology of nematode assemblages [37–39]. However, studies
on tropical assemblages are scarce (but see [40,41]). Currently, there is a need for empirical studies
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exploring the BTA across a variety of taxa in order to increase the predictability of assemblage patterns
and/or reveal their roles in ecosystem functioning [33].
Studies on free-living nematodes in the Cuban archipelago are rather scarce. Andrassy’s pioneering
work [42] described several new species of nematodes from a variety of habitats from freshwater caves
to intertidal sandy beaches. It constituted the first taxonomic list of free-living nematodes from Cuba.
However, the poor description of sampling methods and habitat types prevented the quantitative
analysis of his data. López-Canovas and Pastor de Ward [43] published a taxonomic list of nematodes
living in seagrass meadows of the northcentral part of the island, but no information about location of
the sampling points or quantitative data. Thus, only the most recent studies in several habitats from
the Cuban archipelago during the last 10 years are available for quantitative studies.
In this contribution, we addressed the above-mentioned knowledge gaps using a framework of
tropical aquatic habitats to reveal patterns in species richness, β-diversity, and biological traits. We
propose two objectives: (1) to describe the patterns of species richness and β-diversity of nematode
assemblages across nine aquatic habitats; and (2) to explore the distribution of five biological traits in
relationship with the habitat type.
2. Materials and Methods
2.1. Study Sites and Habitats
Nematodes were collected from 60 sites around the Cuban archipelago (Figure 1, Supplementary
Table S1). The sites were classified according to nine habitat types and they were always submerged
(i.e., not influenced by tides). The selection of habitat types was based on the perceived importance in
terms of diversity for Caribbean aquatic ecosystems, although some important habitats (e.g., mangroves,
beaches) could not be covered. The descriptions of the habitats were based on the original publications
and/or personal observations and we have highlighted those abiotic variables that may directly affect
nematode assemblages (e.g., grain size, physical disturbance, and organic content). These variables
in general match with environmental axes (e.g., productivity, disturbance) defined by other authors,
e.g., [7,15].
Figure 1. Map indicating the 60 sampling sites of aquatic nematode assemblages around the Cuban
archipelago. Symbols indicate the nine habitat types.
Freshwater cave (FC, five sites) referred to ponds within caves, permanently in darkness, with very
fine sediment (mostly silt/clay), hypoxic environment (dissolved oxygen 1.0–3.5 mg O2 L−1), negligible
physical disturbance, and an oligotrophic environment due to absence of primary production and
limited input of allochthonous organic matter through terrestrial runoff.
Anchihaline cave (AC, one site) was a limestone cave connected with the ocean through subterranean
passages. The cave was opened to the sky through a portion of the collapsed roof (i.e., cenote). Bottom
water at ~60 m deep had full marine salinity and surface waters had freshwater from rainfall and runoff.
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The bottom is permanently in darkness, with very fine sediment (mostly silt/clay), negligible physical
disturbance, an oligotrophic environment due to absence of primary production, but allochthonous
sources of organic matter existed through terrestrial runoff and potentially subterranean currents from
the adjacent sea.
Bare sand (BS, two sites) sites were located between the lagoon and the reef crest, there was a fringe
of ∼10 m wide unvegetated coralline sand deposited on rocky substrate. The vertical thickness of the
sand layer fluctuated between 4 and 12 cm. The water was well oxygenated, and depth varied between
2 and 3 m. The percentage of organic carbon in the sand was ~5% and productivity was assumed as
high due to primary production by microphytobenthos (e.g., diatoms). Sites were subjected to high
hydrodynamic disturbance by currents and wave action.
Unvegetated mud (UM, 10 sites) referred to subtidal bottoms devoid of vegetation, located in
semi-enclosed bays (Cienfuegos and Havana), with depths of 5–12 m, and an estuarine regime due
to river discharges, rainfall and terrestrial runoff. Bottoms mostly with fine sediment (silt/clay) and
high accumulation of organic matter as detritus because of eutrophication are subjected to seasonal
hypoxia/anoxia, and industrial and urban pollution.
Algal turf (AT, two sites) sites were located immediately shoreward of the reef crest (mostly
consisting of elkhorn coral (Acropora palmata) and fire coral (Millepora complanata)), comprised of a hard
bottom covered by seaweeds, and depths ranging from 0.5 to 3 m. There was an intense hydrodynamic
regime because of wave turbulence created in the vicinity of the reef crest. Dense turfs of filamentous
algae were abundant and mixed, with the most common genera being Galaxaura, Jania, Lobophora,
Padina, Sargassum, and Stypopodium.
Macroalgae thallus (MT, six sites) samples actually came from a single site within a polygon of
100 m × 100 m, but the proximate substrates were different macroalgae species living on rocky bottoms
at 9–21 m depth. Six species with different degrees of structural complexity were collected: Amphiroa
sp. 1, Bryothamnion sp. 1, Bryothamnion sp. 2, Dictyopteris sp. 1, Halimeda sp. 1, and Lobophora sp. 1.
There was some sediment deposited within the macroalgae thallus. The site was subjected to strong
hydrodynamic regime by currents and wave action.
Seagrass meadow (SM, 17 sites) sites were subtidal bottoms with muddy/sandy sediments covered
in variable degree by marine seagrasses, mostly by turtle seagrass Thalassia testudinum. Seagrass
canopy provides protection from physical disturbance by hydrodynamic forces. The content of organic
matter was high (5–10%) because of the intense primary production (seagrasses, epiphytic microalgae,
and macroalgae) and the accumulation of detritus in sediments.
Coral degradation zone (CDZ, eight sites) is a biotope within coral reefs where the coral fragments
and rubble accumulate and degrade to coralline sand at depths of 2–6 m. Dead coral fragments were
covered by biofilm (observable at naked eye), likely reflecting a high level of food availability due to
the productivity of the microphytobenthos; but there was minimum accumulation of organic matter
due to the intense hydrodynamic regime by currents and wave action.
Deep water (DW, nine sites) sites refer to the bottom along the shelf slope around 1500 m depth,
where hydrodynamic regime is supposed intense because of the steep slope and presence of large
areas of hard substrate devoid of sediments, with very fine grain size (silt/clay), and an oligotrophic
environment due to lack of primary production and reduced input of organic particles from the
water column.
2.2. Collection and Processing of Samples
This survey summarizes the results of several papers published or in preparation during a period
of about 10 years. Therefore, the techniques for the collection and processing of the nematodes varied
and specific details can be found in the published papers and in the Supplementary Table S1. Hereafter,
we synthetized the most important features of the sampling. Collection in shallow soft-bottoms
(i.e., FC, AC, BS, UM, and SM) was done using hand-held plastic cores (2.6 cm inner diameter); usually
3–10 sampling units were collected in an area smaller than 50 m × 50 m. In AT, 20 thalli ((six macroalgae
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species × four replicates) minus four missing replicates) were carefully collected into nylon bags;
strictly speaking, the nematode assemblages were epiphytes. We kept the different macroalgae species
separate as sites although they were sampled in the same location. The CDZ were sampled by hand
collection of dead coral rubble within a quadrat of 10 cm × 10 cm. The dead coral fragments were
carefully placed within plastic jars underwater. In deep waters, 27 sediment samples from the shelf
slope (~1500 m depth) were collected from nine sites and three replicates/site using a multicorer (single
deployment) with PVC cores of 11 cm diameter. The three cores collected from a single deployment
were in rigor pseudoreplicates; but, the bias on the diversity estimates should be small, if any. This is
because: (i) we combined the three cores to obtain a more robust estimate; and (ii) meiofauna (and
nematodes) vary at spatial scales smaller than 1 m, therefore the three cores (separated by ~1 m) could
effectively sample the variability in the distribution (and hence the diversity).
Samples were processed using mesh size of 45 μm as lowest limit of meiofauna. Meiofauna
retained in sieves was washed and preserved in formalin (4%) or ethanol (70%). Nematodes were
sorted out of the sediment by the flotation technique in high-density sucrose solution [44]. For CDZ
and MT, the epilithic and epiphytic nematodes were detached from respective substrates by gentle
washing with filtered tap water. Nematodes were mounted in permanent preparations using the
general technique in [45]. The identification of nematodes to species level was made using the original
descriptions of the species and faunal synopses [46–48]. However, many species could not be assigned
with reasonable confidence to known species and thus they were named as sp. The nomenclature
followed the online database World Record of Marine Species (https://www.marinespecies.org).
2.3. Biological Traits
We gathered information about five biological traits for all of the identified species. The data are
presented in the Supplementary Table S2.
The life strategy, or c–p scale [49–51], an analog of K/r-strategists, was analyzed based on a scale
from c–p = 1 (good colonizers) to c–p = 5 (good persisters). For some genera, c–p values were not
available and information from other genera in the same family were used.
The trophic group was defined based on the Wieser’s scheme that takes into account the
morphology of the buccal cavity [52]: selective deposit feeders (i.e., detritivores), non-selective deposit
feeders, epigrowth feeders, and omnivores/predators. The deposit feeders lack buccal armature,
and the differentiation between selective and non-selective is based on the size of the buccal cavity.
The epigrowth feeders have sclerotized structures as teeth and denticles. Omnivores/predators bear
mandibles or spear-shape structures in a large buccal cavity.
The amphidial fovea shape has been recently proposed in [25] as a meaningful biological trait
with eight groups. We have used here only seven of them since blister-like was included as circular
type: circular, spiral, slit-like, pocket, elongated/rounded loop, indistinct, and longitudinal slit.
The cuticle morphology has been proposed also in [26] as: smooth, punctated/annulated with or
without lateral differentiation, punctated/annulated with longitudinal structures for the whole body
length, wide body annules and longitudinal ridges, desmens, and covered by ectosymbiotic bacteria.
The tail shape was classified into four types [53]: rounded/blunt, clavate/conico-cylindrical,
conical, and elongated/filiform.
2.4. Data Analysis
We pooled the data from sampling units coming from the same site (except for MT) to obtain
robust estimates of diversity and to minimize the effects of the sampling bias (e.g., different sizes of the
sampler). A matrix of nematode species × sites was compiled using the abundance (i.e., counts) as
values. The software EstimateS 9.1.0 [54] was used for the analysis of the species richness (SR) using
curves of accumulation of species versus individuals and for the calculation of confidence intervals
based on permutations. The non-parametric estimator Chao 1 was calculated for the estimation of
the SR taking into account the fraction of non-seen species [55]. The comparison of SR at the same
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level of abundance (i.e., rarefaction technique) was made with the number of expected species (ES(n))
in the software PRIMER 6.1.15 [56]. A correlation between SR and abundance was made using the
Spearman rank correlation coefficient. The similarity patterns across the samples were explored with
numerical ordinations by non-metric multidimensional scaling (NMDS) in the software PRIMER
6.1.15. Data were transformed as square root to downweigh the influence of the most abundant
species. The Bray–Curtis similarity index was used as measure of resemblance. Statistical differences
among habitat types in the assemblage composition were tested using a permutational analysis of
variance (PERMANOVA) in the software PERMANOVA 1.0.5 [57]. Note that PERMANOVA tests for
differences in the central position (i.e., centroid or multivariate mean); we used the same setting as that
for NMDS and an unrestricted permutation of raw data. The β-diversity 1 was calculated as the mean
distance of the sites to the centroid of the habitat groups (i.e., multivariate dispersion) using the routine
PERMDISP in latter software. Thus, β-diversity 1 measured the variation among sites within the same
habitat. The criterion for interpreting significant differences in β-diversity 1 was the lack of overlapping
of the standard error associated to the mean. We also calculated the β-diversity 2 to measure the
variation in the assemblage structure among habitats as the mean (±standard deviation) of Bray–Curtis
dissimilarity values. We applied the SIMPER procedure in order to identify the species responsible of
the compositional differences among habitats using the PRIMER 6.1.15. Formal pairwise comparisons
among the nine habitats yield 36 lists of species (i.e., habitat 1 versus 2, 1 versus 3, etc.) contributing to
the pairwise dissimilarity, which is an unmanageable number of lists. Therefore, we presented those
species that contribute up to 50% of cumulative similarity within habitats. We considered that the
selected species were typical of a particular habitat type since they occurred at most (or all) of their
sites. The comparison in a table of the presence/absence of species indicates those species that most
contribute to the β-diversity patterns across the nine habitats.
3. Results
3.1. Species Richness
A total of 24,736 nematodes were identified yielding 410 species belonging to 216 genera, 46 families,
eight orders, and two classes. The accumulation curve of observed SR versus individuals had a
non-asymptotic shape indicating that the number of species would increase with further sampling
effort (Figure 2a). The observed SR for the Cuban archipelago (i.e., regional SR) was 410 ± 12 species.
The non-parametric estimator Chao 1 indicated roughly the same number of species (415 ± 7 species).
The accumulation curves of SR per habitat did not show any asymptote. Even habitats heavily
sampled such as UM and CDZ (>7000 identified individuals) had a slight tendency to increase
(Figure 2b). The SM were also well sampled (>3000 individuals) but the steep shape of the curve
indicated a potentially higher SR. DW habitats contained a high SR, but were still underestimated
because of the almost linear shape of the curves. The two cave habitats were undersampled suggesting
that SR estimates should be interpreted with caution.
The observed SR was different among habitats as indicated by the lack of overlap of 0.95 confidence
intervals (Figure 3a). SM had the highest SR, followed by CDZ and DW habitats. A group of three
marine habitats had intermediate SR of about 100 species (BS, UM, and AT). MT had lower SR, and the
lowest richness occurred in the caves (both freshwater and anchihaline). The SR and abundance were
positively correlated across the sites (RS = 0.64, p < 0.001, n = 60).
Sample size strongly affects the estimates of SR; therefore, we computed the expected number of
species (ES) for a same level of abundance. We removed freshwater and anchihaline caves from the ES
calculation because they had too few individuals for an informative estimate (168 and 31 individuals,
respectively). The ES was then computed based on the lowest abundance: 540 individuals in DW.
ES(540) reaffirmed that SM had the largest SR, followed by DW (Figure 3b). Three habitats had similar
values of ES(540): BS, AT, and CDZ. UM had a lower number of species and the lowest richness occurred
in MT.
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Figure 2. Accumulation curves of nematode species versus individuals. (a) For all the samples pooled
using the observed species richness (SR) and the non-parametric estimator Chao 1; (b) the SR per
habitat type.
Figure 3. Species richness (SR) of nematode assemblages in 60 sites from nine aquatic habitats.
(a) Observed SR ± 0.95 confidence intervals (CI); (b) Expected number of species (ES) in a subsample
of 540 individuals. Note that ES (540) was not computed for two habitats due to their low abundance.
Acronyms of the habitats: FC = freshwater cave, AC = anchihaline cave, BS = bare sand, UM =
unvegetated mud, AT = algal turf, MT = macroalgae thallus, SM = seagrass meadow, CDZ = coral
degradation zone, and DW = deep water.
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3.2. β-Diversity
The multivariate structure of the assemblages was clearly different among habitats as indicated
by a numerical ordination (Figure 4a) and PERMANOVA test (Pseudo-F = 6, p = 0.01, d.f.(total) = 59,
d.f.(effect) = 8). Most of the samples were clustered by habitat type, which explained 45% of the total
variance in the multivariate data. Some habitats had a different assemblage structure composition
as indicated by separate groups of samples (e.g., DW, UM, and SM). Other habitats had remarkable
similarity among sites but had some overlapping between them (e.g., CDZ, AT, and BS). FC showed a
large variability in assemblage composition as indicated by the dispersal of the samples in the plot.
This variation between habitats but also within habitats (i.e., among sites coded as a same habitat type)
suggests further exploration of quantitative values of β-diversity.
Figure 4. (a) Numerical ordination by non-metric multidimensional scaling (NMDS) of the samples
coded by habitat type and based on square-root transformed abundance of nematodes. (b) β-diversity
per habitat type represented as the mean (± standard deviation) of distance to centroid based on
Bray–Curtis index. Note that β-diversity could not be computed in AC because only one site. (c) NMDS
of habitats. Acronyms of the habitats: FC = freshwater cave, AC = anchihaline cave, BS = bare sand,
UM = unvegetated mud, AT = algal turf, MT =macroalgae thallus, SM = seagrass meadow, CDZ =
coral degradation zone, and DW = deep water.
The β-diversity 1 varied across the nine habitats (Figure 4b). There were four habitats with higher
β-diversity (FC, UM, SM, and DW). The other five habitats had lower β-diversity.
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The ordination of the nine habitats (all sites pooled) based on assemblage structure indicated that
five habitats had a very different assemblage composition (Figure 4c): FC, AC, MT, UM, and DW. Four
coastal marine habitats were relatively similar to each other: BS, AT, SM, and CDZ. The β-diversity 2
was very high (mean ± SD): 97% ± 14%.
There were several species typical of a particular habitat type (Table 1). FC had a unique set of
species belonging to typical freshwater genera (Aphanolaimus, Ironus). Species in AC were marine and
occurred in other habitats as well (e.g., SM and CDZ). UM had a unique set of species belonging to two
known hypoxia-tolerant genera (Sabatieria and Terschellingia). Other species were widely distributed
across the shallow coastal habitats: Desmodora pontica, Euchromadora vulgaris, and Zalonema ditlevseni.
SM had a diverse set of species, some of them characterized by large body size such as Cheironchus,
Halichoanolaimus, Mesacanthion, and Viscosia. Members of Comesomatidae (Dorylaimopsis, Setosabatieria),
a family typically composed by detritivores, were characteristic of this habitat. Several genera of
Chromadoridae were found typically on MT (Chromadora, Chromadorella, and Euchromadora). The set
of species inhabiting DW was unique and included several genera typical of the deep-sea such as
Acantholaimus, Bolbolaimus, Cervonema, and Metadasynemella.
Table 1. Nematode species typical of each habitat type based on SIMPER analysis. Species were chosen
by the ordered contribution to the within-habitat similarity (measured by Bray–Curtis index) and only
those that contribute up to 50% of cumulative similarity were listed. Acronyms of the habitats: FC =
freshwater cave, AC = anchihaline cave, BS = bare sand, UM = unvegetated mud, AT = algal turf, MT
=macroalgae thallus, SM = seagrass meadow, CDZ = coral degradation zone, and DW = deep water.
Species FC AC BS UM AT MT SM CDZ DW





Zalonema ditlevseni X X X
Paradesmodora immersa X X
Desmodora pontica X X X X
Tricoma sp. X X X
Enoploides bisulcus X
Innocuonema asymmetricum X
Viscosia abyssorum X X
Sabatieria pulchra X
Terschellingia longicaudata X X
Terschellingia communis X
Euchromadora vulgaris X X X
Epsilonema sp. X
Croconema cinctum X X
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Table 1. Cont.
Species FC AC BS UM AT MT SM CDZ DW









The assemblage structure by life strategy (or colonizer/persister scale) varied between freshwater
and marine habitats (Figure 5a). FC had higher contribution of extreme colonizer (c–p 1 = 16%) and
persister species (c–p 4 = 59%) when compared with the marine habitats (c–p 1 = 0% and c–p 4 = 15%).
Marine habitats also had differences among them, with UM having only intermediate colonizer species
(c–p 2 = 57% and c–p 3 = 43%). The other seven marine habitats shared a similar life strategy structure
with dominance of c–p 3 (52%) followed by c–p 2 (29%) and c–p 4 (18%).
Figure 5. Biological traits of nematode assemblages across nine habitats. (a) Life strategy scale (scale from
1, colonizer to 5, persister) [43]. (b) Trophic groups based on buccal cavity morphology (detrit. = detritivore,
pred. = predator, omniv. = omnivore) [46]. (c) Amphidial fovea shape (longit. = longitudinal) [34].
(d) Cuticle type (punct. = punctated, ann. = annulated, w/long. struct. =with longitudinal structures
along the whole body length, ann. w/ridges =wide annules with ridges, cov. = covering) [34]. (e) Tail
shape (clav. = clavate, con.-cyl. = conical-cylindrical, elong. = elongated, filif. = filiforme) [47]. Acronyms
of the habitats: FC = freshwater cave, AC = anchihaline cave, BS = bare sand, UM = unvegetated mud, AT
= algal turf, MT =macroalgae thallus, SM = seagrass meadow, CDZ = coral degradation zone, and DW =
deep water.
The structure by trophic group was different among habitat types (Figure 5b). FC when compared
with marine habitats had higher abundance of predators/omnivores (68% vs. 17%) and lower of
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epigrowth feeders (1% vs. 43%). UM had higher contribution of non-selective deposit feeders (42%)
when compared with the other eight habitats (8%). Non-sedimentary habitats (i.e., AT, MT, and CDZ)
had larger contribution of epigrowth feeders (72%) when compared with sedimentary habitats (28%).
The structure by amphidial fovea shape displayed differences among habitats (Figure 5c). FC had
larger contribution of pocket fovea (76%) when compared with marine habitats (10%) and no species
with spiral fovea.
The trait structure by cuticle type showed large differences in the contribution to assemblage
structure (Figure 5d). Nematodes with smooth cuticle were dominant in freshwater (77%) when compared
with marine habitats (10%). The marine habitats had a clear dominance of punctated/annulated cuticle
(81%) when compared with freshwater (23%). UM had only nematodes with punctated/annulated
cuticle type.
Tail shape assemblage structure varied among habitats (Figure 5e). FC had a larger contribution
of elongated/filiforme tail shape (59%) when compared with marine habitats (20%). Nematodes with
clavated/conical-cylindrical tail shape were more abundant in UM (66%) than in the other eight habitats
(19%).
4. Discussion
The accumulation curves, for both observed SR and Chao 1, were close to an asymptote indicating
that the regional richness (approximately 410 species) was reasonably well estimated. These figures
should be interpreted as the minimum richness [31] and set a first SR estimate of aquatic nematodes for
the Cuban archipelago. The relatively low number of unseen species (the difference between Chao 1
and observed SR being five species) could be due to a taxonomic bias. In other words, many species
with one or two individuals (mostly juveniles or females) were removed from the matrix because of the
uncertainty of the identification. Two solutions to this taxonomic issue are to increase the sampling effort
looking for individuals in adult stages and to apply DNA barcoding for the species identification [58,59].
The accumulation curves per habitat showed a radically different scenario, with most of the curves
lacking an asymptotic shape. In general, the increase of the sampled area clearly had a strong positive
effect on the SR as indicated by the steep shape of the curves [60]. Even for well-sampled habitats such
as coral degradation zones and unvegetated muds, the shape of the curves indicated the existence of
undiscovered species. Seagrass meadow and deep-water habitats looked to be a promissory sources
of undiscovered species since their curves were steep. The sample size of 300 individuals suggested
in [61] as sufficient to describe the diversity in seagrass meadows at local scale seemed reasonable.
However, at larger spatial scales, a substantially higher number of individuals (likely >4000) is needed
to estimate the true species richness.
The low number of collected individuals in the deep-waters seemed to be the main limitation for
a more accurate estimate of species richness. Low number of nematodes would be a bias due to the
use of 45 μm mesh size that misses small-sized nematodes which are proportionally more abundant
in the deep sea [62]. However, other studies in deep sea habitats of the Gulf of Mexico, using 45 μm
mesh, have reported a consistently higher number of individuals than in our study [63]. The most
plausible explanation for the low abundance of nematodes in the DW samples was the combination
of: (i) oligotrophic environment in the water column causing a reduced input of organic carbon to
sediments via sedimentation; and (ii) strong hydrodynamic regime given by the Cuban countercurrent
flowing along the northwestern shelf slope [64].
Based on the Dynamic Equilibrium Model (DEM), Moens et al. [15] related two environmental
axes (i.e., resource availability and physical disturbance) with habitat types and hence with SR and
abundance of nematode assemblages. The model reasonably fitted well to our data of SR and abundance
for the marine habitats (Figure 6). However, we could not directly measure abiotic variables related to
these drivers (e.g., biopolymeric carbon, current speed). This issue limits the strength of our evidence
to test the DEM model. The depth can be a good correlate of food availability in sediments, splitting
coastal and deep waters habitats [62]. However, in shallow coastal habitats depth is a poor predictor
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of food availability or hydrodynamic regime because other local factors (e.g., turbidity, shoreline
topography) may also have a significant influence on productivity and hydrodynamics.
Figure 6. The relationships between species richness and abundance of nematodes across nine aquatic
habitats. Gradients of physical disturbance and resource availability are superposed on qualitative
bases. The curve (red line) is the best fitted line by a polynomial function. Based on the conceptual
model in [15]. Four sites were removed because outlier values: two defaunated UM from the extremely
polluted Havana Bay, one SM, and one CDZ represented aggregated samples with artificially high
values of abundance.
A word of caution in the interpretation of values of abundance is needed because of the lack of
standardization of counts into density/concentration values. The disparate structure of the sampled
habitats, e.g., coral rubble, algal turf, macroalgae thallus, and sediments, prevented such standardization.
Therefore, the values of abundance obtained in our study may be indicative of relative differences
between habitats, but may not constitute a reference framework for the absolute abundance in
the habitats.
The unimodal curve of SR versus abundance suggested that the most specious habitats were those
subjected to intermediate levels of resource availability (e.g., seagrass meadow and coral degradation
zone). The sampled deep-waters were located on the shelf slope (~1500 m depth) and likely subjected
to oligotrophic conditions in sediments and intense hydrodynamic regime. This habitat harbored a
diverse but relatively scarce nematofauna with genera typical from the deep sea and reported from other
oceanic basins [65]. Macroalgae thallus were also subjected to an intense hydrodynamic regime but
larger resource availability is likely as biofilm and particulate organic matter accumulate on the thalli.
Coastal habitats (seagrass meadow, bare sand, algal turf, and coral degradation zone) were subjected
to a moderately high level of physical disturbance by wave and current actions. The suite of species
typical of these habitats had adaptations to physical disturbance such as ornamented cuticle, conical
tails, and small body size. The most specious habitat was seagrass meadow, likely reflecting a large
resource availability (e.g., interstitial space and food) and good protection from physical disturbance.
The relatively larger body size of nematodes in seagrass meadows [66] indicated more available
energy that supported in turn higher biomass [22]. Seagrass meadows are highly productive habitats,
not only because of the seagrass primary production, but also because of the associated epiphytic
microalgae [67]. The taxonomic and functional structure of nematode assemblages have been positively
correlated with food availability in seagrass meadows [68–70]. The seagrass vegetation also enhances
the nematode assemblages by increasing refuge from predators [71] and reducing the resuspension by
currents [72]. The other coastal habitats with intermediate levels of richness (bare sand, algal turf, and
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coral degradation zone) likely were influenced by the biofilm produced by microphytobenthos as a main
source of food for nematodes. Recent characterization of the biofilm growing on the Acropora palmata
coral rubble indicated an associated rich microbial community of algae, sponges, virus, bacteria, and
other microorganisms [73] that potentially provides food for epigrowth feeder nematodes.
The unvegetated muds were located in semi-enclosed bays with organically enriched sediments
because of the augmented primary production by phytoplankton and microphytobenthos due to
human-driven eutrophication. The accumulation and oxidation of organic matter in the bottoms
caused seasonal hypoxia enhanced by a reduced hydrodynamic regime by weak tidal currents and
salinity-driven stratification of the water column [74,75]. In these harsh conditions, only tolerant and
opportunistic species (e.g., Terschellingia longicaudata and Sabatieria pulchra) were able to survive.
We removed the caves from the DEM model because extreme oligotrophy and physical isolation
likely constituted the major drivers of the nematode assemblages. Several studies have indicated
that food availability is the most important driver for nematode assemblages in caves (e.g., [76],
and references therein). Stagnation of waters usually create hypoxia in the caves’ sediments adding
additional stress. Isolation of the cave systems also limits the immigration of species promoting a low
SR as well [76].
We analyzed the β-diversity at two different scales: β-diversity 1 measured the variation within
habitats (i.e., among sites in a same habitat type), and β-diversity 2 measured the variation among
habitats. Differences in β-diversity 1 likely were due to the small-scale habitat heterogeneity that
promotes a larger number of different niches, a finer partition and specialization in the use of resources
by the species (reducing the interspecific competition), and thus more distinctive assemblages [77].
Limitations to the dispersal imposed by geographical distances between sites and/or physical barriers
also promoted the β-diversity 1, evidenced by the higher value in freshwater caves.
The β-diversity 2 was very high, indicating that habitat types harbored distinctive nematode
assemblages, and highlighting its important role as an assembly factor. This pattern emerged despite the
considerable small-scale variability displayed by nematode assemblages as a response of microhabitat
heterogeneity and/or species interactions [15]. In addition to the combined effects of resource availability
and physical disturbance (i.e., habitat filtering sensu latu), the connectivity among habitats was likely
very important as an assembly process given by the dispersal of organisms [5]. The uniqueness of
nematode assemblages in some habitats (e.g., caves, macroalgae thallus, and deep water) was likely
caused by the limited dispersal capacity of nematodes [78]. Actually, the largest dissimilarity in
nematode assemblage structure occurred in freshwater caves stressing the important role of dispersal
and vicariance on the stygobiont meiofauna [79]. However, habitats that usually were located close
to each other in the shallow waters (i.e., the coral reef complex: seagrass meadow, bare sand, coral
degradation zone, and algal turf) had higher similarity in the assemblage structure when compared
with other habitats more separated geographically (e.g., unvegetated bottoms or deep waters). This
connectivity of coastal habitats, also termed as a mosaic, has been highlighted in [80] and it is relevant
for ecosystem functioning and fisheries.
Macroalgae thalli likely acted as keystone structures providing resources (mainly biofilm) and
substrate to nematodes. These keystone structures are linked to habitat heterogeneity, which in turn
may promote the species richness and β-diversity [81]. However, macroalgae thalli were subjected to
an intense hydrodynamic regime that likely limited the amount of epiphytic nematodes and overcame
the role of the fractal complexity of the thalli [82]. Latter authors concluded that neither complexity
nor deposited sediment influenced the epiphytic nematode assemblages. Apparently, the most similar
habitat to the macroalgae thallus was the algal turf, but the latter had highly similar structure to the
other coastal habitats (e.g., bare sand and seagrass meadow) likely reflecting the role of the passive
dispersal of nematodes by bottom currents and the spatial nearness among these habitats.
The link between functional diversity and biological traits is complex and depends on the particular
ecosystem and taxon under study [83]. For aquatic nematodes, only the life strategy (or c–p scale)
takes into account physiological and developmental features. The other four traits analyzed here were
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based purely on morphological features (i.e., buccal cavity, cuticle, amphidial fovea, and tail). Life
strategy, trophic group, and tail shape percentages meaningfully distributed across the habitats likely
reflecting ecological adaptations of nematode species to the environment.
Freshwater caves harbored more nematodes with extreme c–p strategies (i.e., extreme colonizers and
extreme persisters) due to the impoverished sediments that demanded fast colonization on ephemeral
food patches or very low physiological rate to cope with the oligotrophic conditions. Dominance of
predators/omnivores likely also reflected the oligotrophy of the cave sediments and the necessity to feed
on detritus and also on other meiofauna [84]. In other cave systems with some accumulation of detritus
and guano, the most dominant groups were bacterivores, followed by omnivores and predators [85]. The
anchialine cave had a trophic group composition dominated by epigrowth feeders followed by selective
detritivores. This likely reflected an important role of the immigration of nematode species from adjacent
coral reef environments such as Paradesmodora immersa, Pomponema sp., and Zalonema ditlevseni. Other
studies in submarine caves have reported different findings with the dominance of either non-selective
deposit feeders or omnivores/predators [85,86].
Trophic groups in the marine habitats gave further indication about the food sources used by
the nematodes, although many species behave as opportunistic feeders which may change feeding
strategies in response to available food [87]. Sedimentary environments where detritus constitutes
the main source of food (unvegetated mud and deep-water) had dominance of deposit feeding
nematodes. Dominance of deposit feeders and pollution-tolerant genera (e.g., Sabatieria, Terschellingia)
in unvegetated muds suggested that organic accumulation further fostered hypoxia in this habitat
type [40,74]. The other coastal habitats supported a larger proportion of epigrowth feeders able to feed
on biofilm growing on sand grains, macroalgae thallus or coral rubble.
Amphidial fovea shape varied without a clear pattern across the habitats. Semprucci et al. [26]
have indicated some relationships between fovea shape and sediment type and hydrodynamic stress.
Nematodes may be attracted or repelled by compounds released by cyanobacterial biofilms [88],
but whether particular types of amphidial fovea play an adaptive role in the behavior of aquatic
nematodes is yet to be tested. Our study covered a large range of environmental conditions across the
nine habitats, so this lack of pattern in amphidial fovea composition likely pointed to weak, if any,
ecological relationships. Further studies about the usefulness of this trait are needed in order to refine
the classification by fovea type or discard the trait as a predictor of ecological conditions.
Cuticle showed a dominance of punctated/annulated types likely reflecting a phylogenetic
signature instead of ecological adaptations to the environment. Enoplids and dorylaimids, mostly with
smooth cuticle, dominated in freshwater caves, although one species (Ironus ignavus) contributed to most
of the abundance as usually occurs in freshwater systems [89]. Six orders of chromadorids dominated
in the studied marine habitats: Chromadorida, Desmodorida, Monhysterida, Plectida, Araeolaimida,
and Desmoscolecida. Most of these orders included nematodes with punctated/annulated cuticle.
An important fraction of nematodes from deep water sediments had a cuticle with wide body annules
and longitudinal ridges that is explained by the relative dominance of the family Ceramonematidae.
This fact pointed to a phylogenetic signature given by a particular family inhabiting deep-waters and
bearing a cuticle with wide body annules and longitudinal ridges, but without obvious ecological link
between habitat setting and cuticle type.
Tail shape may bring ecological information useful for the interpretation of trait composition
patterns [53]. The elongated/filiforme tail shape was well-represented in fine sediments (freshwater
cave, unvegetated mud, and deep water). These nematodes act as burrowing species pushing the
sediment particles to create their space within the sediment; in these conditions, elongated/filiform tail
may enhance locomotion. For the other habitats where particle size is larger (bare sand) or substrate is
non-sedimentary, the interstitial strategy should be more important and conical tails seem to have
higher adaptive value.
In summary, we reported a regional richness of 410 ± 12 species of nematodes for the Cuban
archipelago; however, some habitats need to be sampled more intensively (e.g., caves and deep
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waters). Our data supported the dynamic equilibrium model with habitats reasonably ordered across
gradients of resource availability and physical disturbance according to their SR and abundance.
Seagrass meadow was the most specious habitat, and freshwater and anchihaline caves the least
diverse. Differences in β-diversity likely were due to habitat heterogeneity (e.g., in seagrass meadows)
and limitations for nematode dispersal (e.g., in caves). The nematode assemblage composition was
unique in some habitats reflecting the effects of habitat filtering (e.g., deep waters, macroalgae thallus).
However, coastal shallow habitats shared many species indicating a high connectivity due to geographic
proximity and dispersal by bottom currents. The biological traits “life strategy”, “trophic group”,
and “tail shape” reflected ecological adaptations to environmental setting. Instead, “amphidial fovea”
and “cuticle” likely reflected phylogenetic signatures from families/genera living in different habitats.
Habitat type played an influential role in the diversity patterns of aquatic nematodes from taxonomic
and functional points of view.
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Abstract: Nematode communities and relevant environmental variables were investigated to assess
how the presence of a dam affects the Ba Lai estuary benthic ecosystem, in comparison to the adjacent
dam-free estuary Ham Luong. Both estuaries are part of the Mekong delta system in Vietnam. This
study has shown that the dam’s construction had an effect on the biochemical components of the Ba
Lai estuary, as observed by the local increase in total suspended solids and heavy metal concentrations
(Hg and Pb) and by a significant oxygen depletion compared to the natural river of Ham Luong.
The nematode communities were also different between the two estuaries in terms of density, genus
richness, Shannon–Wiener diversity, and dominant genera. The Ba Lai estuary exhibited lower
nematode densities but a higher diversity, while the genus composition only slightly differed between
estuaries. The results indicate that the present nematode communities may be well adapted to the
natural organic load, to the heavy metal accumulation and to the oxygen stress in both estuaries, but
the dam presence may potentially continue to drive the Ba Lai’s ecosystem to its tipping point.
Keywords: dam impact; estuary; heavy metals; free-living nematodes; density; diversity
1. Introduction
The Mekong estuarine system in Vietnam is an ecologically important habitat, supporting, at
the same time, many different socio-economical activities in agriculture, fisheries and aquaculture.
The rivers within this system carry a lot of alluvium to form the lower Mekong River Delta, resulting
in a high diversity of bio-resources along the southern coastal area of the East Sea [1]. As in every
estuary, the Mekong supports a high diversity of both freshwater and marine species, including fish
and crustaceans, which use the present habitats for feeding, as refuge, as a migration route, and as a
nursery during the different stages of their life cycle [2].
In 2002, the first Mekong dam was built across the Ba Lai estuary, in the Ben Tre province [3]. The
barrage aimed to improve the province’s agricultural production and its economic development, by
transforming rice fields into polyculture. This action was supposed to help residents in minimizing
the damage caused by drought and inland salinization on farm production in the dry season, in
preventing flooding during the rainy season, and in irrigating crop fields with fresh water [3]. However,
results from previous studies at other locations worldwide have shown that dams actually change the
Diversity 2020, 12, 137; doi:10.3390/d12040137 www.mdpi.com/journal/diversity207
Diversity 2020, 12, 137
physicochemical characteristics of the environment, disturbing the aquatic and riverine ecosystems,
as well as the socio-economical structure of local communities [4,5]. Dams create water reservoirs
upstream from the dam, transform lotic systems into lentic environments, slow down the water flow
and cause reduced dissolved oxygen concentrations and a higher deposition of fine sediments in
the reservoirs [6–9]. Consequently, these changes influence the aquatic biodiversity and the local
productivity, as well as food web interactions [10,11]. Numerous studies recorded a reduction in
abundance and diversity of aquatic communities (e.g., fish, algal, and benthic invertebrates), due to
changes in the environment following the construction of a dam. [4,10,12–14].
As observed in other dams worldwide, the construction of the Ba Lai dam has in many aspects
caused negative effects on the estuarine ecosystem and even on its surrounding environment, affecting
the local residents’ livelihood. The presence of the Ba Lai dam has changed the salinity gradient of
the natural estuary, and converted brackish habitats into a freshwater ecosystem and the sea-estuary
dynamics. The greatest impact of the dam is the transformation of forest land into farming areas in the
Ba Tri district, as the natural flow has been artificially controlled [2]. Not only has the production of fish
populations declined compared to the original estuary [7], but the reduction of water circulation also
resulted in the accumulation of organic pollutants and waste discharge [2,15]. Since the dam’s operation,
local communities were facing gradual depletion of natural aquatic resources, while landslides have
been threatening their land and houses [7,15]. Also, the Ba Lai estuary itself has started to decrease
its water volume, since the reduction in flow can no longer carry away all the alluvium [16]. This
process especially changes the benthic environment and its associated biota [5,10], of which free-living
nematodes represent one of the most abundant invertebrate groups.
Nematodes provide many advantages in biomonitoring studies, including their high density
and species richness, their ubiquity, and their different feeding strategies and life mode [17–21].
They lack a pelagic larval stage and respond promptly to environmental changes on the seafloor,
since their entire life cycle is associated with benthic compartment. Different attributes of nematode
communities, especially those related to their biodiversity, such as density and diversity indices, are
used to assess the ecological status and disturbance impacts in estuaries [22–29]. However, there have
been only a few studies that analyzed the response of nematode communities to the effects of dam
construction [27,30–33]. Depending on the area, different responses were found, among which were
significant reductions in diversity in the river Elbe, Germany [31] or reduced abundances of nematodes
in the river Murray, Australia [32].
Ngo et al. (2016) studied the intertidal nematodes assemblages of the eight Mekong estuaries in
Vietnam and authors observed that the community structure near the Ba Lai dam strongly deviated
from what was expected based on the sediment characteristics [25]. The mesohaline downstream
station (PSU of 22.9), which was located close to the barrier dam, was characterized by the dominance
of the rapid colonizer genus Diplolaimella, and by the absence of the typical dominant genera in silty
sediments, such as Parodontophora, Halalaimus, Thalassomonhystera, and Terschellingia, which resulted in
a very low maturity index, an index generally used to assess levels of disturbance. At this location,
unusually high ammonium concentrations where also observed, pointing to a source of disturbance.
Building upon the observations by Ngo et al. (2016) [25] for the Ba Lai estuary, the present study
evaluates the ecological impacts of the dam by characterizing free-living nematode assemblages and
their link to the environmental characteristics. As there are no historical data available from the
time before the dam construction, we also investigated an adjacent dam-free estuary, Ham Luong,
as a reference for our comparisons. We tested the following hypotheses: 1) The presence of a dam
affects the environmental conditions from both the downstream and upstream part of an estuary
compared to a natural estuary (i.e., dam-free). 2) The environmental differences between estuaries and
estuarine sections (upstream versus downstream) resulted in different nematode communities in terms
of diversity and composition.
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2. Materials and Methods
2.1. Study Area and Sampling Location
The Ba Lai estuary is on average 59 km long and 3–4 m deep, with a water flow volume of
50–60 m3/s in the dry season, while it is five times higher in the rainy season [2]. The Ham Luong estuary
is 72 km long and with a water flow around 800–850 m3/s during the dry season, and approximately
3300–3400 m3/s in the rainy season [2]. Both estuaries flow from the My Tho River to the East Sea and
they are located in the Ben Tre province.
Sampling was carried out in the Ba Lai (BL) and Ham Luong (HL) estuaries, during the dry season
in March 2017. In each estuary, 6 subtidal stations were identified from the mouth to the upstream.
Within the Ba Lai estuary, BL1, BL2, and BL3 (BL1-BL3) are the downstream stations, while BL4, BL5
and BL6 are located upstream of the dam. In the Ham Luong estuary, HL1, HL2, HL3, HL4, HL5, and
HL6 are reference stations situated at similar positions along the original estuarine gradient as in the
Ba Lai. The sampling area is shown in Figure 1.
 
Figure 1. Sampling locations in the Ba Lai and Ham Luong estuary, Ben Tre province, Vietnam.
2.2. Sampling and Environmental Variable Analysis
One sample per station was collected for all environmental variables measured in the water
column and in the sediment.
In the overlying water, different physicochemical parameters, including salinity, pH, dissolved
oxygen (DO), total dissolved solids (TDS) and total suspended solids (TSS) were measured. Salinity
was measured in situ using a Multiparameter Water Quality Meter Model WQC22A. Based on the
measured salinity, stations were classified into different estuarine zones from polyhaline (18–30 PSU),
mesohaline (5–18 PSU), oligohaline (0.5–5 PSU), to freshwater (< 0.5 PSU), following Montagna et al.
(2013) [34]. The pH was measured with a pH-62K APEL equipment, DO was determined by DO-802
APEL instruments, TSS was measured using SMEWW 2540, and TDS was measured using a Water
Quality Checker WQC-22A. The methods followed the international guidance sampling technique
with ISO 5667-1: 2006 and ISO 5667-3: 2018 [35].
Sediment samples were collected using a Ponar type grab deployed from a small boat. The
undisturbed sediment was subsampled using different techniques for different purposes (Application
of ISO 5667-1: 2006, ISO 5667-12: 2017 and ISO 5667-15: 2009) [36].
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Sediment samples for grain size analysis were collected by means of a cut off syringe of 3 cm
diameter and 10 cm deep. The granulometry was analyzed by a Coulter type Mastersizer APA2000,
equipped with Hydro 2000G model AWA2000-Malvern. The sediment fractions were classified as sand
(> 63 μm), silt (4–63 μm), and clay (< 4 μm) [37].
Samples for the analysis of nutrients (including total organic carbon (TOC), total phosphorus (TP),
total nitrogen (TN), ammonium (NH4+), and nitrate (NO3−)) were collected with a core of 6 cm inner
diameter pushed in the sediment up to 10 cm and preserved at 4 ◦C until arrival at the laboratory, where
they were frozen at −20 ◦C until further analysis. TOC, TN, TP content in the sediment were analyzed
with an Element Analyzer Flash 2000 after lyophilization, homogenization and acidification with 1%
HCl. The sediment was thawed and processed for measurements of nitrate (NO3−) and ammonia
(NH4+) concentration, using an automatic chain (SANplus Segmented Flow Analyser, SKALAR).
Heavy metal sediment samples were collected, kept in glass bottles and transported to the
laboratory (3050B method). After centrifugation followed by decantation, the sediment fraction was
collected and kept frozen [38]. Amounts of 0.5 g of the wet samples (exact to 0.1 mg) were weighted
into Teflon-closed vessels, followed by the addition of 6 mL sub-boiling HNO3 (d = 1.42 g/mL) and 2
mL distilled, sub-boiling HCl (d = 1.19 g/mL). The vessels were then sonicated for 10–15 min, then
simmered for at least 12 h at 110 ◦C. During the simmering, the vessels were sonicated for 5 min after
every 4-hour simmering. After sonication, they were ramped to 160 ◦C and kept there for 4 h. After
cooling down to room temperature, the samples were quantitatively transferred into 25 mL volumetric
flasks and filled to the mark with deionized water. The bulk solutions were then transferred to 50 mL
PE tubes and centrifuged at 3000 rpm for 15 min. The supernatant was divided into two separated
15 mL test tubes: one tube for archive and one tube for CV-AAS/F-AAS/ICP-MS analysis. The solutions
were directly measured using the ICP-MS method for Cr, Cu, As, Se, Cd, Pb targets; as 1 g (to the
nearest milligram) for Hg target; and diluted 200 times prior to F-AAS measurement for Fe target. Cr,
Cu, As, Se, Cd, Pb were analyzed by inductively coupled plasma mass spectrometry (ICPMS). Fe was
analyzed by flame atomic absorption spectrometry (F-AAS). Hg was analyzed by cold vapor atomic
absorption spectrometry (CV-AAS).
For the Sulfide (H2S) analysis, the top 2 cm of undisturbed sediment samples were immediately
isolated after the grab returned to the boat and stored in 50 mL capped vials (polypropylene screw
cap, conical bottom tubes, ISOLAB) on dry ice (Ion-selective electrode method). Once returned to the
laboratory on shore, samples were transferred to a −18 ◦C freezer until further analysis. Total free H2S
concentrations were determined following the method of Brown et al. (2011) [39]. Briefly, the sediment
sample in the 50 mL plastic vial was mildly defrosted at 4 ◦C, then centrifuged at 3000 rpm for 5 min.
After the water layer was discarded, the sediment was homogenized with a stainless steel spatula. A 10
mL portion of the sample was transferred into another graduated plastic vial containing 10 mL of SAOB
and further vortexed. The mixture was measured as quick as possible to avoid sulfide conversion.
In order to analyze the Methane (CH4) concentration, about 10 mL of the top 2 cm of undisturbed
sediment was immediately stored after sampling into a tared 40 mL serum vial containing 5 mL of 0.1
N NaOH to terminate further bacterial activity (GC-FID method). The vial was quickly sealed with a
silicone stopper to minimize potential loss of methane and placed on dry ice. Once returned to the
laboratory, samples were transferred to a −18 ◦C freezer until further analysis.
2.3. Sampling and Analysis of Nematodes
Triplicate samples per station were collected for nematode analysis. Sediment samples were
taken from the boat with a Ponar grab. The grab was subsampled with a PVC core (30 cm long, 3.5
diameter) up to 10 cm depth in the sediment (10 cm2 surface area) and placed in a sample bottle (about
300 mL). Samples were fixed and preserved in the field with 7% hot neutralized formalin (60–70 ◦C)
and gently stirred.
In the laboratory, samples were washed over a 1 mm sieve to remove any big fractions of
stone, debris and sands. Nematodes were then separated and collected by flotation technique using
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Ludox-TM50 at a specific gravity of 1.18 g/cm3, using a 38 μm sieve [40]. The procedure was repeated
three times to make sure all organisms were extracted from the sample. In order to facilitate the
nematode counting, samples were stained with a 1% solution of Rose Bengal. A quantitative analysis
of nematodes was done using a Stereo microscope. From each sample, 200 individuals were randomly
picked out and gradually transferred to pure glycerin and then mounted on permanent slides for
taxonomic analysis, following the method of De Grisse (1969) [41]. For those samples with less than
200 individuals, all nematodes were picked out.
Nematode specimens on permanent slides were identified to the genus level using a Leica
light microscope. For nematode identification, we used the specialized literatures [42–47], including
free-living nematodes reported for Vietnam [48] and the Nemys database [49].
2.4. Data Processing and Statistical Analysis
Genus richness and Shannon–Wiener [50] diversity indices were used for biodiversity analysis.
Univariate data analyses were applied on the environmental variables, nematode densities
(individuals per 10 cm2) and diversity indices. Based on the dam presence and the measured salinity
zones (mesohaline zone and oligohaline-freshwater zone), we identified two factors for further
statistical analysis. The “estuary” factor, which includes 2 levels: the two estuaries Ba Lai and Ham
Luong (dammed versus reference estuary); The second factor was indicated as “estuarine-section”
and consists of 2 levels, upstream and downstream. The combination of the two factors resulted
in 4 groups referred as: “dammed downstream”, “dammed upstream”, “reference downstream”,
“reference upstream”. We chose to pool the stations per three according to their up-or downstream
position (based on the dam presence and the measured salinity zones), to reduce the effect of local
patchiness and to address the main question related to the dam effect.
The Shapiro–Wilk test was used to check for normal distributions and Levene’s test to evaluate
the homogeneity of variances (p > 0.05). The data were transformed by either square-root or log
transformation if assumptions were not met.
If assumptions were fulfilled, a two-factor ANOVA (analysis of variance) was performed in
RStudio [51]. When the assumptions were not fulfilled, the analyses were replaced by a non-parametric
permutational PERMANOVA on software PRIMER 6, in order to identify significant differences
between estuarine-sections and estuaries [52]. When significant differences were found (p < 0.05), a
post hoc test (Tukey HSD) was applied for pairwise comparisons between estuarine-sections.
The obtained p-values were corrected with the Benjamini and Hochberg (1995) [53]
correction method.
Multivariate analyses were performed using the software PRIMER 6 with the PERMANOVA
add-on package, and the same the design was used as the one described in the univariate analyses
section [52].
Significant differences between groups in nematode community composition datasets were tested
with PERMANOVA. The test was based on square-root transformed data for community composition.
Significant values were considered when p < 0.05. After the PERMANOVA tests, PERMDISP routines
were performed to test for the homogeneity of multivariate dispersions. Subsequently, pairwise
comparison tests were performed, to identify which pairs of estuarine sections were significantly
different from each other. Then, a SIMPER analysis (SIMilarity PERcentages) was performed to identify
the taxa responsible for dissimilarities between groups.
DistLM (distance-based linear model) analyses were conducted for environmental variables
with correlations lower than 0.9, in order to identify which environmental factors were significantly
associated with the variability observed in the nematode multivariate community structure. The
DistLM model was performed using a step-wise selection procedure and adjusted R2 as selection criteria.
Results from the DistLM were visualized using dbRDA (distance-based redundancy analysis) plots.
Correlation analyses between environmental and nematode variables were computed in R-Studio,
either using the Pearson or Spearman rank method (when the data were not normally distributed).
211
Diversity 2020, 12, 137
3. Results
3.1. Environmental Characteristics of Ba Lai and Ham Luong Estuaries
3.1.1. Water Environmental Characteristics
In both Ba Lai and Ham Luong estuaries, the values for salinity, TDS, pH and DO decreased in
general from the downstream to the upstream sections, whereas the opposite trend was found for
TSS (Figure 2). Salinity and TDS showed higher variability between the two sections of the Ba Lai, in




Figure 2. Box and whisker plots and mean values (.) for salinity (A) and TDS (B), pH (C), DO (D)
and TSS (E) in the water column of the estuarine sections. point to estuary level. Abbreviations:
“DD” = dammed downstream, “DU” = dammed upstream, “RD” = reference downstream, “RU” =
reference upstream. Letters a and b pointed to significant differences. “” sign indicated the significant
differences between 2 estuaries or/and estuarine sections within an estuary, while “=” sign meant that
no significant difference was found.
Based on the average salinity, we classified the DD part as mesohaline (6.37 ± 2.74 PSU) and the
DU section as freshwater (0.33 ± 0.15 PSU), whereas the two sections of the Ham Luong estuary were
characterized as mesohaline and oligohaline (5.67 ± 0.60 and 1.93 ± 2.22 PSU, respectively) (Figure 2A).
The TDS showed a concentration of 6220 ± 2628.52 mg/L in DD and 5536.67 ± 611.34 mg/L in RD. These
values were higher than that at both upstream sections, with 355.33 ± 147.02 mg/L in DU and 1916
± 2181.28 mg/L in RU (Figure 2B). The pH in all sections was higher than 7, pointing to an alkaline
environment. The level of pH only slightly fluctuated with higher values in the downstream parts,
compared to the upstream sides in both estuaries (Figure 2C). The Ba Lai estuary had, in general, lower
DO levels than Ham Luong. Both downstream sides of the two estuaries had greater DO concentrations
than the upstream parts, 4.40 ± 0.17 mg/L in DD and 5.23 ± 0.71 mg/L in RD, compared to values of
4.17 ± 0.15 in DU and 4.40 ± 0.35 in RU (Figure 2D). From Figure 2 (A, B, D), it can be seen that the
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dammed upstream (DU) section of Ba Lai was characterized by the lowest concentrations of salinity,
TDS and DO, compared to all other sections.
The TSS concentration was higher in Ba Lai than in Ham Luong and it increased from downstream
to upstream in both estuaries, with 62.63 ± 18.38 mg/L in DD and 22.93 ± 8.78 mg/L in RD, compared
to 101.30 ± 24.49 mg/L in DU and 43.73 ± 17 mg/L in RU (Figure 2E).
The two-way ANOVA and permutational PERMANOVA analyses showed significant differences
between the two estuaries, in terms of DO and TSS. The estuarine sections were also different in
terms of salinity, TDS; pH, and DO. The significant p values were presented in Table 1. No significant
interaction effect was found for any of these variables.
Table 1. The significant p values generated from ANVOVA / permutational PERMANOVA and post hoc
comparison analyses for environmental variables (pe: the significant estuary effects, ps: estuarine-section
effect. “” sign indicated for the significant differences).
P Value
Variable pe ps Post Hoc Test
Salinity 0.028 DD  DU: 0.034, DU  RD: 0.035
pH 0.035 DD  RU: 0.034, RD  RU: 0.048
DO 0.037 0.026
TSS 0.034
TDS 0.028 DD  DU: 0.034, DU  RD: 0.035
Pb 0.035
Hg 0.035 0.034 DD  DU: 0.049, DU  RD: 0.044
3.1.2. Sediment Environmental Characteristics
The sedimentary variables such as grain size (sand, silt, clay) and nutrient concentrations
(TOC, TP, TN, NH4+ and NO3−) are presented in Figure A1. They did not show any statistically
significant difference between estuaries and estuarine-sections, for either the two-way ANOVA or the
permutational PERMANOVA.
The concentrations of heavy metals (Figure 3) in the Ba Lai estuary were higher than those
found in Ham Luong. In addition, the values were all highest in DU compared to other estuarine
section. The same trend was found in the Ham Luong estuary, although with smaller variations,
except for Pb, As and Cd, which showed slightly lower average values than in the RU section. A
two-way ANOVA analysis showed significant differences between the two estuaries only for Pb and
Hg. The “estuarine-section” factor had a significant effect on the concentration of Hg and the Tukey
HSD pairwise comparison showed differences between DD and DU, and between DU and RD. The
significant p values are presented in Table 1.
The H2S concentration was higher in Ba Lai than in Ham Luong, and showing a higher variation
within the two estuarine sections of the dammed estuary (Figure 3I). The DU showed higher values
than the DD part, with values of 3.60 ± 3.75 and 4.43 ± 3.94 ug/g, respectively, while the concentrations
for both sections in Ham Luong varied less, with 0.55 ± 0.62 ug/g and 0.74 ± 0.98 ug/g in RD and RU,
respectively (Figure 3I). At station level, the highest concentration of H2S was observed in BL4 (8.58
ug/g) and BL3 (7.67 ug/g), which are the two nearest upstream and downstream stations to the Ba
Lai dam.
The CH4 concentration was also higher in the Ba Lai than in Ham Luong. In particular, at DD, the
CH4 concentration was 2028.78 ug/g, which is almost 10 times higher than in DU (212.76 ug/g), while
Ham Luong RU (1428.28 ug/g) contained much higher values of CH4 than RD (23.98 ug/g) (Figure 3J).
Nevertheless, within the Ba Lai estuary, again a high variation was observed between stations within
each estuarine section, with the highest concentration of CH4 found in station BL3 near the dam
(5975.56 ug/g). Additionally, BL4 showed elevated levels of CH4 (418.33 ug/g), however an order of
magnitude smaller than in BL3. In the Ham Luong estuary, the highest average values were present in
the stations HL6 and HL5 of the upstream part.
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Due to the high variation within some estuarine sections, no statistically significant difference was







Figure 3. Box and whisker plots and mean values (.) for heavy metals including Fe (A), Cu (B), Cr (C),
Hg (D), Se (E), Pb (F), As (G), Cd (H), H2S (I) and CH4 (J) concentration in sediment of the estuarine
sections. point to estuary level. Abbreviations: “DD” = dammed downstream, “DU” = dammed
upstream, “RD” = reference downstream, “RU” = reference upstream. Letters a, b and c refer to
significant differences. “” sign indicated for the significant differences between 2 estuaries or/and
estuarine sections within an estuary, while “=” sign meant that no significant difference was found.
3.2. Nematode Assemblages in Ba Lai and Ham Luong Estuaries
3.2.1. Density of Nematode Communities in Ba Lai and Ham Luong Estuaries
Nematode densities in DU were 111 ± 76 ind./10 cm2, being twice as low as in DD, with
218 ± 138 ind./10 cm2. The opposite pattern was found for Ham Luong, with RU showing 248 ±
195 ind./10 cm2, almost twice as high as the densities at RD (139 ± 109 ind./10 cm2) (Figure 4). A
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PERMANOVA analysis showed a significant interaction effect on the nematode densities for the estuary
and estuarine section (Table 2).
 
Figure 4. Box and whisker plots and mean values (.) for nematode densities of the estuarine sections.
point to estuary level. Abbreviations: “DD” = dammed downstream, “DU” = dammed upstream,
“RD” = reference downstream, “RU” = reference upstream. Letters a and b pointed to significant
differences. “” sign indicated for the significant differences between 2 estuaries, while “=” sign meant
that no significant difference was found.
Table 2. The significant p values generated from ANVOVA / permutational PERMANOVA and
pairwise comparison analyses for characteristics of nematode communities. (pe&s: the significant
interaction effect of both factors estuary and estuarine-section, pe: the significant estuary effects, ps:
estuarine-section effect. “” sign indicated for the significant differences).
Variable
p Value
pe&s pe ps Post hoc Test
Density 0.0466 0.028 DD  DU: 0.034,DU  RD: 0.035
Genus richness 0.0466 0.035
DD  DU: 0.0001,
DD  RD: 0.00026,
DD  RU: 0.000003
H’ 0.0015 0.026
DD  DU: 0.014,
DD  RD: 0.0065,
DD  RU: 0.0025
Genus composition
(square-root transformation) 0.0003 0.0001
DD  DU: 0.0001,
DD  RD: 0.0002,
DD  RU: 0.0001,
DU  RD: 0.0003,
DU  RU: 0.0039,
RD  RU: 0.0001
3.2.2. Diversity of Nematode Communities in Ba Lai and Ham Luong Estuaries
The genus richness was highly variable in Ba Lai, with DD containing twice as many genera per
sample (35) as DU (14). In Ham Luong, richness was less fluctuating between the two sections, with 15
and 12 genera encountered in RD and RU samples, respectively (Figure 5A). The two-way ANOVA
based on richness, followed by a pairwise comparison analysis, showed a significant interaction effect,
with significant differences between the pairs DD&DU, DD&RD and DD&RU.
The Shannon–Wiener diversity index (H’) was higher in Ba Lai compared to Ham Luong, while
H’ values were lower in upstream sections of both estuaries. The H’ value at DD was 2.62, being
significantly higher than in DU (H’ = 1.97) (Figure 5B), while the two sections in Ham Luong showed
H’s values of 1.79 and 1.56 in RD and RU respectively. Permutational 2-factor PERMANOVA analysis
showed a significant difference between the two estuaries and estuarine section (Table 2, Figure 5B).
The pairwise comparison showed differences between DD and DU, between DD and RD, and between
DD and RU (Table 2, Figure 5B). No significant interaction effect was found.
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Figure 5. Box and whisker plots and mean values (.) for the richness (A) and Shannon–Wiener index
(B) of nematode community of estuarine sections. point to estuary level. Abbreviations: “DD” =
dammed downstream, “DU” = dammed upstream, “RD” = reference downstream, “RU” = reference
upstream. Letters a, b and c pointed to significant differences. “” sign indicated for the significant
differences between 2 estuaries or/and estuarine sections within an estuary, while “=” sign meant that
no significant difference was found.
3.2.3. Nematode Community Composition in Ba Lai and Ham Luong Estuaries
The nematode communities consisted of taxa belonging to both classes Enoplea and Chromadorea.
In total, 144 genera belonging to 51 families and representing 11 orders were identified. Orders included
Enoplida, Triplonchida, Dorylaimida, Mononchida, Chromadorida, Desmodora, Desmoscolecida,
Araeolaimida, Monhysterida, Plectida, and Rhabditida. The orders Desmoscolecida and Rhabditida
were absent in Ham Luong, while all occurred in Ba Lai. The total number of nematode genera
observed in the Ba Lai estuary was two times higher than those found in the Ham Luong estuary,
representing 129 (47 families, 11 orders) and 57 genera (29 families, 9 orders), respectively. The total
number of genera encountered in DD, DU, RD, RU were 125, 33, 45 and 77 genera, respectively.
A PERMANOVA analysis, based on the relative abundance of nematode genus nematode
composition, showed a significant effect for both factors “estuary” (68.29%) and “estuarine-section”.
Pairwise comparisons showed that all estuarine sections were significantly different. A SIMPER
analysis resulted in a percentage of dissimilarity between groups, ranging from 61.45% to 71.76%.
The most important genera are responsible for more than 50% of the differences between groups
(i.e., between the two estuaries and between each pair of all estuarine sections), and their percentage
contribute to the dissimilarities are shown in Table A1. Parodontophora and Theristus were the two major
genera responsible for the differences in community composition in terms of abundances between the
two estuaries and among estuarine sections.
In general, Parodontophora, Theristus, Daptonema, Terschellingia, Sphaerotheristus, and Viscosia
comprised the most abundant genera (represented each by more than 4% of the total relative abundance),
and together they contributed 67.48% of the total relative abundance of both estuaries. Parodontophora,
Theristus and Daptonema were the most common genera, representing 32.70%, 12.67%, and 8.36% of the
total community, respectively.
The eight most abundant genera in each estuarine section are shown in Figure 6. Parodontophora
was the dominant genus and contributed more than 26% to the total community in DD, RD and
RU, whereas in DU, Theristus was the most abundant genus (26.78%), with a relative abundance
which was twice as high that of Parodontophora (13.96%). Theristus and Terschellingia were present
in higher percentages in the upstream parts, especially in the DU section of Ba Lai. Parodontophora,
nevertheless, was found to be more abundant in the downstream sections. Especially within Ba Lai, in
DD Parodontophora was twice as abundant as in DU.
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Figure 6. The percentage of the eight most abundant genera in each “estuarine section” (DD, DU, RD
and RU), as identified by the SIMPER analysis. Abbreviations: “DD” = dammed downstream, “DU” =
dammed upstream, “RD” = reference downstream, “RU” = reference upstream.
3.3. Correlation Between Nematode Communities and Environmental Variables
Nematode generic richness was positively correlated with pH (p = 0.005, r = 0.753), and negatively
correlated with silt proportion in the sediment (p = 0.006, r = −0736). The H’ index showed positive
correlations with both pH (p = 0.01, r = 707) and NO3− (p = 0.012, r = 695).
Furthermore, the DISTLM analysis showed that Hg (p= 0.0204), NO3− (p= 0.019) and Fe (p= 0.0348)
best explained the observed nematode distribution patterns of genus composition, explaining 49% of
the variation. The dbRDA analysis (with axis 1 explaining 32% of the variation and axis 2 explaining












Figure 7. The dbRDA plot on the correlation between nematode generic composition on abundance
with environment variables for all stations of estuarine sections. Abbreviations: (Es: estuarine-section),
“DD” = dammed downstream, “DU” = dammed upstream, “RD” = reference downstream, “RU” =
reference upstream.
4. Discussion
4.1. Differences in Environmental Variables Related to Dam Effects
Several environmental variables measured in the overlying water of the Ba Lai estuary showed a
different trend than the ones observed for the reference estuary Ham Luong, such as the significantly
lower DO values and higher TSS concentrations. The level of DO in the dammed estuary was also
lower than in other dam-free branches of the Mekong estuarine system [25], whereas the level of TSS in
Ba Lai, especially in the upstream part, was 1.5 times higher than that of the Mekong River system in
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the dry season of 2017 (61.4 mg/L), and more than twice as high as in the Bassac River (47 mg/L)—one of
the two main tributaries of the Mekong River delta [1]. TSS includes all particles which are suspended
in water, primarily composed of micro-algae, and organic and mineral particles linked to river input
by land erosion, as well as the re-suspension of sediment by the vertical mixing of the water column.
In the Mekong River delta, TSS is influenced by both natural and anthropogenic activities, including
the release of municipal and domestic waste water, synthetic and organic chemicals from industrial
waste, agriculture, aquaculture, construction, and soil erosion [1]. Therefore, the increase in suspended
solid loads tends to coincide with a decrease in dissolved oxygen, which could lead to hypoxic stress,
which in turn can result in lower abundances, diversity, and survival rates (less viable embryos and
larvae) during the development in fish species, as observed for the Notropis girardi in the Arkansas
River [13]. Additionally, TSS can also capture heavy metals and nutrients in the water column and
might contain high concentrations of contaminants. Once deposited on the bottom, it may disturb
the benthic environment and its biota [13]. Deposited sediment coming from upstream has been
reported to be associated with contaminants, including heavy metals and other toxic compounds, such
as pesticides, which can bioaccumulate in the river bed [54].
The heavy metal contamination also reached higher levels in the Ba Lai estuary, especially at
the upstream side in terms of Pb and Hg concentration. The level of Pb in the dammed upstream
section (48.84 μg/g) was higher than the lowest effect level (concentrations of Pb from about 31 μg/g can
already cause negative effects on the benthic life) as reported by Burton (2002) [55]. The concentration
of Hg in the dammed upstream area was also higher than in the natural biosphere reserve part of the
protected Can Gio mangrove forests in the southern part of Vietnam. Here, the amount of Hg varied
between 0.040 and 0.048 μg/g [56]. It has been previously reported that heavy metals are adsorbed
by suspended particulates and in this way they can settle down in the sediment and be remobilized
into the food chain [9]. Therefore, it seems plausible that the barrier created by the dam enhanced the
accumulation of contaminants especially in the upstream area.
In summary, despite the fact that dam effects are less prominent in terms of siltation and changes
in biochemical processes, the presence of the dam is clearly associated with lower DO and higher TSS,
Hg and Pb concentrations in the Ba Lai estuary.
4.2. Differences in Nematode Communities Explained by Differences in Environmental Conditions related to
Dam Effects
The subtidal nematode assemblages in Ba Lai and Ham Luong estuaries were significantly different
between both estuaries and estuarine sections. There were interaction effects on the nematode density
and genus richness. The dammed estuary showed lower densities and lower relative abundances of
dominant genera, such as Parodontophora, Theristus and Daptonema, but a higher generic richness and
H’ index, especially downstream, compared to the reference estuary.
The nematode densities of both the Ba Lai and Ham Luong estuaries were lower than the counts
from intertidal areas of the natural Mekong estuaries, which had densities ranging between 88 and 4580
ind./10 cm2 [57–59]. They were also lower than those in subtidal areas from other estuaries worldwide
(21–17,200 ind./10 cm2) [22,26,27]. The composition of subtidal nematode communities in the Ba Lai
estuary was more diverse than Ham Luong, but in the range of the diversity generally found in the
intertidal sediments of the Mekong estuarine system (71–230 genera, 20–59 families) [57–59] and in
other dam-free estuaries worldwide (106–120 genera belonged to 35–40 families) [22,26]. The generic
richness was higher than that of Mondego estuary (Portugal), with only 8–19 genera [22].
According to Ngo et al. (2013), the diversity of the intertidal nematodes communities did not
show any particularly common trend along the course of the Mekong estuaries in the dry season of
2009 [58]. Tran et al. (2018) reported that the Ba Lai’s upstream part was characterized by significant
lower density, generic richness and H’ index than downstream [59]. Our results showed no trend in
diversity for the natural Ham Luong estuary. In contrast, the downstream part of Ba Lai estuary was
characterized by a significant higher diversity (richness and Shannon–Wiener indices) in comparison to
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upstream, and even to the Ham Luong estuary. The higher diversity in the downstream part of the Ba
Lai is to some extent unexpected, given the presumed impact of the dam. However, the environmental
analysis mainly showed that the upstream region of Ba Lai is contaminated with higher TSS and Hg,
while the environment of the downstream section does not differ much from the reference estuary. It is
possible that the increase in habitat heterogeneity has led to an increase in diversity [60]. The dammed
downstream section is also an intermediately disturbed area compared to the reference estuary on
one hand, and the more severely impacted upstream part of Ba Lai on the other [61]. Therefore, the
increase in diversity in this area could be explained as conforming to the intermediate disturbance
hypothesis [61]. An increased diversity, due to intermediate levels of disturbance, can be a plausible
explanation here, given that the organic loading of the area initially favors the diversity and densities,
but after a certain threshold impoverishes the communities.
Previous studies have documented that salinity, sediment composition and nutrient contents
play major roles in driving the distribution pattern and structure of nematode communities in estuaries
worldwide [27,62–64]. In some cases, the effect of salinity prevails over the role of the sediment composition,
being the main limiting factor for species distribution in transitional water systems [23,26,62,65]. Nicholas
et al. (1992) studied the effect of the periodic operation (opening and closing) of barrages in the mouth of
the Murray River estuary, South Australia, on the survival of the nematode communities. The authors
observed a higher mortality of organisms, due to the drastic decrease in salinity by a prolonged discharge
of river water when the barrages were opened [32]. In the present work, salinity differed between estuarine
sections in the Ba Lai estuary, but no significant correlation was found with the nematode communities.
This indicates that other environmental factors played a major role in the differences observed. Our results
also showed that pH positively correlated to the genera richness and the H’ index, and the H’ index also
increased with the elevation of NO3−. The silt content negatively correlated with richness, despite the
fact that the sediment composition was not significantly different, but the dammed upstream contained,
on average, a higher silt fraction. The accumulation of fine sediment can slow down the mineralization
process of organic matter and can be associated with toxic compounds, causing negative effects on
organisms and their diversity [66]. The nematode density in the present research did not correlate with
any environmental variables, which contrasts with the observation by Adão et al. (2009) and Nguyen et
al. (2012), who found higher nematode abundances with increasing organic matter [57,62]. Similar to
our findings, nematode density in the Can Gio mangrove forest, a Biosphere Reserve in southern part of
Vietnam, were not significantly correlated to any measured environmental variables, such as nutrients,
grain size, heavy metal, etc. [67].
The generic composition of the nematode communities was significantly affected by the interaction
between nutrients (NO3−) and heavy metals (Hg, Fe). Other studies also reported that nutrient content
is one of the environmental factors associated with the distribution pattern and structure of nematode
communities in estuaries [27,62–64]. Until present, the correlation of Hg and Fe in estuarine sediment
related to the nematode composition is still not well documented. Similar to our results, Alves et
al. (2013) reported that Daptonema was the most dominant genus in subtidal soft sediments of the
Mondego estuary (Portugal) [22]. Ngo et al. (2016) also found that Parodontophora was the main genus
found in the more silty intertidal upstream parts of the Mekong estuaries. It has been noted that, in
estuarine environments, nematode communities are usually comprised of a high number of genera,
with only a few dominant ones [26]. In our study, even though differences in relative abundances were
reported, Parodontophora and Theristus were the most dominant groups in all parts of both estuaries,
reflecting their wide range in salinity tolerance. This is relatively surprising, as they were not in the list
of abundant groups in many other studies from European estuaries, such as the Brouage mudflat in
France [68], the Thames estuary in the United Kingdom [23] or the Mondego estuary in Portugal [22].
This may indicate that these two genera are possibly specific for tropical brackish environments.
Furthermore, while Parodontophora was the prevailing genus in most estuarine sections, Theristus was
the most dominant genus in the dammed upstream part, suggesting that this genus is highly tolerant
to elevated heavy metal concentrations (especially Hg), low DO and high TSS. Interestingly, the genus
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Theristus is normally considered as a typical ‘colonizer’, identified as an indicator of organic pollution
in the Swartkops estuary of South Africa [69]. Moreover, Terschellingia, as the third most important
genus in the dammed upstream part, is reported to be tolerant to pollution and anoxia [22,26].
In conclusion, the presence of the dam seems to have caused differences in the environment,
as suggested by the local accumulation of contaminants and oxygen depletion in the Ba Lai estuary.
The response of nematode communities to the dam effect was more subtle, with shifts in the density,
diversity, presence of dominant genera and community composition. The present communities may
be well adapted to the natural organic and oxygen stress in both estuaries, but potentially the dam
may continue to drive the Ba Lai’s ecosystem to its tipping point. Therefore, further research is needed
and monitoring of the system is a major recommendation from this study.
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Figure A1. The grain size (sand, silt, clay in graph (A)) and nutrient concentrations (TOC (graph
(B)), TP (C), TN (graph (D)), NH4+ (graph (E)) and NO3− (graph (F)) in sediment of Ba Lai and Ham
Luong estuary. point to estuary level. Abbreviations: “DD” = dammed downstream, “DU” =
dammed upstream, “RD” = reference downstream, “RU” = reference upstream. Letter a pointed to
non-significant differences. “=” sign meant that no significant difference was found.
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Table A1. The percentage of contribution of most important genera responsible for dissimilarity in
relative abundance between groups based. Percentage dissimilarity (bold) between group (between the
two estuaries and between each pair estuarine sections) and contributing percentage of each contributor
for the dissimilarity between groups are shown together. Abbreviations: “DD” = dammed downstream,
“DU” = dammed upstream, “RD” = reference downstream, “RU”= reference upstream.
Dammed Estuary and Reference Estuary (68.29%)
Parodontophora 7.2 Metalinhomoeus 3.56 Monhystrella 2.13
Theristus 6.33 Viscosia 3.47 Mononchulus 2.12
Terschellingia 3.92 Sphaerotheristus 3.21 Comesoma 1.89
Daptonema 3.74 Monhystera 2.68 Desmodora 1.89
Rhabdolaimus 3.63 Mesodorylaimus 2.58 Halalaimus 1.86
DD and DU (71.45%) DD and RD (70.17%) DD and RU (71.76%)
Theristus 6.67 Parodontophora 6.07 Parodontophora 6.59
Parodontophora 5.39 Pseudochromadora 3.28 Theristus 5.86
Rhabdolaimus 3.48 Metalinhomoeus 3.15 Daptonema 3.86
Metalinhomoeus 3.25 Viscosia 3.06 Pseudochromadora 3.38
Pseudochromadora 3.18 Theristus 2.7 Terschellingia 3.34
Terschellingia 3.02 Comesoma 2.5 Sphaerotheristus 3.27
Monhystera 2.54 Trissonchulus 2.48 Viscosia 2.42
Mesodorylaimus 2.16 Daptonema 2.42 Rhabdolaimus 2.22
Daptonema 2.14 Marylynnia 2.15 Linhystera 2.11
Halalaimus 2.11 Terschellingia 2.03 Halalaimus 2.07
Linhystera 2.05 Amphimonhystrella 2 Amphimonhystrella 2
Monhystrella 2.02 Halalaimus 1.99 Cobbia 1.77
Viscosia 1.97 Rhabdolaimus 1.95 Oncholaimus 1.75
Udonchus 1.97 Desmodora 1.92 Mesodorylaimus 1.72
Amphimonhystrella 1.9 Sabatieria 1.88 Sabatieria 1.59
Afrodorylaimus 1.76 Mesodorylaimus 1.86 Microlaimus 1.52
Sphaerotheristus 1.69 Linhystera 1.81 Oxystomina 1.49
Cobbia 1.67 Rhynchonema 1.75 Desmodora 1.49
Mononchulus 1.6 Sphaerotheristus 1.74 Spilophorella 1.44
Cobbia 1.72 Achromadora 1.44
RD and RU (64.91%) DU and RU (61.45%) DU and RD (69.79%)
Parodontophora 9.18 Parodontophora 9.05 Theristus 8.41
Theristus 8.3 Theristus 8.65 Parodontophora 7.34
Daptonema 5.77 Terschellingia 6.2 Rhabdolaimus 5.35
Viscosia 5.57 Daptonema 5.73 Metalinhomoeus 5.04
Sphaerotheristus 5.04 Rhabdolaimus 5.24 Viscosia 4.79
Metalinhomoeus 4.69 Sphaerotheristus 5.21 Terschellingia 4.4
Comesoma 4.34 Metalinhomoeus 5.08 Comesoma 3.67
Terschellingia 4.31 Monhystera 4.63 Monhystera 3.43
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Abstract: Kuwait territorial water hosts an important part of national biodiversity (i.e., zooplankton
and phytoplankton), but very limited information exists on the overall diversity of benthic foraminifera.
On the basis of the integration of publications, reports and theses with new available data from
the Kuwait Bay and the northern islands, this study infers the total benthic foraminiferal diversity
within Kuwait territorial water. This new literature survey documents the presence of 451 species
belonging to 156 genera, 64 families, 31 superfamilies and 9 orders. These values are relatively high in
consideration of the limited extension and the shallow depth of the Kuwait territorial water. Kuwait
waters offer a variety of different environments and sub-environments (low salinity/muddy areas in the
northern part, embayment, rocky tidal flats, coral reef systems, islands and shelf slope) that all together
host largely diversified benthic foraminiferal communities. These figures are herein considered as
underestimated because of the grouping of unassigned species due to the lack of reference collections
and materials, as well as the neglection of the soft-shell monothalamids (‘allogromiids’).
Keywords: benthic foraminifera; biodiversity; checklist; Kuwait; Arabian Gulf
1. Introduction
Checklists, lists of species, represent the baseline for the implementation of natural conservation
biodiversity plans and are important inventories for wildlife management, species protection and
biogeographical studies. Such inventories become even more essential in the context of global climatic
change and in areas with a high degree of endemism or in those threatened by pollution.
In this context, the Arabian Gulf, an extension of the Indian Ocean, is known for the largest
reservoirs of petroleum, as well as for its unique oceanographical conditions and endemic biota
adapted to extreme conditions. This area has a strategic value under economic and environmental
perspectives [1]. The Gulf represents the hottest marine environment and has been commonly used
as a model for the 2100 climate change in tropical oceans [2]. The rapid economic development
and antropogenization of the Gulf coupled with the peculiar climatic features of the region and the
relatively shallow and reduced size of the basin have led to a deterioration of natural habitats [3].
In light of the present global climatic changes, an increasing of sea surface temperature (SST) of ~2.2 ◦C
by 2100 has been recently predicted for the Gulf [4]. The same authors inferred the highest differences
of mean annual warming between 2100 and 2015 along the north coast of the United Arab Emirates,
the southern coastlines of the Strait of Hormuz and the northernmost part of the Gulf including Kuwait.
The Kuwait territorial waters host an important part of the national biodiversity and are also
nursery grounds for a number of species [5]. A total of 235 macrofaunal taxa in the intertidal
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zone [6], over 340 zooplankton and phytoplankton species [7], 345 species of fish [8] and 105 species
of marine plants have been recorded from Kuwait waters. Specifically, 55 tintinnid species [9];
80 flagellate species, including benthic dinoflagellate, phototropic flagellates and euglenoids [10];
and 37 copepods species [11] were described in Kuwait. Detailed investigations on the overall diversity
of phytoplankton species were provided by [7], with the identification of more than 140 diatoms,
55 dinoflagellates, 2 coccolithophorids and a cyanophyte species. The phytoplankton checklist was then
updated with the recognition of over 323 species, including diatoms (202 species), dinoflagellates (108
species), silicoflagellates, naked flagellates and cyanophytes [12]. Several groups of marine organisms,
including fish, are relatively well-known because of their commercial value, whereas a large number
of invertebrates thriving in the benthos has been poorly considered and commonly neglected. Despite
this, these invertebrates have both an ecological and a conservation relevance, as well as a scientific one.
Among them, benthic foraminifera are single-celled organisms living in a wide range of marine
environments [13]. They are inferred to play a major role in the biogeochemical cycles [14] and
occupy a low trophic position in the food web [15]. A limited number of foraminiferal studies has
covered extensive geographical areas [16–22], and the regional-synoptic approach documenting benthic
foraminiferal diversity is currently quite limited [19]. Although benthic foraminifera have been largely
studied in the Arabian Gulf [23–27], a limited knowledge of their diversity exists for the Kuwait coastal
water [28], as most of the available studies have focused on their application as bioindicators [29,30].
In light of this, the main objective of the present paper is to provide a checklist of recent benthic
foraminiferal species and to infer the total biodiversity of this group of organisms in the Kuwait
coastal marine areas on the basis of the available dataset published in the last fifty years, coupled with
original data.
2. Geography, Hydrology and Study Area
The State of Kuwait lies in the northeastern part of the Arabian Peninsula, between latitudes
28◦30’ and 30◦05’ N and longitudes 46◦33’ and 48◦30’ E. The country is bordered by Iraq on the
northwest, Saudi Arabia on the south and southwest, and the Arabian Gulf on the east. The total area,
considering the three larger (Bubiyan, Failaka and Warba) and the six smaller (Miskan, Auha, Umm
Al-Namil, Kubbar, Qaruh and Umm Al-Maradim) islands, covers about 17,818 km2 [31]. The coastal
length of Kuwait, including islands, is about 500 km, which represents about 7611 km2 of the Kuwaiti
territorial water [31]. The marine environment is situated in a transitional zone between two major
geomorphic units of the northern part of the Arabian Gulf, the stable Arabian Foreland in the west and
southwest, and the compound Shatt al-Arab Delta of the Mesopotamian Plain in the north. As a result,
the influence of these two geomorphic units is reflected in the marine and coastal environments of
the country. On the basis of environmental characteristics, the Kuwaiti coastal area can be broadly
divided into northern and southern provinces. The northern province, which includes Khor Al-Sabiya,
Kuwait Bay and the six northern coastal and offshore islands (Warba, Bubiyan, Miskan, Failaka, Auha
and Umm Al-Namil), is characterized by extensive mudflats that are covered by a mixture of fine
sand, silt and clay, bounded landward by extensive sabkhas and encrusted with algae and very rich in
organisms [32]. Its clastic deposits are commonly derived from the Shatt al-Arab, the principal riverine
input in the Gulf [33,34]. This river contributes to the cyclonic circulation, promotes the productivity
by the discharge of nutrients and forms a plume in the northwestern part of the Gulf (i.e., Kuwait).
The deflection of the Shatt al-Arab river plume due to the Coriolis effect affects the sedimentary influx
in the northern area but excludes most of the Iranian coast [35]. The southern coastal province located
between the coastal area of Kuwait City and the southern border with Saudi Arabia is marked by
extensive rocky tidal flats masked by a relatively thick cover of sand and bounded landward by several
oolitic ridges and inland sabkha flats. Coral reef systems, including platforms, patch reefs and fringing
corals, are abundant in the southern area, particularly around the islands [7].
The offshore area of Kuwait is characterized by shallow depths that generally increase in a
southeasterly direction, reaching a maximum depth of about 30 m. Currents along the Kuwaiti shores
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are generally parallel to the coast. The main hydrodynamic factors affecting Kuwait coastal areas are
tidal currents and waves. Along the Kuwait coast, tides have a mean range of about 3 m (mesotidal)
and are semidiurnal (with two highs and two lows) to mixed type in the north and diurnal toward
south. During spring tides, tidal currents reach 0.5–0.6 m/s, with a maximum of 1 m/s at the entrance
of the Kuwait Bay [7]. The shallow nature of the offshore area in general and the northern sector,
in particular, limits the generation of large waves along the shoreline. Waves higher than 50 cm are rare
in the northern offshore area of Kuwait. The northern coastal area is generally marked by a low-energy
environment, with the currents being the prime source of energy. Currents seem to be more active
along Khor Al-Sabiya, carrying tidal sediment to the deeper parts of Kuwait waters. Very extreme
conditions characterize the Kuwait seawaters, with SST difference between summer and winter
exceeding 20 ◦C, with the summer temperature reaching 36 ◦C and salinity over 45 [7]. The Kuwait
Bay is eutrophicated and influenced by runoff, sewage discharge and several anthropogenic activities.
All of these characteristics make the Kuwait water a very harsh environment for marine communities.
Five physiographic regions have been identified in Kuwait: (1) the submerged estuarine flat
(shallow muddy area); (2) the submerged estuarine channel and bar system; (3) the Kuwait Bay trough;
(4) the shelf slope; and (5) the islands [7,36]. The submerged estuarine flat lies off the northern coast of
Kuwait and includes most of the Kuwait Bay and the area surrounding three northern islands (Failaka,
Auha and Miskan Islands).
The climate of Kuwait is affected by the desert climate that is dry and hot. The annual air
temperature varies between a maximum of 50 ◦C in summer and a minimum of 0 ◦C in winter.
Precipitation is scarce (<10 cm/yr) and makes a negligible contribution to the freshwater budget of the
Arabian Gulf. Estimates of evaporation vary from 140 to 500 cm/yr [37]. In addition to the effects of
high temperatures in summer, high evaporation rates and low rain falls, winds have a pronounced
influence on the oceanographic and sedimentological nature of the area. The most dominant wind
direction in the Arabian Gulf is the “Shamal”, a NW wind that blows the year around, and is usually
associated with dust storms. The wind brings large quantities of terrigenous materials to the Kuwait’s
offshore zone [32].
On the basis of the above, several environments characterized by specific organisms (biotopes)
were defined, such as shallow sand/mud (less than 5 m), deep sand/mud (over 5 m), coral reef,
rock/algae, seagrass and productive intertidal mud/sand flats [38].
3. Previous Benthic Foraminiferal Studies within the Kuwaiti Territorial Waters
Several papers, theses and reports—the latter mainly from the Kuwait Institute of Scientific
Research (KISR)—have been published on benthic foraminifera within Kuwait territorial waters from
the late 1960s [23,28–30,39–59] (Figure 1).
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Figure 1. Location map of the Kuwait territorial waters, showing the geographical location of the
investigated areas (numbers are organized by date of publication). (1) Mina Al-Ahmadi and south
of Failaka Island [39]; (2) offshore area of Kuwait [40]; (3) Kuwait shoreline and the offshore area
between Kuwait and Saudi Arabia [41]; (4) tidal flats from Al-Sabiya to Al-Nuwaisib, including
the Sulaibikhat Bay and reefal flats of Umm Al-Namil Island and Al-Akaz [42]; (5) tidal flats from
Al-Sabiya to Al-Nuwaisib, including the Sulaibikhat Bay and reefal flats of Umm Al-Namil Island and
Al-Akaz [43]; (6) Khor Al-Nhaim lagoon in the Al-Khiran area [44]; (7) Al-Khiran area [45]; (8) Kuwait
shoreline and the offshore area between Kuwait and Saudi Arabia [46]; (9) tidal and intertidal channels
within two connected creeks (Khor Al-Mufateh and Khor Al-Mamlaha) in the Al-Khiran area [47];
(10) Kubbar Island [48]; (11) the Sulaibikhat Bay [49]; (12) offshore area of central Kuwait [23]; (13) the
Shatt al-Arab Delta [50]; (14) the Western Bubiyan area and the surrounding of three islands (Failaka,
Auha and Miskan) [51]; (15) Khor Iskandar, close to Al-Khiran area [52]; (16) Shuwaikh area [53];
(17) the Sulaibikhat Bay [29]; (18) Qaruh Island [54]; (19a) Ras Al-Subiya and (19b) Ras Al-Zour [55];
(20) Mina Ahmadi and Mina Abdullah [56]; (21) south of Failaka Island [57]; (22) the Sulaibikhat
Bay [30]; (23) carbonate ramp transect in the southern part of Kuwait [58]; (24) Umm al Maradim
Island [28]; (25) Auha, Failaka and Miskan Islands [59]; (26) Kuwait Bay: present study.
To the best of our knowledge, the first investigation of benthic foraminifera in Kuwait was
carried out by [39], who identified 73 species in offshore areas around Mina Al-Ahmadi and south
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of Failaka Island (1 in Figure 1). A total of 120 foraminiferal species of which 100 benthic ones
was recognized by [40] in the offshore area of Kuwait (2 in Figure 1). Later on, twelve localities
along the Kuwait shoreline and in the offshore area between Kuwait and Saudi Arabia led to the
identification of 208 species and the definition of seven new species [41] (3 in Figure 1). The relationship
between sedimentology and benthic ecology (i.e., Ostracoda and foraminifera) was investigated by [42].
The authors identified 120 benthic foraminiferal species belonging to 50 genera; however, the complete
list of the identified species was not provided (4 in Figure 1). The marine benthic microfauna, including
benthic foraminifera, was documented in tidal flat localities from Al-Sabiya to Al-Nuwaisib, including
the Sulaibikhat Bay and reefal flats of Umm Al-Namil Island and Al-Akaz [43]. Foraminifera were
found to be the most abundant organisms among microfauna in the Sulaibikhat Bay, but the recognized
benthic foraminiferal taxa were not provided (5 in Figure 1). A great abundance of Peneroplis distinctiva
described as Cribrospirolina distinctiva from the small Khor Al-Nhaim Lagoon in the Al-Khiran area was
identified by [44] (6 in Figure 1). The area around Al-Khiran was extensively sampled in 1984–1985,
with the collection of 180 stations and the ostracod and foraminiferal microfauna were investigated [45].
They suggested a foraminiferal fauna typical of stress environments and identified 35 taxa (7 in
Figure 1). On the basis of an extensive sampling (250 stations) in Kuwait’s marine environments,
coupled with the available materials [41], the distribution of 60 common benthic foraminiferal species
was documented (8 in Figure 1) [46]. Forty-two benthic foraminiferal species were recognized in
the total assemblages (living plus dead) of the tidal and intertidal channels within two connected
creeks (Khor Al-Mufateh and Khor Al-Mamlaha) in the Al-Khiran area [47]. On the basis of the cluster
analysis, the authors defined four foraminiferal assemblages, namely dry upper intertidal, wet upper
intertidal, middle intertidal and lower tidal–tidal channel reflecting different environmental conditions
(9 in Figure 1). The distribution of recent benthic foraminifera around the reefal Kubbar Island was
documented by [48]. The benthic foraminifera assemblages were particularly diversified with 81
species, mainly represented by Miliolida and Rotaliida (10 in Figure 1). In order to identify potential
bioindicators of pollution, the total benthic foraminiferal assemblages were studied in the Sulaibikhat
Bay [49], leading to the recognition of 45 species (11 in Figure 1). An extensive sampling covering
the Arabian Gulf led to the identification of 94 species [23]; however, only a few Kuwaiti localities
were included (12 in Figure 1). An investigation in the western part of the Shatt al-Arab Delta was
performed to study the total (living plus dead) foraminiferal assemblages [50]. In this study, 46 benthic
foraminiferal species, mainly represented by Rotaliina, were recognized, and on the basis of the cluster
analysis, three assemblages related to salinity conditions and physiographic setting were identified (13
in Figure 1). The potential impact of draining of Iraqi marshes on the sediment quality of Northern
Kuwait marine area, including Khor Sabiya (western Bubiyan area), part of the Kuwait Bay and the
surrounding of three islands (Failaka, Auha and Miskan), was investigated by [51] (14 in Figure 1).
Additionally, 63 benthic foraminiferal species were listed. Khor Iskandar is a coastal inlet located close
to the Al-Khiran area and to the border of Saudi Arabia. A total of 60 benthic foraminiferal species were
identified in this area that were mainly represented by Rotaliina and Miliolina [52]. The most abundant
species were Ammonia sadoensis, Ammonia tepida and Ammonia umbonata (15 in Figure 1). The response
of benthic foraminiferal assemblages to the effect of trace elements was investigated in the eastern part
of the Sulaibikhat Bay, an area near the Kuwait University in Shuwaikh [53]. The study focused on
seasonal sampling in winter and summer on thirty stations and led to the identification of 54 benthic
foraminiferal species (16 in Figure 1). A comprehensive investigation of the total benthic foraminifera
from the polluted marine environment of the Sulaibikhat Bay was performed by [29], who identified
45 benthic foraminiferal species, of which only one is agglutinated (17 in Figure 1). The distribution of
benthic foraminifera around the reefal Qaruh Island during the summer and winter seasons led to
the identification of 60 benthic foraminiferal species [54] (18 in Figure 1). Benthic foraminifera were
used to study the effects of two thermal pollution plants, namely Ras Al-Subiya (19a in Figure 1) and
Ras Al-Zour (19a in Figure 1), and a total of 29 and 39 benthic foraminiferal species were identified,
respectively [55]. Environmental baseline data, including data on benthic foraminifera, were gathered
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to check the feasibility to construct an offshore-treated wastewater discharge in Mina Ahmadi and
Mina Abdullah refineries [56] (20 in Figure 1). In this technical report, a total of 39 benthic foraminiferal
species was identified, and the assemblages were reported to be poorly diversified and characterized
by high abnormalities at stations close to the shore line. The distribution, diversity and abundance of
benthic foraminifera were studied in the northwestern part of the Arabian Gulf [57]. Unfortunately,
as in [23], only one station falls in the Kuwait territorial waters (21 in Figure 1). In a study aimed at
evaluating the environmental quality of the Sulaibikhat Bay, a total of fifty-nine benthic foraminiferal
taxa were identified in the living assemblages [30]. These taxa were represented by four orders and
suborders, Textulariida, Lagenida, Rotaliida and Miliolida, with the latter represented by 40 species (22
in Figure 1). Modern and relict benthic foraminiferal biofacies along a carbonate ramp transect were
studied in the southern part of Kuwait [58]. In this study, a total of 141 benthic foraminiferal taxa were
identified, a figure that is much higher compared to previous studies (23 in Figure 1). The benthic
foraminiferal assemblages were documented around the unique and largest coral island of Kuwait,
Umm al Maradim, where overall 101 and 96 species were identified in the total and living assemblages,
respectively [28] (24 in Figure 1). In terms of abundance, the porcelaneous wall-type test dominated
the foraminiferal assemblages, followed by hyaline and agglutinated ones. The present checklist also
accounts for a recent study with the sampling of 50 stations around the three northern islands of Auha,
Failaka and Miskan [59], with the recognition of 92 species (25 in Figure 1). Additionally, an extensive
sediment sampling with the collection of 46 samples was performed, to study benthic foraminifera in
the Kuwait Bay (26 in Figure 1).
4. Materials and Methods
A total of 50 samples were collected in May 2008, around the three northern islands (Auha,
Failaka and Miskan) (Figure 2a), and 46 samples were collected in November 2018 in the Kuwait Bay
(Figure 2b). These extensive surveys were carried out to study the benthic foraminiferal distribution by
covering different environments, bathymetric depths and environmental conditions. Surface sediment
samples were collected by using a small gravity corer. Only the uppermost part of sediments (0–1 cm)
was taken from each sampling station and immediately stained with rose Bengal dye, to differentiate
between living and nonliving specimens. Samples were then oven-dried, weighed and gently washed
with tap water, through a 63 μm sieve, to remove clay, silt and any excess dye. The so-obtained residues
were dried and weighed again. The dried samples were analyzed, using a stereo microscope in the
fraction >125 μm. The specimens were picked and taxonomically identified, following the generic
classifications of [60] and the specific classifications of [61–66], as well as available publications with
illustrated specimens from Kuwait [41,46,47,50].
On the basis of the available foraminiferal literature survey (published papers, theses, restricted
and open reports), coupled with new data from the three northern islands (Auha, Failaka and Miskan)
and the Kuwait Bay, a list of all the identified benthic foraminiferal taxa in the Kuwait territorial waters
has been compiled [23,28–30,39–59] (Table 1 and Supplementary Table S1).
230
Diversity 2020, 12, 142
 
Figure 2. Geographical locations of the stations in this study: (a) around Auha, Failaka and Miskan
Islands; and (b) within the Kuwait Bay.
Table 1. Benthic foraminiferal taxa (order, superfamily and family) and number of genera and species






Lituolida Lituoloidea Lituolidae 3 6
Verneuilinoidea Prolixoplectidae 1 2
Verneuilinidae 1 1
Trochamminoidea Trochamminidae 3 3
Textulariida Textularioidea Textulariidae 4 25
Olgiidae 1 1
Eggerelloidea Valvulinidae 1 1
Hormosinoidea Reophacidae 1 1
Miliolida Cornuspiroidea Cornuspiridae 1 1
Milioloidea Cribrolinoididae 1 10
Hauerinidae 35 165
Spiroloculinidae 1 18
Miliolacea Riveroinidae 1 1
Nubecularioidea Fischerinidae 2 2
Ophthalmidiidae 3 7
Nubeculariidae 3 3
Soritoidea Peneroplidae 4 7
Soritidae 1 2
Miliamminidae 1 2
Squamulinoidea Squamulinidae 1 1
Spirillinida Spirillinidae 1 2
Patellinidae 1 1
Lagenida Nodosarioidea Lagenidae 3 17
Nodosariidae 5 5
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Vaginulinida Vaginulinidae 1 1
Robertinida Robertinoidea Robertinidae 1 1
Rotaliida Buliminoidea Buliminidae 1 1
Reussellidae 2 6
Trimosinidae 2 2
Cassidulinoidea Bolivinitidae 7 8
Tortoplectellidae 1 1
Siphogenerinoididae 1 1
Chilostomelloidea Trichohyalidae 1 1
Anomalinidae 1 1
Fursenkoinoidea Fursenkoinidae 1 2
Turrilinoidea Turrilinidae 1 1
Stainforthiidae 2 2
Bolivinoidea Bolivinidae 1 10





Discorbinelloidea Discorbinellidae 2 4
Pseudoparrellidae 1 1
Planorbulinoidea Cibicididae 4 7
Planorbulinidae 2 2
Cymbaloporidae 3 6
Nonionoidea Nonionidae 3 7
Glabratelloidea Glabratellidae 1 1





Acervulinoidea Acervulinidae 1 2
Asterigerinoidea Amphisteginidae 1 1
Epistomariidae 1 1
Asterigerinatidae 1 1
Nummulitoidea Nummulitidae 2 6
Murrayinellidae Murrayinellidae 1 2
Polymorphinida Polymorphinoidea Glandulinidae 2 3
Polymorphinidae 4 6
Ellipsolagenidae 3 11
The largest part of these studies has been carried out in the Kuwait Bay [29,30,49,53], around the
Al-Khiran area [44,45,47,55], along the Kuwaiti coastline [42,43], whereas only a few of them have
focused on the islands [28,48,54,57,59], including the Bubiyan one [50] (Table 1 and Supplementary
Table S1).
Most of these publications and reports are based on the total assemblages. The total assemblages
combine living and dead foraminifera and include autochthonous taxa, as well as allochthonous ones
that might be transported from other localities. To the best of our knowledge, the only studies that
have solely considered the living (Rose-Bengal stained) part of benthic foraminifera are [28,30] and the
present study in the Kuwait Bay area.
The World Register of Marine Species (WoRMS) [67] was followed for the systematic classification
of the benthic foraminiferal species, genera, and the suprageneric taxonomic categories adopted in this
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study. The validity of the species and genera has been checked against WoRMS, and the unassigned
specimens (sp.), as reported from different publications, were combined in a general category (spp.).
The presence–absence list of taxa was then used to calculate the β diversity or differentiation and
γ or regional diversity. The β diversity was calculated by using the PAST (PAlaeontological STatistics)
data analysis package (version 3.05) [68] and is expressed as the Whittaker’s original measure (βw) [69],
whereas γ diversity is calculated as the total species richness in the area. The βw represents the
variation in species composition (the highest is the value of βw, the highest is the difference) and
is here used to define the benthic foraminiferal species difference between selected environments
within Kuwait, namely the northern islands (Failaka Island, Bubiyan Island and the Shatt al-Arab area),
the southern islands (Umm Al-Maradim, Qaruh and Kubbar Islands), the southern coast (Al-Khiran,
Khor Iskander and Ras Al-Zour) and the tidal flat and the Kuwait Bay (Supplementary Figure S1).
Open nomenclature species (i.e., sp.) are not considered.
5. Results
A total of 451 benthic foraminiferal species were identified, represented by 8.9% agglutinated,
48.5% porcelaneous and 42.6% hyaline wall types. These taxa belong to 156 genera, 64 families,
31 superfamilies and 9 orders (Table 1). Here we recognized the following orders: Lituolida, Textulariida,
Miliolida, Spirillinida, Lagenida, Vaginulinida, Robertinida, Polymorphinida and Rotaliida (Table 1
and Supplementary Table S1). The Order Allogromiida and the Suborder Globigerinina were not
considered in this study, the former because all the considered studies were performed on dried
sediment samples that did not allow the preservation of them, while the latter is a planktonic group.
The Order Lituolida is represented by three superfamilies (Lituoloidea, Verneuilinoidea and
Trochamminoidea), four families (Lituolidae, Prolixoplectidae, Verneuilinidae and Trochamminidae)
and five genera (Ammobaculites, Ammomarginulina, Gaudryina, Trochammina and Rotaliammina) (Table 1
and Supplementary Table S1).
Three superfamilies (Textularioidea, Eggerelloidea and Hormosinoidea), four families
(Textulariidae, Olgiidae, Valvulinidae and Reophacidae) and seven genera (Sahulia, Textularia,
Siphotextularia, Bigenerina, Olgita, Clavulina and Reophax) were identified within the Order Textulariida
(Table 1 and Supplementary Table S1).
The Order Miliolida includes six superfamilies (Cornuspiroidea, Milioloidea, Miliolacea,
Nubecularioidea, Soritoidea and Squamulinoidea), 12 families (Cornuspiridae, Cribrolinoididae,
Hauerinidae, Spiroloculinidae, Riveroinidae, Fischerinidae, Ophthalmidiidae, Nubeculariidae,
Peneroplidae, Soritidae, Miliamminidae and Squamulinidae) and 54 genera (Cornuspira, Adelosina,
Flintinoides, Hauerina, Sigmoihauerina, Spirosigmoilina, Cycloforina, Cribromiliolinella, Miliolinella,
Miliolina, Lachlanella, Pseudolachlanella, Massilina, Pseudomassilina, Proemassilina, Pseudotriloculina,
Sinuloculina, Ptychomiliola, Pseudopyrgo, Pyrgo, Pyrgoella, Quinqueloculina, Parrina, Affinetrina, Triloculina,
Triloculinella, Biloculinella, Varidentella, Mesosigmoilina, Sigmoilina, Sigmoilopsis, Sigmoilinella, Siphonaperta,
Articulina, Ishamella, Steigerina, Sigmamiliolinella, Spiroloculina, Pseudohauerinella, Vertebralina, Wiesnerella,
Ophthalmidium, Edentostomina, Spirophthalmidium, Nodophthalmidium, Nubecularia, Nodobacularia,
Peneroplis, Coscinospira, Spirolina, Dendritina, Sorites, Miliammina and Squamulina) (Table 1 and
Supplementary Table S1).
The Order Spirillinida is only composed of two families (Spirillinidae and Patellinidae) and two
genera (Spirillina and Patellina) (Table 1 and Supplementary Table S1).
The Order Lagenida is represented by only one superfamily (Nodosarioidea), two families
(Lagenidae and Nodosariidae) and eight genera (Lagena, Procerolagena, Hyalinonetrion, Reussoolina,
Pyramidulina, Dentalina, Nodosaria and Laevidentalina) (Table 1 and Supplementary Table S1).
The Order Vaginulinida includes the family Vaginulinidae and the genus Lenticulina (Table 1 and
Supplementary Table S1).
Similarly, the Order Robertinida is solely represented by the superfamily Robertinoidea, the family
Robertinidae and the genus Pseudobulimina (Table 1 and Supplementary Table S1).
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The Order Rotaliida encompasses 16 superfamilies (Buliminoidea, Cassidulinoidea,
Chilostomelloidea, Fursenkoinoidea, Turrilinoidea, Bolivinoidea, Discorboidea, Discorbinelloidea,
Planorbulinoidea, Nonionoidea, Glabratelloidea, Rotalioidea, Acervulinoidea, Asterigerinoidea,
Nummulitoidea, and Murrayinellidae), 35 families (Buliminidae, Reussellidae, Trimosinidae,
Bolivinitidae, Tortoplectellidae, Siphogenerinoididae, Trichohyalidae, Anomalinidae, Fursenkoinidae,
Turrilinidae, Stainforthiidae, Bolivinidae, Rosalinidae, Eponididae, Cancrisidae, Discorbidae,
Heleninidae, Discorbinellidae, Pseudoparrellidae, Cibicididae, Planorbulinidae, Cymbaloporidae,
Nonionidae, Glabratellidae, Elphidiidae, Elphidiellidae, Haynesinidae, Ammoniidae, Notorotaliidae,
Acervulinidae, Amphisteginidae, Epistomariidae, Asterigerinatidae, Nummulitidae and
Murrayinellidae) and 66 genera (Bulimina, Reussella, Fijiella, Quirimbatina, Trimosina, Parabrizalina,
Sagrinella, Neocassidulina, Euloxostomum, Loxostomina, Pseudobrizalina, Bolivinellina, Tortoplectella,
Rectobolivina, Buccella, Riminopsis, Fursenkoina, Floresina, Hopkinsina, Stainforthia, Bolivina, Rosalina,
Neoconorbina, Gavelinopsis, Eponides, Poroeponides, Cancris, Valvulineria, Discorbis, Helenina, Discorbinella,
Hanzawaia, Facetocochlea, Cibicides, Cibicidoides, Heterolepa, Lobatula, Planorbulina, Planorbulinella,
Millettiana, Cymbaloporetta, Cymbaloporella, Pseudononion, Nonion, Nonionella, Pileolina, Protelphidium,
Elphidium, Cribroelphidium, Porosononion, Elphidiella, Haynesina, Ammonia, Challengerella, Asterorotalia,
Rotalidium, Rotalinoides Pseudorotalia, Cristatavultus, Acervulina, Amphistegina, Monspeliensina,
Eoeponidella, Heterostegina, Operculina and Murrayinella) (Table 1 and Supplementary Table S1).
The Order Polymorphinida includes only one superfamily (Polymorphinoidea), three families
(Glandulinidae, Polymorphinidae and Ellipsolagenidae) and nine genera (Glandulina, Globulotuba,
Polymorphina, Guttulina, Globulina, Sigmomorphina, Oolina, Buchnerina and Fissurina) (Table 1 and
Supplementary Table S1).
The highest benthic foraminiferal similarity is shared between the southern coast and the southern
islands (βw = 0.82), followed by the northern islands and the Kuwait Bay (βw = 0.84) (Table 2).
Table 2. βw diversity values calculated for the northern islands, southern islands, tidal flat southern














Southern Island 0.84 0.00
Tidal flat 1.80 1.69 0.00
Southern coast 0.89 0.82 1.79 0.00
Kuwait Bay 0.84 0.86 1.69 0.85 0.00
On the other hand, the highest dissimilarity is found between the tidal flat and the northern island
and the southern coast βw = 1.80 and 1.79, respectively (Table 2).
6. Discussion
The integration of the recognized benthic foraminiferal taxa in the present study from Kuwait Bay
and Auha, Failaka and Miskan Islands with those previously recognized in all available records within
Kuwait territorial waters leads to the identification of a total of 451 species (γ diversity), belonging to
156 genera, 64 families, 31 superfamilies and 9 orders. These figures, however, would significantly
underestimate the real γ diversity of benthic foraminifera in Kuwait waters for two main reasons. Most
of the benthic foraminiferal studies reported numbers of taxa that were not classified at the species
level (sp.) and have been here therefore grouped in a category (genus + spp.). This approximation was
necessary given the absence of type materials that has prevented the comparison of the unidentified
taxa. As an example, [58], which represents one of the most accurate studies of benthic foraminiferal
distribution in Kuwait, reported 42 taxa of Quinqueloculina, of which 13 are assigned at species
level, 15 are tentatively assigned (confer, cf.) and 14 are unassigned at species level, so left in open
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nomenclature (sp.); the latter might be higher, as in this case, than 30%. Similarly, [27] suggested that
most of the taxa mainly belonging to Quinqueloculina and Triloculina genera retrieved in the Arabian
Gulf were reported in open nomenclature. The lack of materials for comparison (i.e., type and reference
collection) and of comprehensive taxonomical guides is not solely missing for Kuwait marine areas but
also for the Arabian Gulf [27]. Therefore, it is not surprising that several new benthic foraminiferal
species (i.e., Falsonubeculina arabica and Pseudotriloculina hottingeri) and genus (Falsonubeculina) have
been recently identified in the Gulf [70–72].
Moreover, the Class Monothalamea was not here considered, though it commonly represents
a largely diversified group of foraminifera [73], whose diversity is mostly neglected in Kuwait.
In fact, to the best of our knowledge, no study has yet relied on or at least considered the soft-shell
monothalamids (‘allogromiids’) in Kuwait marine areas. The only available data are the molecular
ones (eDNA metabarcoding) associated with the samples collected in the Kuwait Bay in the present
study. On the basis of these data, 94 Molecular Operational Taxonomic Units were recognized, using a
filtering > 1000 reads [74]. The majority of sequences was assigned to two clades of monothalamous
foraminifera clade Y (26.4%), abundant in many metabarcoding studies, and a new clade KUW (22%),
which is reported for the first time here [74]. The third very abundant taxon is an undescribed species
of Saccamminidae (20.8%), closely related to a genotype reported from the North Sea coastal water.
Among other monothalamid genera, the most abundant are Vellaria (3.8%) and an allogromiid sp.
(3.3%) [74]. Monothalamids are commonly ignored by traditional morphological studies, despite
dominating the metabarcoding dataset, as in the Kuwait Bay. On the contrary, it is worth mentioning
that only a very few studies, i.e., [28,30], and the present data for the Kuwait Bay area are based on the
living benthic foraminiferal assemblages. The total assemblages, which are time-averaged assemblages
based on the combination of living and dead foraminifera, might include allochthonous taxa that were
transported from other localities.
Despite of different factors affecting positively or negatively the estimation of the benthic
foraminiferal diversity in Kuwait territorial waters, the here-reported γ (452) benthic foraminiferal
diversity is relatively high and can be compared to the available records and census data in other basins,
such as 799 species in the Aegean Sea [21], 818 species around the Korean peninsula [22], 946 species
in the Sahul Shelf and Timor Sea [75], 987 species in the Gulf of Mexico [17] and 1107 species in the
northwestern European continental margin [19]. These figures are somewhat higher than those of
Kuwait, but it needs to be stressed that the herein considered area, namely Kuwait territorial water, has
a limited extension compared to the previous ones (i.e., the Aegean Sea or the Gulf of Mexico). Indeed,
the territorial marine waters of Kuwait are characterized by shallow depths, reaching a maximum
depth of about 30 m, so most of the deep-water benthic foraminifera are absent. Despite this, Kuwait
waters offer a variety of different environments and sub-environments, including the relatively low
salinity/muddy areas in the northern part, the embayment (Kuwait Bay), the rocky tidal flats in the
southern part, the coral reef systems, the islands and the shelf slope that all together host a larger
diversified biota (i.e., benthic foraminifera, macrofauna, zooplankton and phytoplankton).
The Arabian Gulf, the hottest marine environment on Earth, has been recently suggested as a
model for the 2100 climate change [2], by which understanding the potential biodiversity loss triggered
by the climate changes. Moreover, a differential warming within the Gulf with a more severe SST
increase in the northernmost part of the Gulf, including Kuwait, was predicted [4]. These changes
concurrently occur with a rapid development and antropogenization of coastal environments that
ultimately lead to a deterioration of natural habitats. In light of it, the assessment of the diversity, as
well as the understanding of its spatial and temporal changes, is a prerequisite and represents the
baseline information for the implementation of natural conservation plans and species protection.
On the basis of the present data, we also revealed that some species, such as Amphistegina lessonii,
have only been recently reported in Kuwait [28,58]. Amphisteginids have been reported to extend
their geographical distribution in response to increased SST [76,77]. The first record of A. lessonii
was found in two stations (15 at 14.6 m water depth and 33 at 22 m water depth), collected in 2000,
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around the unique island of Umm al Maradim that represents the largest and southernmost coral
island in Kuwait [28]. Later on, it was documented in an offshore carbonate ramp near Qaro cay in
one station (K039 at 10.5 m water depth) collected during an extensive offshore Southern Kuwait
sampling campaign in October–December 2001 and in June 2002 [58,78]. Both of these localities,
Umm al Maradim Island and Qaro cay are located in the southernmost part of Kuwait, away from
the influence of Shatt al-Arab Delta discharge. In fact, Amphistegina is an algal symbiont-bearing
large foraminiferal genus thriving in warm, clear, nutrient-poor, shallow environments [76,79], and its
distribution within Kuwait waters is likely influenced by the plume generated by the Shatt al-Arab
river in the northern area. This plume is deflected by the Coriolis effect that excludes, therefore, most of
the Iranian coast [35]. Accordingly, [27] identified two species of Amphistegina, namely A. lessonii and
Amphistegina papillosa, in several samples along the Iranian coast. Larger benthic foraminifera are an
informal and polyphyletic group of calcifying foraminiferal organisms hosting symbionts (i.e., algae)
and significantly contribute to CaCO3 cycling in the ocean [80]. They live within the photic zone and in
oligotrophic warm waters. Among the larger benthic foraminifera, only A. lessonii, Assilina/Operculina
ammonoides, Assilina/Operculina complanata, Heterostegina depressa, Coscinospira hemprichii, Peneroplis
pertusus and Peneroplis planatus have been reported from Kuwait [81]. In addition to them, we here also
report Operculina gaimardi, Operculina sp., Heterostegina sp., Peneroplis arietinus, Dendritina rangi, Sorites
orbiculus and Sorites marginalis. The most frequent recognized taxa belong to the genus Peneroplis,
namely P. arietinus, P. planatus and P. pertusus, and O. complanata, followed by O. ammonoides, O. gaimardi,
S. marginalis, and S. orbiculus. Most of these taxa are mainly documented in the southern islands (i.e.,
Umm Al-Maradim, Qaruh and Kubbar Islands) and the southern coast (Al-Khiran, Khor Iskander
and Ras Al-Zour) but are basically scattered around the northern islands (i.e., Failaka Island, Bubiyan
Island and the Shatt al-Arab area) or mostly absent within the Kuwait Bay (Supplementary Table S1).
The most abundant wall type, calculated based on the number of the identified species out of
the γ diversity, is porcelaneous (48.5%), followed by hyaline wall type (42.6%) and only a minor
percentage (8.9%) is represented by agglutinated species. The least diversified orders, in terms of
genera, are Vaginulinida (one genus), Robertinida (one genus) and Spirillinida (two genera), followed
by Lituolida (six genera), Lagenida (six genera) and Textulariida (eight genera). On the other hand,
the highest generic diversification is found in the Order Rotaliida, represented by 66 genera, and
in the Order Miliolida, including by 54 genera. The most diversified genera within Textulariida is
Textularia, accounting for 18 species. On the other hand, Quinqueloculina, Triloculina and Spiroloculina
are represented by 58, 24 and 18 species, respectively. Rotaliida are mainly denoted by Elphidium
(13 species) and Ammonia (13 species).
When considering the βw diversity index comparing different environments, the highest benthic
foraminiferal dissimilarity is identified between the tidal flat and both the northern islands and the
southern coast. This might be explained by the different environmental and sedimentological features
characterizing the areas. In fact, tidal flats are mostly located in the southern coastal province between
the coastal area of Kuwait City and the southern borders with Saudi Arabia and are characterized by
relatively thick cover of sand and bounded landward by several oolitic ridges and inland sabkha flats.
On the other hand, the submerged estuarine area in the northern part of Kuwait, including the six
northern offshore islands (Warba, Bubiyan, Miskan, Failaka, Auha and Umm Al-Namil), represents an
extensive mudflat covered by a mixture of fine sand, silt and clay. This area is strongly influenced by
the Shatt al-Arab river plume that affects the sedimentary influx in this area and, in turn, the thickness
of the photic zone. The shelf slope is located in the central to southern part of the Kuwait coast,
and according to [7], it represents a separated physiographic region mostly characterized by rocky
substrates. The highest benthic foraminiferal similarity is instead documented between the southern
coast and the southern islands, likely due to similar substrate (i.e., less affected by the Shatt al-Arab
river plume) and more oligotrophic conditions. Three islands, namely Kubbar, Qaruh and Umm
Al-Maradim are characterized by coral reef colonies in the subtidal zones that, in terms of substrate,
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are more similar to the southern coast than to the other physiographic areas, and this might explain the
comparable benthic foraminiferal diversity.
7. Conclusions
The implementation of natural conservation plans requires an accurate knowledge of the ecosystem,
biodiversity and ecosystem services. In light of the current climatic changes at the global scale, and
anthropic pressure at a local one, the documentation of the diversity becomes more and more important
for species and environmental protection. The Arabian Gulf is known for its unique oceanographical
conditions and endemic biota adapted to extreme conditions. In the northwestern part of the Gulf
lies Kuwait, which hosts an important part of biodiversity and is also a nursery ground for a number
of species. Several previous investigations have documented high diversity of zooplankton and
phytoplankton species thriving within the Kuwait territorial waters, but very limited information
exists on the overall diversity of benthic foraminifera. On the basis of the integration of publications,
reports and theses with new available data, it has been possible to infer the total benthic foraminiferal
diversity within Kuwait territorial waters. This new literature survey documents the presence of
451 species belonging to 156 genera, 64 families, 31 superfamilies and 9 orders. These values are
relatively high in consideration of the limited extension and the shallow depth of the Kuwait territorial
waters. However, these figures are herein considered as underestimated because of the grouping of
unassigned species due to the lack of reference collection and materials, as well as the neglection of the
soft-shell monothalamids (‘allogromiids’).
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